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Abstract
This thesis describes some experiments developed to probe the fundamental aspects of the
interfacial behaviour of proteins. The contents of this thesis can be broadly divided into two
parts.
In the first part, we studied how the size of the nanoparticles and other variables such as pH
and bulk protein concentration affect the structure of the adsorbed protein layers. We also probed
how these factors can influence the binding activity of adsorbed proteins. Study on the
adsorption of IgG, Protein A and streptavidin on gold nanoparticles reveals that not all proteins
are similarly affected by the size of the adsorbing surface. We found that though the optical
properties of all the proteins vary with the size of the nanoparticle, their functionalities are not
similarly affected by nanoparticle curvature. Protein A and streptavidin retain their binding
capacity to IgG and biotin, respectively, irrespective of the size of the gold nanoparticle that they
are attached to. On the other hand, a reduction/ loss in binding of adsorbed IgG to Protein A
molecules is observed. The reduction in biological activity further depends on the radius of
curvature of the adsorbing surface.
The second part of the thesis describes how nanoparticles can used as a probe to study the
complex interfacial behaviour of proteins. We have utilized the extreme sensitivity of localized
surface plasmon resonance (LSPR) of gold nanoparticles to local refractive index to determine
the optical properties of BSA adsorbed on various polymer surfaces. The dielectric properties of
the adsorbed protein depend on the nature of the substrate. Further, we have developed a model
to determine the refractive index profile of adsorbed protein as a function of the distance from
the substrate.
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CHAPTER 1
INTRODUCTION
1.1 Introduction to nanoparticles
Nanoparticles are defined as particles with one or more dimensions of the order of 1-100 nm.
Nanoparticles evoke high scientific interest because they bridge the gap between bulk matter and
the structural units - atoms and molecules [1]. As the size of the system decreases, many physical
properties such as electrical, optical and mechanical properties may be altered as compared to
those of macroscopic systems. Physical properties exhibited by a bulk material do not depend on
its size but in the nanosized particles size-dependent properties are often observed. As the size
of the particle decreases, the ratio of surface area to volume of the particle increases. As a
consequence, the behavior of the particle is increasingly governed by the atoms at the surface of
the particle at the expense of those in the interior. Surface plasmon Resonance (LSPR) in
metallic nanoparticles, super paramagnetism in magnetic materials and quantum confinement in
semiconductor particles are typical examples of size-dependent properties. As the size of the
nanoparticle approaches the de Broglie wavelength of its charge carriers (electrons and holes),
typically 1-5 nm depending on the material [2], the exciton (electron hole pair) is confined by the
boundary of the particle. As a result, the energy levels available to the charge carriers are no
longer continuous, but are rather split into discrete quantized energy levels. The spacing of
electronic energy levels increases with decrease in the size of the particle. Therefore smaller
nanoparticles emit shorter wavelength as compared to bigger nanoparticles.
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1.1.1 History
Nanoparticles are not a wonder of modern technology but have been known to man for centuries.
They have been used in various diverse fields ranging from pigments to paints, medicine,
photography, agriculture. [3]. Lycurgus cup, one of the oldest artifacts containing nanoparticles,
dates back to 4th century [4]. The opaque green cup appears red in transmitted light due to the
presence of gold and silver nanoparticles. Copper and silver pigments were used by artisans in
8th and 9th century on clear glass objects to generate a glittering effect [5]. Luster decorations
were also applied on glazed pottery [6]. Luster originated from a thin film containing copper and
silver nanoparticles with diameters ranging 5-50 nm, which was applied on the surface of the
glazing. To generate the nanoparticles the artisans applied a mixture of copper and silver salts,
oxides, ochre, vinegar and clay on the surface of previously glazed pottery. Heating these objects
in a kiln caused the reduction of metal ions to metallic copper and silver.
The first samples of colloidal gold in scientific literature were reported by Michael Faraday
in 1857 [7]. One of his original gold colloid samples is still on display at the British Museum in
London. He believed that colloidal gold solution appeared red due to the presence of extremely
small gold particles which interacted with light differently as compared to metallic gold.
In 1959, Richard Feyman predicted [8] that the properties of these small particles would not
only be different from those of bulk matter but would also depend on the size, shape and the
distance between the particles in his famous talk titled “There is plenty of room at the bottom”.
He said that atoms on that scale would not behave like those on large scale, for they would obey
the laws of quantum mechanics. He predicted the existence of electron beam lithography,
2

scanning tunneling microscope and building of small circuits on nanoscale for powerful
computers. Gustav Mie [9] explained that the colour of the gold colloid suspension depended
upon the size of the particles. Kawabata and Kubo [10] explained quantum confinement in small
particles in 1966. They explained that in small nanoparticles the electronic states are quantized
into discrete levels and the oscillations are damped due to transitions between these quantized
electronic states. This causes a broadening of the plasmon peak with decrease in the nanoparticle
size.
In 1974 Martin Fleishman and coworkers [11] observed an enhanced Raman scattering
signal from pyridine molecules adsorbed on roughened silver surface. Although they were the
first group to actually observe a large scattering signal from adsorbed molecules, they did not
attribute it to SERS. They concluded that the high concentration of adsorbed molecules resulted
in the large signal.

In 1977 two independent groups gave explanation for the signal

enhancement. Van Duyne‟s group explained the results on the basis of charge transfer effect
[12], while Albrecht and Creighton [13] proposed that enhanced electromagnetic field was
responsible for that signal enhancement.
In 1981, the scanning tunneling microscope (STM) was invented by Gerd Binning and
Heinrich Rohrer (IBM Zurich) [14]. They were awarded Nobel Prize for this invention in 1986.
STM made it possible to image individual atoms within a material not only in ultra high vacuum
but even in air and liquids over a wide range of temperatures. Synthesis of single-walled carbon
nanotubes (SWCNT) was first reported in 1993 by two independent groups, Ilijima and Ishihashi
of NEC [15] and Bethune et. al. from IBM, California [16]. Semiconductor nanocrystals,
quantum dots, were discovered by Brus at the Bell labs in 1983 [17].

3

1.1.2 Nanoparticle Synthesis
Methods for synthesis of nanoparticles can be divided into two categories: “bottom up” or
“top down” techniques. The top-down method involves breaking down of the bulk material into
smaller portions. This can be achieved by lithography [18] and mechanical techniques such as
milling and attrition [19]. The bottom up technique involves nanoparticle fabrication from
constituent atoms or molecules. Some examples of this approach are chemical synthesis [20],
laser induced assembly [21], nanoparticle aggregation [22]. Top-down approach is used for mass
production on industrial scale. However, to produce extremely small structures bottom up
approach is better. Nanostructures can be generated using both approaches either in gas, liquid or
solid states. Whatever technique may be chosen for nanoparticle synthesis control over particle
size, shape, size distribution, composition and particle aggregation is extremely important.

1.1.3 Applications of Nanoparticles
Nanoparticles are being increasingly used in varied fields in science and engineering.
Nanomaterials hold tremendous potential to not only improve existing medical diagnostic
techniques but also provide novel means to treat human ailments. Magnetic nanoparticles have
been used as contrast agents for magnetic resonance imaging [23]. Metallic and semiconductor
nanoparticles have been used for cell labeling [24, 25], tracking cell migration [26], flow
cytometry [27], fluorescence in situ hybridization [28], whole animal contrast agents [29],
pathogenic detection [30], genomic and proteomic detection [31], fluorescence resonance energy
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transfer (FRET) sensors [32], high throughput screening of biomolecules [33], specific DNA
sequence detection [34] and photothermal therapy [35].
Silica nanoparticles have been utilized to create anti-reflective coatings for different
materials [36]. By attaching nanoparticles to mesoporous materials, highly active and effective
catalysts for a series of hydrogenation reactions have been generated. Due to the small size and
low coordination numbers of the metal atoms involved, enhanced catalytic activity is exhibited
by these systems [37].
Due to their high UV absorbance titanium dioxide and zinc oxide nanoparticles have also
been used in sunscreens. Antibacterial properties of silver nanoparticles have led to their
increased use in household items like refrigerator, air conditioners and washing machines.
Nowadays, silver nanoparticles are being used in a wide variety of materials like toys, baby
pacifiers, clothing, food storage containers, laundry detergents, face masks etc. [38].

1.2 Proteins
Proteins are natural polymer molecules. Proteins are a fundamental components of all human
and animal cells. They perform various functions in the body such as reaction catalysis
(enzymes), cell signaling, storage and transport of molecules such as oxygen, building and
repairing body tissues, providing mechanical support, immune protection, generating movement
and controlling cell growth. Thus, proteins are a very important class of biomolecules.
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1.2.1 History
The term protein originated more than 170 years ago from the Latin word primarius or the
Greek god Proteus [45]. Dutch chemist, Johannes Mulder gave the first description of proteins
in 1839 when he studied the chemical composition of animal substances, mainly fibrin, albumin
and gelatin. The elemental analysis of all these substances showed the presence of carbon,
hydrogen, oxygen and nitrogen. In some cases he also discovered the presence of sulphur and
phosphorus. He was the first to recognize that proteins were made up of large number of atoms.
The term protein was coined in 1838 by his associate Jons Jakob Berzelius [46]. Circa 1873
Heinrich Hasiwetz and Josef Habermann found that hydrolysis of casein resulted in amino acids
such as glutamic acid, aspartic acid, leucin, tyrosine, and ammonia. Thus, they discovered that
proteins were composed of smaller units (called amino acids). Franz Hofmeister found that
proteins were polypeptides in which individual amino acids were joined together through peptide
bonds [45]. Urease was the first enzyme to be crystallized in 1926 [47]. In 1951, Linus Pauling
predicted the secondary structure of proteins based on hydrogen bonding [48]. Study on the
denaturation of ribonuclease by Kalman [49] and later some denaturation studies by Walter
Kauzmann [50] established the role of various interactions - hydrophobic, electrostatic, Van der
Waal‟s, hydrogen bonding in protein folding. Fredrick Sanger determined the complete sequence
of amino acids of the protein, insulin. He concluded that the two polypeptide chains of insulin
had a distinct sequence and thus concluded that every protein should have a definite sequence. In
1958 he was awarded Nobel Prize in Chemistry for this achievement. In 1958, the threedimensional structures of two proteins, myoglobin and hemoglobin, were determined by Sir John
Cowdery Kendrew [51] and Max Perutz [52], respectively, using X-ray diffraction analysis.
They were awarded Nobel Prize in Chemistry in 1962 for their discoveries. Since then, there
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have been major advancements in various fields in molecular biology that have increased our
understanding of proteins.

1.2.2 The Structure of Protein
Proteins are linear polymers composed of amino acid residues. Proteins can be defined by
four different levels of hierarchical structures - primary, secondary, tertiary and quaternary
(shown in figure 1.1).

Figure 1.1 4 levels of protein structure (image taken from ref. 53)

1.2.2.1 Primary structure
Primary structure of a protein refers to the linear sequence of amino acids constituting the
protein. Primary structure is formed by covalent bonds. Each protein has a unique sequence of
amino acids that is determined by the genetic code and all higher hierarchical structures depend
on the primary structure. All proteins are composed of 20 standard amino acids (listed in table
7

1.1). Not all amino acids occur with the same frequency in proteins. Alanine, glycine and leucine
occur most frequently (7- 9%) whereas cysteine and tryptophan occur more rarely (~ 2%).
The general formula for an amino acid is shown below (figure 1.2). The central α carbon atom
is attached to an amine group (NH2), carboxyl group (COOH), a hydrogen atom (H) and a side
chain group (R) which varies from one amino acid to another. The side chain R group is
responsible for the different properties of individual amino acids. The charged amino and
carboxyl groups present in the amino acids are responsible for their large dipole moment, high
electrical conductivity and water solubility.

Figure 1.2 General structure of amino acid
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Amino acids

Short

code

Polarity

form

Mass

Formula

(g/mol)

Alanine

Ala

A

NP

71.09

CH3-CH(NH2)-COOH

Arginine

Arg

R

P

156.19

H2N-C(=NH)-NH-[CH2]3-CH(NH2)COOH

Asparagine

Asn

N

P

114.11

H2N-CO-CH2-CH(NH2)-COOH

Aspartic acid

Asp

D

P

115.09

HOOC-CH2-CH(NH2)-COOH

Cysteine

Cys

C

NP

103.15

HS-CH2-CH(NH2)-COOH

Glutamine

Gln

Q

P

128.12

H2N-CO-[CH2]2-CH(NH2)-COOH

Glutamic acid Glu

E

P

129.12

HOOC-[CH2]2-CH(NH2)-COOH

Glycine

Gly

G

NP

57.05

H-CH(NH2)-COOH

Histidine

His

H

P

137.14

CH2-CH(NH2)-COOH
HN

N

Isoleucine

Ile

I

NP

113.16

C2H5-CH(CH3) -CH(NH2)-COOH

Leucine

Leu

L

NP

113.16

(CH3)CH-CH2-CH(NH2)-COOH

Lysine

Lys

K

P

128.17

H2N-[CH2]4-CH(NH2)-COOH

Methionine

Met

M

NP

131.19

CH3-S-[CH2]2-CH(NH2)-COOH

Phenylalanine Phe

F

NP

147.18

C6H5-CH2-CH(NH2)-COOH

Proline

P

NP

97.12

Pro

N
H
Serine

Ser

S

P

87.08
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COOH

HO-CH2-CH(NH2)-COOH

Threonine

Thr

T

P

101.11

CH3-CH(OH)-CH(NH2)-COOH

Tryptophan

Trp

W

NP

186.21

NH

CH2-CH(NH2)-COOH
Tyrosine

Tyr

Y

P

163.18
HO

Valine

Val

V

NP

99.14

CH2-CH(NH2)-COOH

(CH3)2CH-CH(NH2)-COOH

Table 1.1 List of major amino acids and their properties (P – Polar, NP- non polar)

Except for glycine all other amino acids have a chiral α-Carbon atom and can therefore exist as
either of the two optical isomers - L or D (shown in fig. 1.3). All amino acids that occur in
natural proteins have L form. Amino acid residues can be divided into three categories
depending on the nature of the side chain. The first category contains hydrophobic groups in the
side chain. Alanine, cysteine, valine, leucine, isoleucine, phenylalanine, proline and methionine
belong to this group. The second group contains the four charged residues. Out of these aspartic
acid and glutamic acid are negatively charged whereas lysine and arginine are positively
charged. The charged groups mainly occur at the surface of the molecule. The third group
comprises amino acids with polar side chains - serine, threonine, asparagine, glutamine,
histidine, tyrosine and tryptophan. These polar groups are generally responsible for hydrogen
bond formation. Glycine is the smallest of the amino acids as it has only a single hydrogen atom
in its side chain. Since glycine does not have any bulky side chain groups it increases the
flexibility of the main chain and can adopt unusual dihedral angles. Phenylalanine, tyrosine and
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tryptophan have aromatic side groups and can therefore absorb ultraviolet light and are generally
used for intrinsic protein fluorescence measurements.

Fig.1.3 D and L stereo-isomers of amino acid

Amino acids are joined together by peptide bonds which are formed as a result of
condensation reaction, i.e., when amino group of one molecule reacts with carboxyl group of
second molecule to form a dipeptide by releasing water molecule. Further addition of more
amino acid groups leads to the formation of polypeptides. The composition of the backbone is
the same in every protein but it can differ in the number of residues. Due to the formation of the
peptide bond, C-N bond acquires a partial double bond character (figure. 1.4). This partial double
bond restricts motion about this bond. As a result all these atoms are confined in a plane. Due to
this two isomers are possible - cis and trans. Trans configuration is preferred because it
minimizes the steric repulsion between Cα atoms. For most peptide bonds, the cis form is 1000
times less stable than trans configuration. However, if the second residue is Proline, the cis is
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only 4 times less stable than trans form. Although proline residues still occur mostly in trans
form, some cis-prolines are found in tight bends of the polypeptide chains. The conformation of
the main chain is governed by the two conformational angles φ and ψ (shown in figure 1.4).
These angles can have only certain values due to steric hindrance between the backbone atoms
and side-chain atoms.

Figure 1.4 Planar peptide bonds due to partial double bond (shaded area) and rotating bonds (φ
and ψ) [54]

1.2.2.2 Secondary structure

Secondary structure refers to local folding of the polypeptide chain. Three basic units of
secondary structure are α-helix, β- sheets and random coils. Other secondary structure units are
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an α-sheet, γ-helix, left-handed α-helix, 310-helix, π-helix, 27 ribbon, and polyproline helix.
Spectroscopic techniques such as circular dichorism, FTIR and nuclear magnetic resonance are
employed to detect the secondary structure of proteins.
α-helix has 3.6 residues per turn with hydrogen bonds between C=O group of nth residue and
NH group of n+4th residue. Therefore, all C and N atoms in the helix are involved in hydrogen
bonds except for the terminal C and N atoms. As a result, these polar terminal atoms usually
occur at the surface of protein. An alpha helix can contain anywhere between 4 or 5 residues to
over forty residues. Since all hydrogen bonds in a helix are aligned in the same direction, the
dipole moments are also aligned. As a result, helices have a net dipole moment of magnitude 0.50.7 D with a partial positive charge at amino end and the negative charge at the C terminal. Some
amino acids like Ala, Glu, Leu and Met have a weak preference for helices. On the other hand
Pro, Gly, Tyr and Ser occur seldom in helices.
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Figure 1.6 Alpha helix (image taken from ref. 55)

Variations of α-helix such as π-helix and 310- helix also exist. In π-helix hydrogen bonds exist
between nth and n +5th residue whereas in 310 helix hydrogen bonds occur between n and n + 3th
residue. These helices are energetically unfavorable because the residues are either too loosely
packed or too tightly packed. These helices usually occur at the end of α-helices.
β-strands have a more extended conformation as compared to α-helices. A single β-strand is
not stable because there are not enough stabilizing interactions. When two or more β-strands
interact to form hydrogen bonds, it can lead to the formation of very stable structures called βsheets. β-sheets are formed from different regions of polypeptide as compared to α-helices which
are formed from a continuous region of the polypeptide.
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Figure 1.7 Beta sheet structure (image taken from ref. 56)

β-sheets can be both parallel and anti-parallel. In a parallel sheet all the β-strands are aligned in
the same direction from N to C terminal. If adjacent strands are arranged in alternating directions
then it is referred to as anti-parallel β-sheet. Hydrogen bonds are formed between C=O groups of
one strand and NH groups of the adjacent strand. Side chains lie perpendicularly above and
below the plane. Aromatic residues such as Tyr, Trp and Phe and branched amino acids, e.g.,
Thr, Val and Ile often occur in the middle of the β-sheets.
In proteins, α-helices and β-sheets are joined together by loop regions having irregular shapes.
Loop regions generally occur at the surface of protein molecules. The solvent exposed parts of
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these loops tend to contain charged and polar residues. Long loop regions are highly flexible and
can adopt several different conformations.
Motifs or super secondary structures are formed from a simple combination of secondary
structures, α-helices and β-sheets. Motifs can be formed from a combination of just α-helices
such as helix-turn-helix motifs, two or more β-sheets such as hairpin motif and Greek key motif
or a combination of both α-helix and β-sheet such as β-α-β motif.

1.2.2.3 Tertiary structure
Tertiary structure of protein refers to the compact three-dimensional structure of the protein.
Domains are the structural units of protein tertiary structure. A domain is a part of the
polypeptide chain that can independently fold to form a three-dimensional structure. Large
proteins that contain more than 150 amino acid residues are often made of more than one
domain. Domains of protein can have different tertiary structures and hence different functions.
There are three main classes of domains - those containing only α helices, those containing β
sheets, and others containing both α and β units. X-ray crystallography and NMR techniques are
employed to obtain information about the three-dimensional structure of protein. Although X-ray
crystallography can provide high resolution data, it cannot provide time-dependent information
on the protein's conformational flexibility. NMR provides somewhat lower-resolution data and is
limited to relatively small proteins, but it can provide information about both structure and
dynamics of proteins. A domain with a particular structure and function may be part of the
structure of several otherwise distinct proteins. Tertiary structure is mainly responsible for the
function of the protein. Proteins having relatively different primary structure can still exhibit the
same biological function if they have similar tertiary structure. Loop regions in a protein often
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carry functional groups responsible for binding and enzymatic activity, e.g., antigen binding sites
in immunoglobulins are made up of six loop regions. These loop regions in various antibodies
differ both in the number and type of amino acid residues. Tertiary structure is not necessarily
rigid and may change according to its surroundings. For example, the active site of an enzyme
may have a specific shape under certain conditions that allows it to bind to the substrate (or
ligand) prior to reaction catalysis. A conformational change during catalysis resulting in a change
in the active site shape allows the reaction product to be released. Conditions such as high
temperatures, or certain chemicals, can cause a protein to lose its tertiary structure and, thus, its
function.
A number of interactions are responsible for the folding of proteins into compact threedimensional structures and perform their biological functions. Tertiary structure is stabilized by
disulphide bridges, hydrophobic interactions, electrostatic interactions, hydrogen bonding and
van der Waals interactions.
Disulphide bridges are covalent bonds formed between two cysteine residues. Disulphide
bonds cannot be formed between two consecutive cysteine residues. Usually, cysteine residues
are separated by five or more residues in the amino acid sequence of a protein. Since these are
covalent bonds they stabilize the protein structure. High temperatures, low pH and chemical
reducing agents can break disulphide bonds.
Hydrogen bonds are formed between an electronegative donor atom and an acceptor atom.
Hydrogen bonds between the main chain NH and CO groups stabilize the secondary structure of
proteins. In addition to these hydrogen bonds between main chain atoms, other such bonds can
also form between the main chain and the side chain atoms or between just side chain atoms.
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Amino acids like tyrosine, serine, threonine, glutamine, asparagine, histidine, aspartic acid,
glutamic acid, lysine and arginine are involved in hydrogen bond formation. Atoms in the side
chain can also form hydrogen bonds with water molecules trapped inside the proteins.
Sometimes, bifurcated hydrogen bonds, i.e., bonds between two donors and one acceptor, also
occur.
Electrostatic interactions occur between oppositely charged residues in the side chain and the
terminal amino and carboxyl groups of the main chain. Amino acids involved in these
interactions are the positively charged lysine, arginine and histidine with the negatively charged
aspartate and glutamate. The potential (V) between two charged groups (q1 and q2) can be
described by Coulomb‟s law.

These charge-charge interactions do not contribute much to the overall stability of proteins.
Charged groups are usually present on the surface of proteins where they interact with water.
Hydrogen bonding in α-helices induces a net negative charge on the C-terminal and a net
positive charge on the N-terminal. As a result, positively charged residues more often occur at
the carboxyl end and negatively charged residues occur at the amino end to neutralize the overall
charge. Salt bridges also contribute to the stability of proteins. Salt bridges are strong hydrogen
bonds formed between two oppositely charged species. In proteins salt bridges are formed
between the negatively charged COO- group of aspartic or glutamic acid and the positively
charged ammonium group of lysine and guanidinium group of arginine. The distance between
the charged residues should be less than 0.4 nm for salt bridges to be formed.
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Hydrophobic interactions play an important role in the stability of the native state of a protein.
Water is a poor solvent for non-polar compounds since they cannot form hydrogen bonds with
water molecules. As a result, non-polar molecules tend to form aggregates when dissolved in
water. There are many non-polar side-chains of proteins. These hydrophobic side chains avoid
contact with water and approach other non-polar groups. This causes the polypeptide chain to
collapse and form the hydrophobic core. This is especially evident for membrane proteins where
the hydrophobic side chains are in contact with the membrane whereas more polar groups are
present at the water interface.
Van der Waals interactions also play an important role in protein stability. Van der Waals
interactions are attractive interactions and include interactions between permanent dipoles,
permanent and induced dipoles and between induced dipoles. The interaction between permanent
dipoles depends on relative orientation of the two dipoles and should average to zero for a freely
rotating dipole. Most molecules are not free to rotate in every direction and thus have a preferred
orientation. Thus, a net force exists between two permanent dipoles. This force is temperature
dependent. The interaction between permanent and induced dipole does not depend on
temperature. Also, a temporary dipole can induce a complementary dipole in the neighboring
molecule. This results in a net attraction between the temporary and induced dipole. These
dipoles are continuously shifting and depend on the polarizability of a molecule. At very small
separation distances atoms repel each other due to overlap of electron clouds. The repulsive
contribution dominates at small distances but drop as distance increases.
Although van der Waals forces are weak in nature, the net interaction is quite large due to the
large number of residues present close to each other in a protein. Thus, van der Waals forces
contribute significantly to the stabilization of protein structure.
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1.2.2.4 Quaternary structure
If a protein contains more than one polypeptide then the global fold of all the chains together
is referred to as quaternary structure. A multi-subunit protein may be composed of two or more
identical polypeptides, or it may include different polypeptides. The quaternary structure is also
stabilized by non covalent interactions. As an example the quaternary structure of
immunoglobulin G (IgG) is shown in figure 1.8. IgG is composed of 4 polypeptide chains - two
heavy chains and two light chains.

Figure 1.8 Quaternary structure of IgG. Two heavy chains are shown in red and two light chains
are shown in yellow. (Figure is taken from ref. 57)

1.2.3 Protein folding and native state
The most typical conformation of a protein in its cellular environment is generally referred to as
the native state or native conformation. According to Levinthal paradox [58], a protein does not
sample all possible conformations; rather it folds through a series of meta-stable intermediate
states. Molten globule is one such intermediate state which has native-like secondary structure,
but lacks native three-dimensional tertiary structure. Folding of a protein to the native state can
proceed through any of the large number of pathways and intermediates, rather than being
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restricted to a single mechanism [59].

It is usually believed that the native state is

thermodynamically the most stable state [60]. Some studies have suggested that the
conformation assumed by the protein may not be the one with absolute lowest free energy. It
may rather represent the lowest free energy state that is kinetically available to the protein. The
native conformation could actually have higher free energy than some other states. However,
these conformations might be unavailable to the protein due to large energy barriers. Whichever
of these hypotheses is accepted, it can be concluded that protein will spontaneously assume the
conformation with the lowest free energy in any given environment and under normal
circumstances this conformation will be the native conformation.

The three-dimensional structure of the proteins is mainly stabilized by non-covalent
interactions. It has been found that native state of a protein is only marginally stable. Protein
conformation is affected by high temperature, acidic or alkaline pH, radiation and chemicals. A
change in protein conformation from the native state is referred to as denaturation of protein. The
difference in the free energy of a protein between folded and unfolded state is typically between
20 and 80 kJ/mol. A fully denatured protein lacks both tertiary and secondary structure, and
exists as a random coil. The unfolded state retains the primary structure, i.e., peptide bonds
linking the individual amino acid are still intact. Under certain conditions some proteins can
refold; however, in many cases denaturation is irreversible.
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CHAPTER 2

Protein adsorption onto solid surfaces
Proteins are highly surface active. Exposure of protein solutions to solid surface results in
adsorption of proteins on interfaces. Protein adsorption to a surface is complex phenomenon.
Adsorption of a homopolymer to a surface is driven mainly by enthalpic effects. Protein
adsorption on the other hand, includes both enthalpic and entropic considerations. Protein
adsorption on a surface will occur if there is a decrease in Gibbs free energy (G) of the system
[61].

where H, T and S are enthalpy, absolute temperature and entropy respectively. A single protein
molecule may contain a large number of amino acid residues. Therefore, a small lowering of free
energy for every residue lowers the free energy of the whole protein. Protein adsorption is a
result of protein-protein interactions and protein-surface interactions. Solvent molecules
(generally water) and other solutes such as low molecular weight ions also play an important role
in adsorption process. Enthalpic interactions include van der Waal‟s forces, hydrogen bond
forces and electrostatic interactions between oppositely charged surfaces and proteins or protein
domains. Hydrophobic effects and internal packing restrictions contribute to entropic effects.
Adsorption of proteins also involves release of solvation water/counter ions. In their native
globular states, often proteins have a very compact structure. Their free volumes,
compressibilities and conformational freedom are comparable to those of glasses [61]. As a
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result, proteins have low entropies. Adsorption of protein molecules on a surface can lead to
structural changes in the adsorbed protein, thereby increasing their entropy. All these factors are
discussed in detail in the following sections. Further, adsorption can lead to changes in the
functionality of the adsorbed protein. In this chapter, we briefly review some interesting findings
on protein adsorption to surfaces.

2.1 Experimental Methods for Studying Protein-Surface
Interactions

Many techniques are commonly employed to study protein adsorption. Some techniques are
suitable for studying the adsorption process while others give information about the adsorbed
layer. The amount of proteins adsorbed at an interface is of the order of several milligrams per
square meter. Hence, the measurement of the adsorbed amount requires high precision.
Depletion methods are often used to measure the adsorbed amounts. This method is based on
determining the decrease in the concentration of protein solution after exposure to the surface
[62-64]. However, these techniques require a large surface area to get accurate results [65].
Commonly employed substrates for this technique are latex beads and other small particles.
Labeling of proteins with radioisotope such as
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I or fluorescent molecules, e.g., fluorescein

isothiocyanate (FITC), is commonly used to study protein adsorption [66-68]. These techniques
can provide information about the adsorbed amount. With radiolabelling, there are no restrictions
on the kind and the amount of the adsorbate. These labeling techniques can also be employed to
study competitive adsorption from a multi-component protein solution [69, 70]. The fluorescence
technique has been used to provide information about the structure of the adsorbed protein layer
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[71]. However, labeling can affect the stability/structure of the protein and can hence influence
the adsorption behaviour [72, 73]. The Quartz crystal microbalance (QCM) technique based on
the change in the oscillating frequency of a piezoelectric crystal due to addition or removal of a
small mass is often used for studying protein adsorption/desorption. QCM technique does not
require protein labeling. It is a very fast technique and provides high sensitivity (ng/cm2) [74]. In
addition to the adsorbed amounts, this technique can provide information regarding the
adsorption kinetics. It has been employed to study protein adsorption on various metallic and
polymer surfaces [75-77].
Optical techniques, reflectometry and ellipsometry are routinely used to study protein
adsorption on flat substrates [78, 79]. Ellipsometry is an optical technique that measures the
changes in the polarization state of a beam upon reflection. These changes are modeled in terms
of thickness and refractive index of the adsorbed protein layer. These parameters can provide
information regarding the amount of the adsorbed protein and the structure of the protein layer
[80]. Ellipsometry has also been used to study the binding between two proteins [81]. Neutron
and X-ray reflectivity are relatively new techniques for studying physical parameters of adsorbed
protein layers. These techniques provide information about thickness of the adsorbed layers.
Neutron and X-ray reflectivity have been used to study albumin and β-casein adsorption on self
assembled monolayers [82-84].
Protein adsorption on surfaces is also characterized by several techniques based on surface
evanescent waves. If there are two transparent media with different refractive indices and light is
incident on the interface at an angle greater than critical angle from the medium with higher
refractive index, the light is totally reflected. The electric field is non zero in the medium with
higher refractive index. Since the electric field cannot be discontinuous at the boundary, it
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penetrates into the medium of lower refractive index and decays exponentially in that medium.
Evanescent waves are generated on the surface. These waves propagate along the surface.
Evanescent field can be used to excite other spectroscopic phenomenon. Total internal reflection
fluorescence (TIRF) is one such technique in which fluorescence of the adsorbed species is
excited by the evanescent field [85]. Tryptophan or tyrosine residues present in the adsorbed
protein can be excited to give fluorescence spectra of the adsorbed species. Intrinsic fluorescence
does not require any labeling and hence does not alter structure/ stability of protein molecules. It
can be compared with the fluorescence of the protein in solution. It also has certain
disadvantages. Some protein molecules show weak fluorescence due to low quantum yield, or
may have few tryptophan residues or proteins may not be photostable [86].

Extrinsic

fluorescence in protein molecules by labeling with a fluorescent dye can also be excited. The
TIRF technique can provide information about competitive adsorption, conformational changes
at the interface and the surface diffusion of the adsorbed protein molecules [87, 88].
Surface plasmon resonance (SPR) based biosensors utilize excitation of surface plasmons by
the evanescent field generated on the metal/dielectric surface.

Surface plasmon resonance

(SPR) biosensor technique measures molecular binding events at a metal surface by detecting
changes in the local refractive index. Since this method is based on measuring refractive index
change, it requires no labeling. The depth probed at the metal-aqueous interface is typically
200 nm [89], making SPR a surface-sensitive technique ideal for studying interactions between
immobilized biomolecules and a solution-phase analyte. SPR has been used to investigate
protein–protein interactions [90], cellular ligation [91], protein–DNA interactions [92, 93], and
DNA hybridization [94, 95].
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Spectroscopic techniques such as infrared spectroscopy (IR), Raman spectroscopy, and
circular dichorism (CD) spectroscopy are used to detect conformational changes in adsorbed
proteins. IR spectroscopy can provide information about the secondary structure of the proteins
[96]. Attenuated total reflection infra-red spectroscopy (ATR-IR) has previously been used to
study protein adsorption from blood [97]. Protein adsorption kinetics has been studied by Fourier
transform infrared spectroscopy (FTIR) in ATR configuration [98]. One disadvantage of IR
spectroscopy is that water adsorbs strongly in this spectral region and it can dominate the
obtained spectra. The disturbing effects from water can be avoided in ATR configuration. Raman
spectroscopy can also give information about the secondary structure of proteins. However, most
proteins have small Raman scattering cross-section. To enhance Raman scattering, evanescent
wave propagation through polymer waveguides has been employed [99]. The total internal
reflection technique has also been used to enhance Raman scattering of thin BSA layer adsorbed
onto sapphire element [100]. Inducing resonance Raman scattering of proteins can also enhance
signal [101]. Surface enhanced Raman scattering (SERS) can also be used to enhance Raman
scattering of protein molecules adsorbed onto rough metallic films or metallic nanoparticles.
SERS occurs due to enhanced local fields due to excitement of surface confined plasmons [102].
Circular Dichorism (CD) spectroscopy, generally used to study structure of proteins in solution,
has also been applied to study structure of proteins adsorbed onto substrates. CD spectroscopy
measures differences in the absorption of left-handed polarized light versus right-handed
polarized light which arise due to structural asymmetry. CD spectroscopy has been used to study
the conformation of α-amylase adsorbed onto silica particles [103] and albumin on SAM
surfaces [104]. CD spectra give general information about the global secondary structure of the
protein but cannot provide information about residue specific conformational change. Nuclear
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magnetic resonance can be employed to obtain information about localized conformational
changes [105, 106].
Atomic force microscopy (AFM) has been used to study protein deposits on various surfaces
[107, 108]. AFM can image proteins on various surfaces under environmentally relevant
conditions, e.g., in buffer liquids and can provide a three dimensional image of the adsorbed
species. Tapping mode imaging has been used not only to image single protein molecules [109]
but also to monitor changes in the three dimensional structure of adsorbed lysozyme molecules
occurring during its enzymatic cleavage [110]. Even ligand-receptor forces can be measured
using AFM [111]. Surface force apparatus (SFA) can be used to measure the interactions
between adsorbed protein layers [112]. SFA can accurately determine the distance between two
interacting surfaces.
Other techniques such as microcalorimetry can probe heats of adsorption [113]. X-ray
Photoelectron spectroscopy (XPS) can determine protein amount deposited on nitrogen free
polymer surfaces [114, 115]. XPS can also be employed to characterize the surface of the
adsorbent.

2.2 Factors Influencing Protein Adsorption
The amount and the conformation of the adsorbed protein layer depends not only on the nature of
the protein and the substrate but also on experimental variables such as temperature, pH of the
solution, ionic strength etc. These factors are briefly discussed in the following sections.
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Characteristics of protein surface such as effective surface area, charge and charge
distribution, hydrophobicity and presence of any typical groups on the surface which bind
specifically to some groups in the solvent or on the adsorbing surface influence the protein
adsorption behaviour. Not only the surface properties of proteins but also the global
characteristics of protein influence its adsorption behaviour. Some of these factors are the
stability of the native structure, protein hydrophobicity and overall charge of the protein under
experimental conditions.

2.2.1 Protein-Surface and Protein-Protein Interactions
2.2.1.1 Adsorption Irreversibility
Protein adsorption isotherms generally show saturation behaviour at higher concentrations.
Therefore, Langmuir adsorption isotherm is sometimes adopted to explain the results. However,
proteins generally adsorb irreversibly on to a surface [116]. Adsorption of small molecules such
as monovalent ions onto solid surfaces is generally reversible [65]. Adsorption of random coil
polymers on the other hand is rarely reversible. Polymers are large molecules with flexible
chains. Hence they can form multiple contacts with the surface on adsorption [117]. Proteins
being polymers can also form a number of contacts with a solid surface. Adsorption isotherms of
most proteins are high affinity type. High affinity isotherms are typically found in systems where
multiple contacts with surface are formed [118]. Experimental evidence of multiple bonding
between proteins and surface was given by Morrissey and Stromberg [119]. They used IR
spectroscopy to study adsorption of blood proteins on silica surface. They found that at pH 7.4
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nearly 11% of backbone carbonyl groups in the polypeptide backbone in albumin were in contact
with the surface. At more acidic pH values (<6), nearly 18% of carbonyl groups formed contact
with the surface. For fibrinogen, almost 20% of carbonyl groups were in contact with the surface.
Simultaneous dissociation of all contacts required for proteins to desorb from the surface, is an
unlikely event. Therefore, protein adsorption is rarely reversible. Globular proteins have well
defined secondary and tertiary structures. They have a very compact form in their native state.
The polypeptide backbone has little rotational mobility. Adsorption on to a surface could lead to
structural changes in the protein molecules and hence result in increased rotational mobility.
Layer thicknesses of adsorbed protein are usually comparable to the size of the proteins in their
native state [120]. This implies that even though adsorption could lead to structural changes in
the protein, globular proteins do not completely lose their configuration.

2.2.1.2 Size of protein
As discussed in the previous section, proteins form multiple contacts with the adsorbent.
Therefore, size of protein plays an important role in the adsorption process because larger protein
molecules will have more contact points and hence be more surface active [121]. Such behaviour
is indeed observed in case of homo and copolymers where the adsorbed amount increases with
the molecular weight of the polymer [122]. Probing the effect of molecular weight in case of
proteins is more complicated than in case of polymers because proteins with different molecular
weights could also differ in stability or have different surface charges, e.g. hemoglobin with a
molecular weight of 65 kD is about 1/5 the size of fibrinogen (M.W. 330 kD), but is much more
surface active as compared to fibrinogen [119]. Hemoglobin is also more surface active than
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albumin even though they are similar in size. Some investigators have studied the effect of
protein self assembly on the adsorption behaviour. Although, self-assembly can induce some
changes in the interaction, it is useful to study similar species differing in molecular weights.
Okubo and coworkers studied the adsorption of monomers and dimers of BSA onto polymeric
microspheres over a range of protein concentrations. They found that BSA dimer adsorbs
preferentially over the monomer [123]. Similar behaviour in case of HSA adsorption has been
reported by Lensen et. al. [124]. Preferential adsorptions of higher oligomers as compared to
monomers have also been reported for lactoglobulin and insulin [125, 126].

2.2.1.3 Adsorption Behaviour of Small Peptides
Protein primary structure can also have an influence on its adsorption behaviour. It is possible
that proteins have small peptide regions which directly interact with the surface and amino acid
sequence of these regions could determine how the protein interacts with the surface. One way to
study the effect of primary structure would be to synthesize peptides with varying amino acid
sequence and compare their adsorption affinities [127, 128]. Whaley and coworkers [127]
studied the adsorption of short peptides containing 12 amino acid residues to semiconductor
surfaces and found that peptides that were rich in serine and threonine residues and also
contained asparagine and glutamine residues adsorbed with high affinity. Small differences in
amino acid sequence can influence protein/peptide interactions with a surface [129]. Read and
Burkett monitored the adsorption of small polypeptides on both positively and negatively
charged colloidal silica. Polypeptides were obtained by capping alanine with anionic aspartate on
one end and cationic arginine on the other end. Adsorption is driven by electrostatic attraction
30

which results in orienting the charged peptide segment adjacent to the substrate of opposite
charge. On adsorption α-helicity loss in the adsorbed peptide is observed on both anionic and
cationic colloidal silica, despite inverse orientations. A single protein domain can dominate the
adsorption of the protein molecule on a surface as shown in a study by Sakiyama et. al. [130] on
the adsorption of peptide fragments of β-lactoglobulin (β-Lg) upon stainless steel surfaces. The
authors found that peptides lacking acidic residues hardly adsorbed onto stainless steel surfaces.
In contrast, peptides containing acidic residues adsorbed irreversibly at pH 3. This indicates that
acidic residues play a major role in the adsorption process. The authors also found that β-Lg also
showed similar adsorption behaviour. It is possible that these acidic residue peptides occurring at
the surface of β-Lg are responsible for the adsorption of β-Lg. Thus, a small peptide region can
determine the adsorption of protein.
The state of an amino acid can also depend on the surface to which it is attached as
demonstrated by the following studies [130-132]. Liedberg et. al. [130] studied the adsorption of
glycine on hydrophilic gold surface at pH 5.7 using IR spectroscopy and X-ray photoelectron
spectroscopy. Glycine adsorbed onto the gold surface with NH3+ group close to the surface and
COO- group pointing away from the surface. However, glycine coordinates onto copper surfaces
with both nitrogen as well as the oxygen atoms [131]. Alanine also adsorbed to copper with both
oxygen and nitrogen atoms [132]. Adsorption of these amino acids also shows a pH-dependent
behaviour. Depending on the pH of the solution these residues can exist in charged or neutral
form [133, 134].
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2.2.1.4 Protein Hydrophobicity
The surface of a protein contains both hydrophobic as well as hydrophilic residues. Since
hydration of hydrophobic residues is entropically unfavourable, hydrophobic residues tend to
stick together to minimize contact with polar water molecules in aqueous solution. Adsorption
onto a non-aqueous surface leads to hydrophobic dehydration. Hence, presence of hydrophobic
residues on the surface of protein can be a driving force for protein adsorption. Hydrophobic
interaction chromatography studies have shown that surface hydrophobicity of protein influences
protein adsorption behaviour [135]. Haynes and Norde compared the adsorption behaviour of
proteins, α-Lactalbumin (αLA), lysozyme (LYS), bovine pancreas ribonuclease (RNase) and
myoglobulin (MGB); with similar size but different surface hydrophobicities [65]. The study was
conducted at the isoelectric point (i.e.p) of each protein, where the protein is electrically neutral.
The authors found that in general adsorbed amount increases with the relative surface
hydrophobicity of the protein molecule. However, plateau adsorption amount of αLA does not
agree with this trend. αLA has very low structural stability as compared to the other proteins
considered in this study. Structural rearrangements could be responsible for high adsorbed
amounts (discussed in detail later).
An alternative approach to study the effect of hydrophobicity on protein-surface interaction is
by mutating protein molecules. However, it is necessary to conduct control experiments as
variation in the structure can stabilize/destabilize proteins. Malmsten and Veide [136] adopted a
similar approach to study the effect of insertion of hydrophobic residues (AlaTrpTrpPro)n and
(AlaIleIlePro)n on the adsorption of protein ZZ. They found that these hydrophobic tags did not
change the adsorption behaviour of ZZ protein on hydrophilic surfaces. In contrast, adsorption
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increased with the insertion of these hydrophobic stretches on hydrophobic surface. Further,
extent of adsorption was found to be proportional to the length of these hydrophobic tags. These
results indicate that hydrophobic interactions are the main driving force for protein adsorption in
this system.

2.2.1.5 Electrostatic Effects
Protein adsorption on a charged surface involves overlap of the electrical double layers. There
will be attraction if protein and the surface carry opposite charge and repulsion if both have same
charge. Proteins are sometimes classified as „soft‟ and „hard‟ proteins. Soft proteins such as
BSA, HSA, IgG, αLA, β-casein, hemoglobin etc. have low internal coherence and tend to adsorb
on all surfaces even in case of electrostatic repulsion [116, 137]. The driving force in this case is
gain in conformational entropy due to structural changes on adsorption.
In contrast, hard proteins are structurally more stable and undergo limited conformational
changes on adsorption. The adsorption of such hard proteins is determined by electrostatic effect
especially on hydrophilic surfaces as shown in a study by Barroug and coworkers [138], who
studied adsorption of lysozyme (LYS), a hard protein, on hydroxyapatities and fluorapatite. They
observed that LYS adsorbed onto these substrates only when it is electrostactically attracted
towards the surface. Similar adsorption behaviour is also exhibited by other hard proteins such as
RNase on hydrophilic substrates [139]. An alternate approach to study the effect of electrostatic
interaction between proteins and solid surface is to vary the pH of the solution and thus vary the
charge on the protein. If electrostatic attraction was the main driving force then as the charge on
protein increases, the adsorbed amount should increase/decrease if there is electrostatic
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attraction/repulsion. It is generally observed that the adsorbed amount is highest close to the i.e.p
of protein [140]. This study shows that electrostatic effects are not the sole driving force in
protein adsorption. One reason for this behaviour is that that the electrostatic repulsion between
adsorbed protein molecules increases as the charge on the protein increases. Even though there is
increasing attraction between protein and surface, repulsion between adsorbed protein molecules
competes with this attractive force. Protein structural stability also varies with pH of the solution.
Proteins have the highest stability close to their i.e.p and there are structural rearrangements on
both sides of i.e.p as the charge on the molecule increases [141-143]. It is also known that
solubility of a protein molecule in water increases as the charge on the molecule increases. As
the solvency of polymers in a particular solvent decreases, adsorption of polymers at solvent
adsorbate interface become more favourable.

Similar behaviour can be expected in case of

proteins which are copolymers. Experimental evidence has been provided by Asanov et. al.
[144]. The authors used TIRF to study adsorption of BSA upon various surfaces and found that
in thermodynamically good solvent conditions, a monolayer is formed on both hydrophobic and
hydrophilic surfaces. On worsening the solvent conditions by addition of ammonium sulfate, a
multi layer protein film is formed on surface.

2.2.1.6 Structural Stability of Protein in Native State
The effect of structural stability of protein molecule on its adsorption is clearly evident in the
study by Norde and Lykelma [145-149]. The authors monitored the effect of temperature, pH
and ionic strength on the adsorption of two proteins with different structural stability, human
plasma albumin, HPA (a soft protein) and bovine pancreas ribonuclease, RNase (a hard protein)
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on polystyrene lattices. The authors found that on changing the pH of the solution, adsorbed
proteins molecules undergo rearrangements without desorbing from the surface. The steps
observed in the adsorption isotherms of HPA also indicate reorientation or conformational
change in the adsorbed HPA molecules. Similar kinks or inflection points have been reported for
other proteins like BSA and ovalbumin [150]. The authors found that the plateau value of
adsorption of HPA is largest at the i.e.p and falls symmetrically on both sides of i.e.p. The
change in pH of the solution away from the i.e.p of protein results in increasing net charge on the
protein molecules and therefore a more expanded conformation of the protein in solution. These
structural changes in HPA with variation in pH of the solution are responsible for the observed
decrease in the plateau value. The fact that plateau value falls continuously with change in pH
indicates that there is a gradual change in the structure of the protein molecule. For HPA
adsorption at pH 4.7, where protein molecules are uncharged, no change in the initial slope of the
adsorption isotherm was found on varying the temperature from 5°C to 22°C. On further raising
the temperature to 37°C, an increase in the slope is observed. HPA undergoes structural change
at 37°C, but it retains its structure at lower temperatures. The lower adsorbed amount at 37°C
also indicates more denaturation. The variation in the slopes of the initial isotherms on changing
the temperature from 5°C to 22°C at all pH values other than 4.7 (i.e.p), points to different mode
of adsorption at i.e.p as compared to other pH values. The data indicates that at same
temperature, HPA is more denatured at higher pH as compared to i.e.p. At low surface coverage
adsorption of HPA is an endothermic process. Adsorption isotherms of RNase do not vary much
with pH, temperature or ionic concentration. This indicates that there is little variation in the
mode of adsorption for RNase which is due to the high internal coherence of RNase. The authors
suggest that hydrophobic interaction and increase in entropy due to structural rearrangements are
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the major driving force for HPA adsorption. Hydrophobic effect plays a stronger role in the
internal stabilization of HPA as compared to RNase. Hence, HPA unfolds to a greater extent on
hydrophobic surface as compared to RNase. It is interesting that both proteins adsorb
spontaneously even when they are electrostactically repelled by the surface and the adsorbed
amount actually increases with increase in the surface charge. This indicates that electrostatic
interactions are not the major driving force. Some of the positively charged groups of both HPA
and RNase form ion pairs with the negatively charged sulphate groups on the surface. Such ion
pairing reduces the charge in the dehydration layer. The results indicate that several carboxyl
groups accumulate close to the negatively charged surface groups, which means that carboxyl
groups prefer charged polystyrene surface as compared to water [148]. Carboxyl groups are
bigger as compared to other cations, resulting in larger polarizability and weaker hydration of
carboxyl groups.
Protein adsorption is accompanied not only by the coadsorption of protons [146] but also
other low molecular weight ions. Norde and Lykelma [147] also studied electrophoretic mobility
of all particles before and after adsorption to study which ions accompany HPA and RNase on
polystyrene surface. They found that at low pH, when the protein is positively charged, anions
are co-adsorbed to achieve charge neutrality. On the other hand, at high pH there is a net uptake
of positively charged ions. Electrophoretic mobility studies show that mobility difference
between dissolved and adsorbed HPA is smaller than that between RNase. This indicates that
RNase layer incorporates more ions. Coadsorption of ions was further tested by using
radiolabelled Na+, Ba2+ and Mn2+ ions [151]. The authors found that the adsorption of ions does
not depend on pH or ionic strength of the solution; it is affected by electrostatic considerations.
Higher adsorption occurs in solution with divalent ions as compared to monovalent ions.
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Energetically, insertion of larger and more polarizable Ba2+ is more favorable than Na+. The
authors developed a three layer model based on experimental results [152]. Region 1 contains the
polystyrene surface charge, positively charged groups of protein that have formed ion pairs with
surface charge and a fraction of carboxyl groups. Region 2 contains protein molecules. This
region carries no net charge and oppositely charged ions occur in pairs. Region 3 contains
protein surface charge and ions bound to proteins. Positive ions accumulate in region 1 and
anions remain at the aqueous periphery. The authors also studied heats of adsorption using
microcalorimetry [149]. On polystyrene surface with small negative charge, the driving forces
for HPA adsorption at low pH values are increase in rotational freedom and hydrophobic
dehydration. Hydrophobic dehydration is not so favourable on polystyrene surfaces with higher
negative charge. Spontaneous adsorption occurs on this surface too. Driving forces on this highly
charged surface are increased entropy due to structural change and co-adsorption of charged
ions. Hydrophobic dehydration and structural rearrangements influence adsorption of RNase to a
much smaller extent than HPA.
It is evident from the above mentioned studies that proteins like HPA with low internal
coherence undergo structural change on adsorption. Changes in tertiary and secondary structures
of other soft proteins such as α-Lactalbumin adsorbed on polystyrene surfaces have been
reported [152].
Arai and coworkers [153] also studied some typical similarly sized proteins, RNase, lysozyme
(LYS), myoglobin (MGB) and α-lactalbumin (α-LA) on various surfaces - polystyrene (PS),
polyoxymethylene (POM) and hematite. Soft proteins α-LA and MGB adsorb on all surfaces
irrespective of the hydrophobicity. The major driving force for adsorption of these soft proteins
is structural rearrangements which counteracts the unfavourable contributions from hydrophilic
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dehydration and electrostatic repulsion. Hard proteins, RNase and LYS, adsorb on hydrophobic
PS surface irrespective of electrical attraction or repulsion. However, they adsorb on hydrophilic
surfaces only when there is electrostatic attraction. Adsorption of proteins on surface leads to
lowering of the charge of the system even in case of electrostatic repulsion between protein and
surface. Coadsorption of small ions could be responsible for this. The authors also studied
competitive and sequential adsorption of these proteins [154]. Adsorption on hydrophobic
surface is generally irreversible. Sequential adsorptions of LYS, RNase and MGB are governed
by electrostatic interactions. α-LA adsorbs on all surfaces with pre-adsorbed protein layers. High
adsorbed amounts of α-LA are detected even in competitive adsorption experiments. Low
structural stability of α-LA leads to its preferential adsorption. In general, greater the
hydrophilicity of the surface, easier it is for the second protein to replace the already adsorbed
protein.

2.2.1.7 Time effects: Kinetics and Conformational Change
The adsorption process can be divided into five steps: (1) transport to the surface, (2) actual
attachment to the surface, (3) adsorption hindrance due to lateral repulsion between adsorbed
proteins, (4) time dependent structural or orientational re-arrangements, (5) desorption or
exchange and transport away from the surface [155]. Rate of adsorption is determined either by
transport or the adsorption step itself.
Transport to the surface: For adsorption to occur, the protein has to be transported from the
bulk phase to the adsorbent either by diffusion or convection. A stagnant layer exists close to the
surface in all system, even well stirred ones. Protein has to diffuse to the surface through this
38

stagnant layer. Systems can be transport limited especially at low bulk concentration of protein
[151].
Adsorption: On reaching the surface, protein could face an energy barrier. It could prevent
some of the arriving protein molecules from adsorbing to the surface. The energy barrier could
be caused by hydrodynamic effects or electrostatic repulsion [156, 157]. Teichroeb et. al. studied
the adsorption kinetics of BSA, lactoferrin and LYS on p-HEMA [77]. The authors found that
while adsorption of BSA is independent of the bulk concentration, lactoferrin and LYS adsorb in
a concentration dependent manner. Adsorption occurs rapidly at first and then slowly for some
time. Hence, there are two modes of adsorption. The first mode leads to a monolayer for
lactoferrin and multilayer for LYS. Thus, adsorption is controlled by protein-surface interactions.
Lin et. al [158] also studied protein deposition on commercial lenses and found deposits of
albumin, IgG and other proteins after one minute exposure. The adsorbed amount of these
proteins did not increase after 24 hours. On the other hand, LYS continued to be adsorbed for a
week. As the surface becomes filled, the space available for adsorption becomes limited and the
rate of adsorption falls below the diffusion rate. Hence, surface coverage becomes the rate
determining step. Experimental evidence of this was given by Young and coworkers [159], who
studied the adsorption of human serum albumin (HSA), transferrin (TF), α2-microglobulin (αMG), immunoglobulin (IgG) and fibrinogen (FGN) on polymer surfaces over a range of protein
concentrations. At low bulk concentration adsorption was diffusion limited for HSA, FGN and
IgG on silicone rubber and polyethylene. At long times as more surface fills up, adsorption rate
falls below the diffusion limit. Fibrinogen adsorption is diffusion controlled for a longer time.
Adsorption of TF onto silicone rubber is not controlled by diffusion. Rather, there exists an
activation energy barrier for the actual attachment process. Similar results have been reported for
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fibronectin adsorbed to silica surface [160]. Dass and others [160] employed a rotating disc to
study the adsorption kinetics of BSA on ferric oxyhydroxide colloids. They found that at low
concentration and low angular velocities, the adsorption was diffusion limited. At high angular
velocities, adsorption was no longer limited by diffusion. Rather, attachment to the surface
determined the adsorption rate.
Proteins can undergo structural rearrangements after adsorption.

Higher degree of

conformational changes occurs when surface coverage is low [104,139]. Soderquist and Walton
reported that the adsorbed amount of protein is significantly reduced if the protein is adsorbed
stepwise with repeated washings in the buffer as compared to adsorption in a single step [162].
This could also be due to the fact that rinsing with buffer leads to desorption of loosely attached
protein, thereby leading to decrease in the adsorbed amount. Time dependent conformational
change in albumin adsorbed on germanium and polyetherurethanes have been reported by Lenk
et. al. [163]. Some studies have shown that protein adsorption occurs rapidly initially. The rapid
uptake is subsequently followed by a decrease in the adsorbed amount. This decrease in the
adsorbed amounts could be due to conformational changes in the adsorbed protein layer [159,
162]. Changes in the secondary structure of proteins on adsorption have been reported for
various proteins [164-166]. Adsorption of fibrinogen onto Pyrex glass leads to 50% decrease in
α-helical content [164]. Adsorption of IgG onto hydrophobic substrates results in a reduction in
β-sheet content [165]. BSA adsorbed onto silica has lower helix content than the native BSA
[166]. DSC studies of lysozyme, RNase, beta-lactoglobulin, alpha-lactoglobulin, cytochrome c,
myoglobulin and hemoglobin adsorbed on chemically modified silica particles showed that
adsorption resulted in decreasing the thermal stability of all proteins except cytochrome c [167].
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Degree of conformational change further depends upon the nature of the surface. It has been
generally observed that adsorption of proteins at water-solid interface leads to higher degree of
denaturation on hydrophobic surfaces as compared to hydrophilic surfaces [168]. Wetrz and
Santore used TIRF to study adsorption of albumin and fibrinogen on hydrophobic and
hydrophilic SAM surfaces [169 - 171]. They found that for hydrophobic SAM‟s the adsorption
rate as well as the final adsorbed amount is transport limited. Initially, the area occupied by each
protein molecule (footprint) is comparable to its size in solution. With time the molecules spread
on the surface. The relaxation rates are 0.12 and 0.15 nm2 molecule-1 s-1 for albumin and
fibrinogen respectively. Relaxation rate is higher on hydrophobic SAM as compared to
hydrophilic SAM [170]. Adsorbed protein molecules undergo denaturation on hydrophobic
SAM. In contrast, no denaturation occurs on hydrophilic SAM; rather, the adsorbed protein
molecules undergo reorientation. This indicates that denaturation occurs due to hydrophobic
interactions. Due to denaturation, the amount of proteins adsorbed on hydrophobic surfaces is
smaller than those on hydrophilic surfaces. The initial “footprint” is similar on all surfaces and
lies in between that of side-on and end-on adsorbed molecules. It indicates that protein molecules
are first randomly adsorbed and hydrophilic/hydrophobic interactions become important after
protein adsorption. The authors found that relaxation rates are important even in competitive
studies. If albumin is left on the surface for a longer time, the molecules have time to spread and
it retards the adsorption of fibrinogen molecules. Due to faster spreading rate on hydrophobic
SAM, shorter exposure times of albumin are required to retard subsequent fibrinogen adsorption.
The authors also studied the adsorption of LYS on SAM‟s [172]. LYS is irreversibly bound to
the surface and spreading indicates a transition from end-on to side-on adsorbed molecules. The
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model calculations indicate that the adsorbed molecules change their orientation on the surface
without desorbing.
The influence of the hydrophobicity of surface on the unfolding of adsorbed proteins can
be obtained by using substrates with varying degrees of hydrophobicities [104, 167]. Steadman
and Thompson [167] studied adsorption of lysozyme on surfaces with varying hydrophobicities
using DSC, fluorescence and FTIR. They observed that an increase in the hydrophobicity of the
adsorbing surface resulted in a decrease in the thermal stability of adsorbed protein with a
simultaneous increase in conformational change. Also, adsorption resulted in heterogeneous
conformational changes. Sivaraman and coworkers [104] used CD spectroscopy to study the
adsorption of human fibrinogen and albumin on alkanethiol SAM‟s on gold with CH3, OCH2CF3, NH2, COOH and OH terminal groups. They found that increase in the hydrophobicity of the
surface resulted in the increase in the structural change as well as the amount of adsorbed
protein. An increase in concentration of bulk solution resulted in the decrease of conformational
change in the adsorbed proteins.
Desorption or Exchange: Protein adsorption is usually irreversible or partially reversible on
dilution [116], though there are a few examples of reversible behaviour [138]. This indicates that
some molecules are tightly bound to the surface while others are more loosely bound. Desorption
of proteins is more probable on hydrophilic surfaces in comparison to hydrophobic surfaces
[157]. On adsorption, protein molecules can undergo structural change. In such a case, the
molecule has to overcome the sum of free energies of both adsorption and structural
rearrangements in order to desorb from the surface. As a result, desorption process is slower and
only a few molecules may desorb in the experimental timescales. Changes in pH and ionic
strength of the solution can affect the interaction energy between protein and the surface, and
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cause the protein molecules to desorb from the surface [66, 157]. Proteins, which bind with
higher affinity, can also displace the adsorbed protein molecules.
Fluorescence photobleaching recovery technique has been used to study the exchange and
desorption of labeled BSA [173]. Fluorescence recovery curves indicate that there is irreversibly
bound state along with multiple reversibly bound states. Some of the reversibly bound molecules
can diffuse along the surface. Surface diffusion of BSA has also been seen in the photobleaching
and fluorescence recovery experiments of Tilton and coworkers [88]. They found that diffusion
constant and the size of the mobile fraction depend on surface properties.

2.2.1.8 Organization of the Adsorbed Layer
Most proteins, being non-spherical, can bind to a substrate in two different ways: with their long
axis parallel to the surface, referred to as side-on orientation or with their short axis parallel to
the surface, referred to as end-on orientation. It has been hypothesized that at low bulk
concentrations, the arrival of the protein molecules is slow and the incoming protein molecules
have sufficient time to maximize their interactions with the surface and attach in side-on
orientation [174]. As the bulk concentration increases, the number of molecules reaching the
surface increases and at high concentrations protein molecules attach to the surface in end-on
orientation. Steps observed in the adsorption isotherms of various proteins with increase in
concentration are often attributed to change in orientation of proteins from side-on to end-on
orientation [64, 145]. Calculations using ellipsometric and light scattering techniques have
indicated a change in the thickness of the adsorbed protein layer with increase in the bulk protein
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concentration [175, 176]. Other techniques such as microcalorimetry, CD and IR spectroscopy
have also indicated that orientations adopted by adsorbed proteins depend on bulk concentration
[149, 162, and 177].
The configuration of the adsorbed protein layers depend both on the nature of the protein and
the substrate [178 - 180]. Hemoglobin forms a uniform layer on platinum [178]. Most of the
protein molecules are specifically oriented such that nitrogen atoms are close to the platinum
surface. On the other hand, the coverage on polytetrafluroethylene surface is non-uniform where
hemoglobin is localized into islands.

Similarly, insulin adopts different orientations on

hydrophilic surfaces as compared to hydrophobic surfaces [179]. Higher adsorbed amounts of
lysozyme, fibrinogen and BSA are found on hydrophobic polystyrene surface as compared to
hydrophilic silica surface [180]. The adsorbed amount increases with increase in bulk
concentration on both hydrophobic and hydrophilic surfaces. The orientations of adsorbed
molecules depend on the hydrophobicity of the surface. Proteins are more randomly oriented on
hydrophobic surface. With increase in bulk concentration, there is a change in the orientation of
adsorbed BSA from side-on to end-on configuration. However, there is no detectable change in
the orientation of adsorbed lysozyme. Rather, multilayers of lysozyme are obtained at high bulk
concentration. Multilayer adsorption of lysozyme has also been indicated by AFM
measurements, which show that at low bulk concentration, adsorbed lysozyme molecules diffuse
along mica surface and form 5 molecule clusters [181]. At higher bulk concentrations, protein
adsorbs uniformly and a monolayer is formed after nearly 2 hours. After this point adsorption in
second layer also occurs. The authors suggest that on adsorption, hydrophobic residues are
exposed and this could lead to protein aggregation on the surface.
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Not only the equilibrium configuration, but also the buildup of protein layers on various
surfaces proceeds differently, depending on the nature of both protein and surface [120, 182184]. Ellipsometric studies have shown that for IgG, the refractive index of the adsorbed layer
rises monotonically with increase in the adsorbed amount and finally levels off. The thickness of
the adsorbed layer essentially remains constant throughout the adsorption process [182].
Formation of fibrinogen layers have been followed on various substrates. On methylated silica,
fibrinogen layer buildup proceeds with an increase in both refractive index and thickness. After a
certain concentration, the refractive index levels off and then gradually decreases. This decrease
in the refractive index is accompanied with an increase in the thickness of the layer [182].
Qualitatively similar behaviour for fibrinogen adsorption is observed on silica surface [120].
Shaff et. al. [183] report a more pronounced decrease in the refractive index of fibrinogen layers
adsorbed on silica surface. The authors found that fibrinogen adsorption initially proceeds with
an increase in the layer refractive index to a maximum before falling off (shown in figure 2.1).
Layer buildup of fibrinogen proceeds completely differently on hydrophobic chromium surfaces
[184]. The thickness of the adsorbed layer rises rapidly at first and reaches a maximum. After
that point, the thickness of the layer actually decreases before leveling off. According to
ellipsometric measurements, initially the fibrinogen layers have high refractive index; which then
falls to a minimum before rising again. Layer refractive index finally levels off. While on silica
surfaces a maximum in refractive index is observed, a minimum in refractive index of fibrinogen
occurs on chromium surfaces.
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Figure 2.1 Variation of the optical layer thickness, L0, (+) and mean refractive index, n, (0) in
fibrinogen layer adsorbed on silica surface (Figure taken from ref. 183)
Most of the techniques used to study surface adsorbed protein layer such as ellipsometry
assume that the adsorbed layers are homogeneous. There could be inhomogenity in the adsorbed
protein layers. Young and coworkers showed that the binding affinity of the adsorbed protein
layer decreases with distance away from the surface [185]. Techniques such as X-ray and
neutron reflectivity can resolve the structure of adsorbed layer [186, 187]. Neutron reflectivity
profiles of lysozyme adsorbed onto hydrophobic silicon showed that the adsorbed layer could be
separated into two regions - a densely packed region close to the surface and a diffuse second
region [186]. Further, the dimensions of the adsorbed layer indicate that adsorbed lysozyme
denatures on the surface leading to exposure of hydrophobic fragments. The authors suggest that
the dense layer contains peptide fragments with hydrophobic residues close to the surface and
hydrophilic segments extending in the solution. Neutron reflectivity study of antibody (anti-βhCG) on silicon oxide/water interface showed that at low concentration, the antibody forms a
uniform 4 nm thick layer with molecules adopting a flat-on orientation [187]. At higher
concentrations, there is a swelling of the adsorbed layer and the adsorbed protein layer could be
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described by three sub-layers of 1, 3 and 2.5 nm with varying protein density. Due to twisting of
the molecules, some fragments became loosely attached to the surface.

2.2.1.9 Effect of Adsorption on the Binding Activity of Adsorbed
Proteins

Adsorption of proteins on solid surfaces can lead to a reduction in their binding activity [188195]. This decrease in the binding activity could either be due to structural changes in the
adsorbed proteins or due to unfavourable orientation of the adsorbed molecules [188 - 191].
Buijs et. al. [188] studied the effect of orientation of IgG adsorbed on silica surfaces on its
antigen binding capacity. The authors found that adsorbed IgG exhibited higher antigen binding
ratios at pH values where the Fab domains have low surface binding affinity. On the other hand,
at pH values where Fab domains are electrostactically attracted towards the silica surface,
adsorbed IgG molecules completely lose their antigen binding capacity. Reduction in antigen
binding capacity due to restricted access to antigen binding sites has also been reported for other
surfaces [189]. The enzymatic activity of RNase A adsorbed onto mica increases from 16% to
78% in a period of 24 h when compared to its activity in free solution [190]. Surface force
measurements show that the thickness of the adsorbed RNase A layer changes from 2.8 nm one
hour after adsorption to nearly 4.3 nm after 24 hours. Comparison with the tertiary structure of
RNase indicates that initially RNase molecules lie flat on the surface of mica with their active
site facing the surface. With time, the adsorbed molecules slowly reorient on the surface and
finally adopt end-on after 24 hours with their active site partially exposed to the free solution.
After 24 hours, there is no change in the orientation and hence the enzymatic activity of the
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adsorbed molecules. Probe of secondary structure and activity of α-chymotrypsin attached to
silicate surface revealed that although the enzyme undergoes structural change on adsorption, the
inactivation of the enzyme in pH range 5-7 is due to unfavourable orientation of amino acids
involved in catalytic activity towards the negatively charged silicate surface [191]. High surface
concentration of the adsorbed antibody can also lead to restricted access to its antigen binding
sites and hence a decrease in the antigen binding capacity [187].
The following studies demonstrate that conformational change on adsorption can also lead
to reduction in the binding activity of adsorbed proteins [192-195]. Higher degree of enzyme
inactivation occurs at low bulk concentrations [192]. This is due to the increased denaturation of
adsorbed proteins at low surface coverage. The extent of deactivation depends on the nature of
protein and the substrate [193-195]. Investigation of the adsorption of α-chymotrypsin and
cutinase on hydrophobic Teflon and hydrophilic silica surface showed that both proteins had
higher affinity for hydrophobic surface [193]. Although both proteins show a decrease in the αhelix content on adsorption to hydrophilic surface, they retain their biological activity. CD
spectra show that while Teflon reduces the helix content in cutinase, it promotes the formation of
helical structure in α-chymotrypsin. Hydrophobic Teflon induces higher deactivation of
chymotrypsin as compared to hydrophilic silica. The increase in surface coverage of protein
results in an increase of the fraction of the native-like conformation in the adsorbed layer.
The effect of native state stability of proteins on their binding activity in adsorbed state can
be investigated by studying adsorption of protein mutants or proteins from different species [103,
194]. Kondo and Urabe [103] studied the adsorption of α-amylases with different thermal
stabilities on silica particles. The authors found that the extent of deactivation of enzymes is
closely related to the decrease in the α-helix content on adsorption. Enzymes with low structural
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stability in their native state undergo higher degree of conformational change and reduction in
their activity upon adsorption. Adsorption of T4 lysozyme variants on colloidal silica particles
also showed that less stable variants exhibited lower biological activity due to more extensive
structural change [194].

2.3 Protein-Nanoparticle Interactions
Nanoparticles are increasingly being used for various applications in science, technology and
medicine. They are likely to be highly reactive, especially in biological medium and can
accumulate in various organs of the body [195]. Nanoparticles have been shown to cross the
blood brain barrier [196]. However, the mechanism of the transport is not clear. Although some
risks associated with nanoparticles, such as cancer mesothelioma due to exposure to asbestos
nanorods [197], are known; there is not much understanding about potential biological risks from
nanoparticles [198, 199]. Over the past few decades there has been an increasing interest in
developing nanoparticles as drug delivery agents [200, 201]. When nanoparticles enter body,
they are coated with proteins [202, 203]. Adsorbed proteins can undergo conformational
rearrangements. There is some agreement in the scientific community that the cellular response
to materials in the biological medium is due to adsorbed biomolecule layer on the nanoparticle
[204, 205]. Therefore, understanding the behaviour of proteins on nanoparticles is extremely
important.
Several studies have been conducted to understand the fundamental properties governing
protein nanoparticle interaction [206-209]. In general, higher amounts of protein are adsorbed
onto hydrophobic particles as compared to hydrophilic particles [142, 206 - 208]. A study on the
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adsorption of plasma proteins on particles with varying hydrophobicity showed a rise in
adsorption of proteins with increase in the hydrophobicity of the particles [206]. A similar
increase in the adsorbed amount with the degree of hydrophobicity of nanoparticle surface has
also been reported in adsorption of HSA for nanoparticles of different sizes [208]. However, the
nature of the surface group also influences the adsorption behaviour [206, 209 210]. Lundquist
et. al. [209] studied the adsorption of blood plasma proteins on a range of labeled nanoparticles
that differ in surface properties - plain polystyrene (PS), carboxyl-modified, and amine-modified
PS of two sizes, 50 and 100 nm. They found that for nanoparticles of a particular size, the
surface properties play a significant role in determining the kind and the amount of the adsorbed
proteins. Brewer et. al. [210] studied the adsorption of BSA on gold surfaces using -potential
and quartz crystal microbalance. They found that the adsorbed amount of BSA on bare gold is
higher as compared to citrate coated gold surface. Although the surface coverage is higher for
BSA on bare gold, the Langmuir binding constant is lower. The authors suggest that electrostatic
attraction between BSA and citrate groups present on gold surface are mainly responsible for
binding of BSA. The role played by electrostatic interactions in binding of proteins to
nanoparticles with different chemical compositions is also demonstrated by the following studies
[211 -214]. BSA adsorbs preferentially to cerium oxide nanoparticles with positive zeta potential
as compared to particles that have negative zeta potential [211]. Further, adsorption of protein
increases with increase in the zeta potential of the nanoparticles. The uptake of nanoparticle also
depends on the surface charge of the nanoparticles [211, 212]. Polystyrene nanoparticles with
basic surface groups preferentially adsorb proteins that carry net positive charge and particles
with acidic surface groups adsorbed proteins with net negative charge [213]. Kandori and
coworkers studied the adsorption of BSA and lysozyme on colloidal calcium hydroxyapatitie
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rods of varying lengths [214]. As the length of the rods is varied, the ratio of positively charged
ions to neutral ions also varies with changing crystal sites. While BSA binds to positive sites,
such behaviour is not seen for positively charged lysozyme as it faces electrostatic repulsion.
Study on kinetics of blood serum proteins on polystyrene nanoparticles [215] showed that
proteins, albumin and fibrinogen, present in high concentration in plasma, are adsorbed from
dilute plasma. On the other hand, adsorption from concentrated plasma results in displacement of
these proteins within seconds by other proteins which are present in low concentration (the so
called Vroman effect).
Nanoparticles have high surface to volume ratios. High local concentrations of proteins on
nanoparticle surface can result in protein aggregation [119], reduction in protein activity and
other structural changes. One example is that of enhanced fibrillation observed on range of
nanoparticles – NIPAM/BAM copolymer, cerium oxide, gold nanoparticles, quantum dots and
carbon nanotubes [216]. Though the nanoparticles lead to increase in fibril formation, they do
not result in faster growth of the fibrils. The enhancement of fibril formation is due to the
decrease in nucleation time. The nucleation phase depends on the amount and nature of
nanoparticle surface. The authors suggest that high concentration of protein on the surface
promotes fibril formation. Another possibility is that nanoparticle surface act as catalyst by
reducing the energy barrier for fibril formation due to increased formation of prefibril aggregates
[217]. Exchange of bound protein with free protein promotes oligomer formation. Similar
enhancement in fibrillation of β-amyloid peptide due to shortening of nucleation phase in the
presence of titanium dioxide nanoparticles was reported by Wu and coworkers [218]. Unlike
Linse‟s group, these authors conducted the experiment in PBS at physiological pH. On the other
hand, sterically stabilized phospholipid nanomicelles reduce fibril formation of β-amyloid [219].
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This decrease in aggregation is due to 17 fold increase in α-helix and 10 fold reduction in β sheet
content of the peptide. The nanomicelles under study not only reduce the rate of fibrillation but
also the extent of fibril formation.
Protein adsorption onto nanoparticles can result in protein denaturation [220-223]. As
demonstrated in the following studies, the native state stability of the proteins plays a key role in
determining the extent of conformational change upon adsorption [221, 222]. Lundquist et. al.
[221] studied the adsorption of two variants of human carbonic anhydrase, HCAI and HCAII, on
silica nanoparticles. The authors found that soft protein HCAII lost its native structure on
adsorption. The conformational rearrangements continued for days and adsorbed protein formed
a molten globule structure. In contrast, hard protein HCAI did not undergo extensive
conformational changes on adsorption. CD spectroscopy study of BSA and lysozyme shows that
although adsorption leads to a decrease in the α-helix content of both proteins on adsorption, the
extent of conformational change is higher at low surface coverage [222]. At high surface
coverage, while there is no significant decrease in the helix content of lysozyme, secondary
structure of BSA is strongly perturbed. On displacement under plateau conditions, lysozyme
exhibits native like structure. However, desorbed BSA molecules do not retain their native state
structure. Denaturation of adsorbed protein also depends on solution parameters such as pH and
ionic strength [223, 224].

DSC measurements of lysozyme and RNase adsorbed on silica

nanoparticles indicate that adsorption of these proteins induced structural alterations irrespective
of the ionic strength of the solution [223]. However, the extent of denaturation is higher at low
ionic strength. Increase in ionic strength also reduces the conformational heterogeneity of
adsorbed proteins.
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Unfolding on the surface can lead to decrease/loss of the biological activity of adsorbed
protein [224, 225]. Adsorption of enzyme, α-chymotrypsin (CT), onto single walled carbon
nanotubes leads to extensive change in the secondary structure of CT [225]. On adsorption CT
only retains 1% of its native state activity. Although soybean peroxidase (SBP) retains its native
three-dimensional shape (as seen from AFM images), SBP only exhibits 30 % of its activity in
bulk. Therefore, reduction in the biological activity of adsorbed protein can occur even without
extensive structural change.

2.3.1 Plasmonic nanobiosensors
Localized surface plasmon resonance (LSPR) of metallic nanoparticles is sensitive to
changes in the local dielectric environment (refer to chapter 3 for details). UV-visible
spectroscopy has been used to detect changes in the local refractive index by monitoring LSPR
of metallic nanoparticles [226]. Other techniques that can be used for optical sensing using
nanoparticles include nanoparticle aggregation [227, 228], resonant Rayleigh scattering of light
[229], charge transfer reactions [230, 231] and optical imaging [232]. Nanoparticle aggregation
leads to huge shifts in the plasmon peak positions and distinctive colour changes [227, 233].
Distance-dependent optical properties of gold nanoparticles have been exploited in the
development of diagnostic method for DNA hybridization [234]. Resonant light scattering of
gold nanoparticles has been utilized to study hybridization of DNA [229] and study binding
between biotinylated BSA and streptavidin [235]. Gold nanoparticles labeled with anti-epidermal
growth factor receptor protein (anti-EGFR) have been employed to target cancer cells that
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overexpress EGFR [236]. Resonant light scattering of these labeled gold nanoparticles makes it
possible to image these nanoparticles inside live cells.
The most common method for LSPR sensing is to measure the shift in the wavelength of the
plasmon peak due to interaction of nanoparticle with adsorbed species [237- 240]. The first
solution phase immunoassay using gold nanoparticles was developed by Englebienne [238, 241].
The author used 40 nm gold nanoparticles to monitor the binding kinetics of human chorionic
gonadotropin (hCG) and anti hCG in real time. Adding of hCG to antibody coated gold
nanoparticles resulted in a red shift of LSPR peak [241]. Since then, gold and silver
nanoparticles have been increasingly employed for biosensing applications [242-245].
Natan and coworker showed that gold nanoparticles can be self-assembled onto polymer
coated glass surfaces [246, 247]. Multiple contacts are formed between colloids and functional
groups on the polymer such as cyanide (CN), amine (NH2) and thiol (SH) [247]. Okamoto and
coworkers followed this self-assembly method [248] to immobilize gold nanoparticles upon a
glass slide using a coupling agent 3-aminopropyltrimethoxysilane. Immersion of these
immobilized gold nanoparticles in solvents of varying refractive indices or coating gold
nanoparticles with polymer film results in a change in both the position and intensity of LSPR
peak. An increase in the resonance wavelength as well as absorbance can be observed with
increasing thickness of the film (figure 2.2).
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Figure 2.2 Peak absorbance and resonance wavelength of 13.9 and 20.2 nm gold colloid
monolayer coated with PMMA film as a function of the thickness of PMMA film (taken from
ref. 248)

Monolayer of immobilized gold nanoparticles prepared on glass by self-assembly has also
been used as optical biosensors to monitor biotin streptavidin binding [249]. Self-assembly of
gold nanoparticles on gold electrodes has been used to fabricate biosensors for glucose and
hydrogen peroxide among others [250, 251].
Xu and Kaell used extended Mie theory to calculate extinction coefficients of gold
nanospheres deposited on a transparent substrate in a non absorbing medium [252]. To estimate
interparticle coupling effects, the authors assumed that the particles are distributed in a triangular
two dimensional array. To calculate particle-substrate coupling, the authors considered a mirror
charge located inside the substrate. Using this extended Mie theory, the authors calculated the
shift in the peak positions due to coating of immobilized gold nanoparticles with PMMA film.
The authors used the same nanoparticle coverage value as used by Okamoto and others [248]
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(shown in fig 2.3). The calculated shifts agree well with the shifts observed experimentally by
Okamoto et. al.

Figure 2.3 Comparison between experimental and calculated values of extinction peak positions
vs. PMMA coating thickness for 20 and 14 nm Au particles. (Figure adapted from ref. 252)

2.3.2 Effect of the Size of the Nanoparticles

Nanoparticles are available in a range of sizes. As the size of the nanoparticle becomes smaller, it
can approach the size of protein molecule or become even smaller than the protein molecule.
Size limitations can induce packing constraints and lead to different structure on nanoparticles as
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compared to flat substrates. The following studies indicate how the size of the nanoparticles can
affect the conformation and stability of adsorbed protein layer.
Teichroeb and coworkers used LSPR to probe denaturation of BSA adsorbed onto gold
nanoparticles [253-255]. The authors employed UV-visible extinction spectroscopy to monitor
heat induced changes in BSA adsorbed on gold nanoparticles in the size range 5-60 nm [58]. The
authors observed that thermal denaturation on smaller particles proceeded in a qualitatively
different manner as compared to bigger spheres (fig. 2.4). As temperature is increased, the
resonance peak shift to longer wavelengths for particles with diameter > 20 nm. This process
continues till nearly 90°C. For smaller particles (5-20 nm) peak wavelength starts to blue shift at
nearly 50°C. With further increase in temperature, a red shift in peak wavelength is observed.
The magnitude of blue shift decreases as the size of the nanoparticle increases. Cooling down of
the samples does not result in any change in the position of plasmon peak wavelength. This is
due to the fact that adsorbed BSA has denatured and there is no change in the structure on
cooling. As a control, bare spheres were also heated to a temperature of 90°C. Heating of bare
spheres only resulted in reversible peak shifts of < 1 nm. Assuming that the adsorbed BSA layer
is uniform and homogeneous, the authors used Mie theory to calculate the thickness of the
adsorbed layer. A layer thickness value of 1.25 nm of BSA on 5 nm sphere indicates that BSA
loses its tertiary structure on these small spheres. Thermal denaturing of BSA on 60 nm sphere
occurs in two stages. A similar two step process is also observed in bulk denaturing studies of
BSA.
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Figure 2.4 Peak wavelength values of BSA coated gold nanoparticles in the size range 5 to 60
nm as a function of temperature (fig. taken from ref. 253)

Teichroeb et. al. also studied kinetics of thermal denaturation of BSA adsorbed onto gold
nanoparticles in the temperature range 60-70°C [254]. The lifetimes were used to calculate the
activation energy barrier for thermal denaturing. The authors showed that the activation energy
barrier for denaturation of BSA adsorbed onto gold nanoparticles is smaller than that in bulk
solution; indicating that adsorption leads to protein destabilization. Further, activation barrier
decreased with the size of the gold nanoparticles (figure 2.5). The activation energy for 100 nm
particle is 25 times less than that for a 5 nm gold nanoparticle. The same group also investigated
the effect of pH on the conformation of BSA adsorbed onto gold nanoparticles in the size range
5-30 nm [255]. The authors found an increase in the thickness in the adsorbed layer near pH 4 on
spheres with diameter > 10 nm. Such extended state does not occur on 5 nm spheres. The authors
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suggest that the absence of this pH induced conformational state on smaller spheres is due to the
fact that adsorption on these small spheres results in the loss of tertiary structure.

Figure 2.5 Activation energy for thermal denaturation of BSA as a function of size of gold
nanoparticle (figure taken from ref. 254)

The above studies clearly indicate that the stability of adsorbed BSA layer depends on the size
of gold nanoparticles. However, the extent to which surface curvature affects the structure and
biological activity of the adsorbed proteins is not clear. Although there are studies available in
the literature which deal with this subject, the studies have been conducted with a small number
of proteins on nanoparticles in limited size range. The adsorption induced changes in protein
conformation and activity depend on various factors such as nanoparticle chemistry, nature of
protein (physical characteristics, stability etc.) and surface coverage [256-261]. As examples
consider cytochrome c (cyt c) adsorbed onto gold and silica nanoparticles by two different
groups [256, 257]. Adsorption of cyt c was studied on gold nanoparticles in two sizes, 2-4 nm
and 16 nm [256], while that on silica nanoparticles of 4, 15 and 35 nm [257]. Although, both
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studies conclude that the activity of the adsorbed cyt c depends on the size of the nanoparticles, it
is observed that the activity of cyt c on 2-4 nm gold nanoparticles is higher than that on 16 nm
gold nanoparticles. On the other hand, the activity of cyt c increases with the size of silica
nanoparticles from 4 to 35 nm. CD studies indicate that while there is a decrease in the β sheet
content on adsorption to 16 nm gold nanoparticles, adsorption on 2-4 nm gold nanoparticles
results in increase in both α- helix and β-sheet content. The authors suggest that hydrophobic
interactions are the main driving force for adsorption on 2-4 nm particles while electrostatic
interactions are dominant on bigger particles. The size of the gold nanoparticles also affects the
intramolecular hydrogen bonding. On the other hand, as the size of silica nanoparticle increases,
there is an increasing degree of conformational change and change in the local heme
environment [257]. Conformational changes induced by adsorption on silica nanoparticles are
partially reversible.
Nanoparticle curvature can stabilize or destabilize the adsorbed protein as indicated by the
following studies [224, 258-261]. A study on the adsorption of lysozyme onto silica
nanoparticles of diameter of 4-100 nm shows that both the structure of the adsorbed layer and the
activity of surface adsorbed lysozyme depend on the size of the nanoparticle [224]. While
monolayer is formed on 20 nm particles, multilayers occur on 100 nm particles. Greater
reduction in both helix content and activity of lysozyme occurs on bigger nanoparticles. Another
study on the adsorption of human carbonic anhydrase I (HCAI) on silica nanoparticles with
diameters of 6, 9 and 15 nm also shows a similar size-dependent behaviour [258]. Larger
particles cause higher perturbation in the secondary structure of adsorbed protein. This could be
due to increased protein surface interaction on bigger nanoparticles. Strangely, the authors do not
observe any difference in tertiary structure of the adsorbed proteins. Perturbation in secondary
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structure is related to tertiary structure.

Roach and coworkers [259] studied the adsorption of

BSA and fibrinogen on silica nanoparticles in the size range 15-165 nm. IR spectroscopy
revealed that BSA denatures more on bigger spheres whereas fibrinogen lost more of its
secondary structure on smaller nanoparticles. Both proteins denature more on hydrophobic
spheres in comparison to hydrophilic spheres. The authors suggest that while fibrinogen adopts
end-on orientation on bigger spheres, it adopts side-on orientation on smaller spheres. Due to the
increase in protein-surface interaction, it denatures more on smaller nanoparticles. Asuri and
coworkers [260] found that adsorption of enzyme soybean peroxidase on single walled carbon
nanotubes resulted in increased stabilization of this enzyme at high temperatures as well as in the
presence of organic solvents as compared to adsorption on flat substrates. The authors suggest
that the curvature of these nanorods reduces lateral interactions between adsorbed proteins and
results in their enhanced stabilization.

In vivo protein binding studies exhibit additional

complications as demonstrated by Jiang and coworkers [261]. The authors studied the binding of
Herceptin-coated gold nanoparticles to its receptor ErbB2 in the size range 2-100 nm. The
authors found that though all nanoparticles showed binding to the receptors and altered processes
related to cell functioning, 40 and 50 nm particles showed highest binding ratios and cell death.
Smaller nanoparticles have lower number of attached antibodies and possess lower binding
avidity. On the other hand, greater membrane wrapping time is required for the internalization of
large nanoparticles. Hence, extremely small and large particles do not yield high uptake.
The above studies show that protein nanoparticle interactions are not fully understood yet.
A lot of contradictory findings regarding protein stability/instability on various protein
nanoparticle combinations have been reported. Further studies need to be conducted to obtain
complete characterization of protein nanoparticle system.
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CHAPTER 3

Experimental Techniques
3.1 Synthesis of Gold Nanoparticles

For the synthesis of gold nanoparticles, we followed the method of Turkevich et.al. [262]. The
materials required for the synthesis are as follows: Hydrogentetrachloroaurate (III) hydrate (HAuCl4.xH2O, molecular weight 339.79), trisodium citrate dihydrate- (Na3C6H5O7.2H2O,
molecular weight 294.10), magnetic stir band, 250 ml Erlenmeyer flask, 50 ml glass beaker, 10
ml and 50 ml graduated cylinders, glass vials and glass pipettes. Both sodium citrate (Sigma
Aldrich C-8532, purity ≥ 99%) and gold chloride (Sigma Aldrich 254169, purity 99.999%) were
purchased from Sigma Aldrich and were used without further purification.
Procedure

(1) All glassware and magnetic stir bar are thoroughly washed with soap solution and water.
Care should be taken that the glassware is thoroughly cleaned to remove traces of colloidal
gold which can act as nucleating agents. The glassware are further rinsed with deionized
water and dried.
(2) To prepare 1mM solution of gold salt, dissolve 0.03398 g of gold salt in 100 ml deionized
water. Use of glass pipettes to scoop out gold salt is recommended as gold chloride car erode
metal. Use electronic weighing balance (0.0001 g precision) to weigh the gold salt in a glass
vial. Fill the glass vial with deionized water and then empty its contents into Erlenmeyer
flask. Add more deionized water into the glass vial previously used to dissolve gold chloride
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and again empty its contents into the flask. Repeat this procedure a couple of time to ensure
that no gold chloride remains in the vial. Add the remaining amount of water to the flask.
(3) Place a magnetic stir bar in the flask and cover it with the precleaned beaker. Place the flask
on a stirring hot plate. Turn the heat to maximum and adjust the stir speed to medium. Bring
the solution to boil. It takes approximately 30 minutes. Control of temperature is required as
lowering temperature by 10⁰C can increase the reaction time as well as reduce the particle
size [262].
(4) In the meantime, calculate the amount of citrate solution required. The amount of citrate
required depends on the size of the nanoparticles being produced. To prepare 30 nm gold
colloids, a ratio of 15:1 gold chloride to citrate solution is required, i.e., for every 15 ml of
1mM gold chloride solution add 1 ml of 1 % solution of trisodium citrate (1 g of salt in 100
ml of deionized water). Add the desired amount of sodium citrate in a glass vial. Add
deionized water to the vial to make 1% solution. Stir the solution to ensure that citrate
dissolves completely. Different sizes of gold nanoparticles can be produced by varying the
amount of citrate added. To obtain smaller gold nanoparticles add more citrate.
(5) Rapidly add citrate solution to the boiling gold salt solution and increase the stirring speed to
maximum. Keep on heating for about 7 minutes. On addition of citrate, the colour of the
solution changes from yellow to clear and then grey, then purple. Finally a deep red is
obtained indicating the formation of colloidal nanoparticles.
(6) Switch off the hot plate and remove the flask containing gold nanoparticles. Let the
suspension cool to room temperature and store it in glass vials. Seal the glass vials. The gold
nanoparticles stored in these sealed glass vials are stable for about 2-3 months. After that
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time the nanoparticles aggregate and settle at the bottom of the container. The nanoparticles
synthesized in the lab are more concentrated than those commercially available.
There are two views regarding the mechanism of formation of gold nanoparticles. Turkevich
[262], LaMer [263], Takiyama [264] and Frens [265] concluded from their research that
nanoparticles are formed by nucleation followed by uniform growth. Chow and Zukoski [266]
state that first large nanoparticles are formed which shrink over the course of reaction to result in
smaller particles of uniform size.
In this recipe sodium citrate is used as a reducing agent. Citrate ions reduce Au (III) to Au (0)
state. The reaction mechanism is given below [267].

HO
COOH

COOH
COOH

+ HAuCl4
O
Au(s) + CO2 (g) +

COOH

COOH

Figure 3.1 Reduction of Au (III) to metallic gold by citrate ions.

Citrate ions act not only as reducing agents but also as stabilizing agents by capping gold
nanoparticles. Electrostatic repulsion between citrate ions prevents nanoparticles aggregation. It
has been theorized that there are some gold ions present on the surface of gold nanoparticles and
citrate ions form complexes with these ions [267]. In the absence of some form of stabilization,
e.g., charge or steric stabilization, these colloidal particles tend to aggregate. This phenomenon is
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clearly seen in the presence of excess salt in these charge stabilized nanoparticles. The presence
of ions screens the charge and thus leads to nanoparticle aggregation. On the other hand, polymer
or protein coated gold nanoparticles are sterically stabilized and are therefore stable even in high
ionic strength solutions.

Figure 3.2 Complex formations of citrate ions on the surface of gold nanoparticles (taken from
reference 267).
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3.2 Substrate Preparation for Sizing Gold Nanoparticles

For sizing gold nanoparticles silicon wafers with crystal orientation (100) are used as substrates.
These wafers were supplied by Silicon Quest International. The wafers were cut into 1cm x 1cm
small squares with the help of silicon carbide pen. For cutting purposes they are laid on lens
cleaning paper (Kodak) by placing the polished sides face down to avoid silicon dust
contamination on that side. It is very hard to remove silicon dust particles once they settle on the
surface. These wafers are scratched on the unpolished side with the help of a ruler. On bending
these wafers lying face down, thin sections of wafers are produced. These thin sections are
further divided into smaller squares (1 x 1 cm2) using the same technique.

3.2.1 Thin film preparation
To prepare thin films atactic polystyrene with molecular weight 641000 was used. Materials
required for making solution are polystyrene, toluene, tweezers, glass pipettes and glass vials.
Polystyrene was purchased from Polymer source Inc. (P2767-S). Tweezers are cleaned first with
water and then with the solvent toluene. Glassware required for this purpose, pipettes and vials
are cleaned by blowing dry nitrogen gas. Polystyrene is placed in a cleaned glass vial using
tweezers and then toluene is added to the vial to make 2% by weight polystyrene solution. The
sample is left to sit at room temperature for ~ 3 days to ensure that polystyrene dissolves
completely.
Thin films were prepared by spin coating polystyrene solution onto silicon substrates. For this
purpose two glass pipettes are used. The glass pipettes are first cleaned by spraying them with
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dry nitrogen. Silicon wafer is placed on the stage of the spin coater (shown in figure 3.3). To
prepare films first the silicon wafers are cleaned with toluene. For cleaning 15-20 drops of
toluene are dropped on the silicon wafer while it is spinning at a speed of 7500 rpm. After
cleaning two drops of the PS solution are placed on the silicon wafer. After that the spin coater is
set into spinning motion for about 10 seconds at a speed of 2500 rpm. Due to spinning the
droplet spreads out on the substrate, whereas the solvent evaporates. After spin coating the PS
films were kept at room temperature for ~ 4 hours to ensure that toluene evaporates completely.
After that they were annealed at 120⁰C for nearly 20 hours in home built oven to remove any
residual stress in the film due to spin coating. The annealing is done under nitrogen atmosphere
to keep it free from any contaminants in air.

Figure 3.3 Spin coater apparatus (image taken from ref. 268)
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3.2.2 Depositing Gold Nanoparticles on Polystyrene Films

Gold nanoparticles synthesized as described in section 3.1 were deposited on the polystyrene
films using spin coater. The glassware used for depositing gold nanoparticles, pipettes and vials
are cleaned by blowing nitrogen. Polystyrene coated silicon wafer is placed on the stage of the
spin coater. Gold nanoparticles do not stick to the surface of PS films as they cannot wet the PS
surface [269]. To increase surface wettability ethanol was added to the gold colloid. Using a
pipette, 10 drops of gold colloid are introduced into a cleaned glass vial. 1 drop of ethanol is
added to the vial. The solution is mixed with another pipette. Several drops of this solution are
placed on the polystyrene film spinning at ~ 600 rpm resulting in the evaporation of solvent and
hence deposition of gold nanoparticles on the PS films. Ethanol can lead to aggregation of
nanoparticles. Therefore, nanoparticle-ethanol solution is prepared immediately prior to spin
coating. It was observed that this procedure did not lead to high coverage of 30 nm gold
nanoparticles on polystyrene films. So, gold colloid was placed on the centre of the polystyrene
film and allowed to sit for 10 minutes. After 10 min the spin coater was set into motion. In this
method gold nanoparticles have a longer time to adsorb on the surface and it leads to higher
nanoparticle coverage.

3.3 Poly Dimethyl Siloxane Film Preparation
Poly dimethyl siloxane (PDMS) is silicon containing organic polymer. It has a wide range of
applications. It is widely used in contact lenses, medical devices, shampoos, lubricating oils and
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heat resistant tiles [270]. PDMS elastomer, Sylgard® 184 was obtained from Dow Corning ®.
Sylgard comes in a two resin pack. Resin A contains vinyl groups and resin B contains
hydrosiloxane groups (shown in fig. 3.4). A cross linked network of dimethyl siloxane groups is
formed by mixing the two resins [271].

Figure 3.4 Scheme showing cross linking of PDMS (taken from reference 271)

The two resins are mixed in the ratio 10:1 in plastic cups. After adding the two resins in desired
ratio, they are vigorously mixed with pipette tips to ensure uniform distribution of the curing
agent. PDMS elastomer is used to obtain thin film on polystyrene cuvettes, purchased from
VWR International (PS cuvettes, K1960 VWR, catalog number 58017-880). PDMS is gently
lined inside the cuvette on all the four sides and the bottom with the help of spatula making sure
that no air bubbles are formed in the PDMS lining. It is important that there is a uniform PDMS
coating inside the cuvette and the protein solution placed inside the cuvette comes only in
contact with PDMS and not polystyrene cuvette. Afterwards cuvettes are placed in the oven
where the PDMS films are cured at 80⁰ C for 24 hours in nitrogen environment. It was observed
that the quality of PDMS films deteriorated with time. Therefore all films were freshly prepared
and used within 24 hours after curing.
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3.4 PolyHEMA Film Preparations
Linear Poly(HEMA) (Mw ~ 200,000) was purchased from Sigma Aldrich. A solution containing
5% water by weight in ethanol is prepared in a glass vial. PolyHEMA crystals are dissolved at
5% weight in the above mentioned solution in a glass vial. The vial is left to sit for 2 days. The
supernatant containing dissolved polyHEMA is removed from the top of the vial after two days.
Only the supernatant is used for film preparation. Dissolved polyHEMA is left to sit in a cuvette
for several days. The solvent evaporates leaving polyHEMA sticking to the sides of the cuvette.

3.5 Protein Adsorption on Gold Nanoparticles
Five different proteins were used in this study – Rabbit Immunoglobulin G (IgG),
Staphylococcal Protein A (Protein A), Goat anti-rabbit IgG (Anti-IgG), Bovine Serum Albumin
(BSA) and Streptavidin. All proteins were purchased from Sigma Aldrich as essentially salt free
lyophilized powders. The catalog numbers are given below.
IgG – I5006
Protein A – P3838
Anti-IgG – R2004
BSA – A0281
Streptavidin – S4762

Aqueous solutions of gold nanospheres of various sizes -5 nm (catalog number 15702-20), 10
nm (catalog number 15703-20), 15 nm (catalog number 15704-20), 20 nm (catalog number
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15705-20), 30 nm (catalog number 15706-20), 40(catalog number 15707-20), 50 nm (catalog
number 15708-20) and 60 nm (catalog number 15709-20) nm were purchased from Ted Pella
Inc. (Redding, CA, USA).

These commercial gold nanoparticles suspensions are citrate

stabilized and hence carry a net negative charge. Two sizes of silver nanoparticles, 20 nm and 40
nm, were also used in this study. Aqueous solutions of silver nanoparticles were also purchased
from Ted Pella Inc. Catalog numbers of these silver suspensions are 15705-20SC and 1570720SC for 20 and 40 nm silver colloids respectively.

3.5.1 Conjugation with IgG, Protein A and Streptavidin
For conjugation procedure recipe from reference 272 was followed. Phosphate buffer solutions
(PBS) of three different ionic strengths - regular, twice the regular and 25 the regular strength,
are prepared. The materials required for preparation of PBS are sodium chloride (NaCl, EMD
Chemicals Inc., catalog number SX0420-1), disodium hydrogen phosphate (Na2HPO4, Aldrich
Chemical Company Inc., catalog number 21,988-6), sodium dihydrogen phosphate (NaH2PO4,
Aldrich Chemical Company Inc., catalog number 33,198-8), 3 spatulas, glass bottles and plastic
weighing cups. The spatulas are first scraped using paper towels. Next they are thoroughly
rinsed with water and isopropanol to get rid of any impurities. After that they are dried in air. For
regular strength PBS 6.4284 gm of NaCl, 2.6972 gm of Na2HPO4 and 0.5519 gm of NaH2PO4
(measured using plastic cups on electronic scale, 0.1 mg precision) are added to 1 liter of
deionized water in glass bottle. PBS of different strengths is similarly prepared by adding these
salts to different amounts of water.
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IgG, Protein A and Streptavidin were conjugated to gold and silver nanoparticles bought from
Ted Pella. For preparing conjugates of gold nanoparticles with proteins, first protein solutions
are prepared in deionized water. Spatulas and glass vials required for preparation are cleaned as
described previously.
Conjugation procedure for gold nanoparticles
(1) Protein powders are weighed in glass vials on electronic weighing balance. Deionized water
is then added to the vials to make the concentration 1 mg/ml. These solutions are then gently
mixed on a mixer (Vortex-Genie II, VWR International).
(2) Take 600 micro litres (μl) of gold colloid in a polystyrene cuvette. Add aqueous protein
solution to the cuvette. Take care that no air bubbles are formed as protein can denature at
air/water interface. For IgG add 10 μl, for Protein A add 40 μl and for Streptavidin add 70 μl
of protein solution to 600 μl of gold colloid. Shake the cuvette gently for ~ 10 minutes. After
that let the sample sit for an hour.
(3) Add 610 μl, 640 μl and 670 μl of 2x concentrated PBS to IgG coated, Protein A coated and
Streptavidin coated gold colloid respectively to obtain a final solution of coated gold colloid
in regular strength PBS to mimic physiological conditions. Shake the cuvette gently for 10
minutes.

72

Conjugation procedure for silver nanoparticles
In this study Protein A was adsorbed onto silver nanoparticles in a same way as gold. Take 600
micro litres (μl) of silver colloid in a polystyrene cuvette. Add 40 μl of 1mg/ml of aqueous
Protein A solution to the cuvette carefully to avoid any air bubbles. Shake the cuvette gently for
10 minutes. Let the sample sit for an hour. Add 640 ml of 2x concentrated PBS to Protein A
coated silver nanospheres. Shake the cuvette gently for 10 minutes.

3.5.2 Conjugation with BSA
BSA was adsorbed onto 30 nm gold nanoparticles synthesized in the lab because this experiment
required a high concentration of nanoparticles.
Procedure
(1) BSA is weighed in glass vial on electronic weighing balance. Deionized water is then added
to the vial to make the concentration 0.1 mg/ml. The sample is then gently mixed on a mixer
(Vortex-Genie II, VWR International).
(2) Take 2.4 micro litres (μl) of gold colloid in a glass vial. Add 800 μl of BSA dissolved in
deionized water to the cuvette. Take care that no air bubbles are formed as protein can
denature at air/water interface. Shake the vial gently for ~ 10 minutes. After that let the
sample sit for an hour.
(3) Add 128 μl of 25 x concentrated PBS to the cuvette. Shake the vial gently for 10 minutes.
(4) To remove free BSA, centrifuge the sample at 4⁰ C. Divide the BSA nanoparticle solution
into 4 centrifuge tubes and set the centrifuge into motion at 12000 rpm. Let it run for 20
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minutes. BSA coated gold nanoparticles settle at the bottom of the tube while free BSA
molecules remain suspended in the solution. Remove the supernatant with the help of
syringe. Resuspend the conjugated gold colloid in regular strength PBS to obtain the same
volume of the sample as before centrifugation.

3.6 Measurement Techniques
3.6.1 Atomic Force Microscopy
Atomic force Microscopy is a kind of scanning probe microscopy that can provide threedimensional image of the surface. It has a very high resolution of the order of fractions of
nanometer. A schematic diagram of AFM is shown in fig. 3.2 and the actual AFM device used in
this work is shown in fig. 3.3. It consists of a sharp tip attached to a cantilever that is raster
scanned along the surface. The cantilever oscillates at its resonance frequency.

The laser

bounces off from the back of the cantilever and is directed into a four quadrant photo diode
through a mirror. The four quadrant photo detector can detect the motion of the tip both in
horizontal and vertical direction. When the tip comes close to the surface, there is deflection in
the cantilever due to interaction between the tip and the surface. The main forces of interaction
are van der Waal‟s force, electrostatic interaction and Pauli‟s repulsion force. In the attractive
regime van der Waal‟s forces are the most important. The difference between the actual
deflection of the cantilever called setpoint and signal from the photodiode is referred to as error
signal. A PID (proportional, integral and differential) circuit controls the force between the tip
and the sample by adjusting the piezo voltage according to the error signal.
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AFM can be operated in three modes - contact mode, non contact mode or tapping mode.
During scanning in the contact mode the tip is in actual physical contact with the surface and
thus experiences repulsion from the surface. In this mode a constant deflection of the cantilever
is maintained. This mode is used for extremely flat surfaces. Any surface deformation can
change the deflection of the cantilever; causing the z-piezo to adjust the height of the tip above
the sample. Deflection of the cantilever gives information about the surface of the sample. This
mode is not suitable for biological samples as it can damage the samples.

Figure 3.5 Schematics of atomic force microscopy [273]

In non contact mode the cantilever is oscillated at or close to its resonance frequency. The
amplitude of the oscillations is small, typically < 10 nm. When the tip comes close to the surface
the interaction between the tip and surface can damp the oscillations. Any protrusion on the
surface will change the extent of damping; causing the z-piezo to adjust tip height to maintain the
setpoint. In this mode the tip is not actually in physical contact with the sample and is therefore
preferred for biological samples as it does not cause sample degradation.
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Figure 3.6 AFM head mounted on the sample holder stage [273]

Tapping mode is similar to the non-contact mode, but the amplitude of oscillation is higher
(100-200 nm) than in non-contact mode. Again, the cantilever is oscillated close to its resonance
frequency. Close to the surface the interaction forces between tip and sample can cause the
amplitude of the oscillation to decrease. In this mode the tip can occasionally come into contact
with the surface or “tap” the surface. In this study only tapping mode was used.
The resolution of the AFM in the z direction is extremely high with sub nanometer resolution
being possible. However, in lateral direction the resolution is limited by the radius of curvature
of the tip which can be between 10 and 20 nm. The image of the sample that is obtained is
actually a convolution of tip shape and the sample features.
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3.6.2 UV-Visible Extinction Spectroscopy

Attenuation of an electromagnetic wave due to both absorption and scattering is referred to as
extinction. Figure 3.7 shows the set-up for extinction measurement. The experimental set-up
consists of a white light source fitted with optical fiber cable, collimating lens, sample holder and
detector. The light source used in this study was a halogen lamp, HL 2000 purchased from Ocean
Optics, Dunedin, Florida, USA. The light source should be switched on about 20 minutes before
the start of the experiment to ensure it has stabilized. The detector was a hand held Ocean Optics
USB 2000 spectrometer. The USB 2000 spectrometer takes the light energy transmitted by an
optical fiber. This collected light is dispersed through a fixed grating across a linear CCD array
detector. OOI Base 32 software was used to analyze the data. The spectra were recorded at room
temperature.

Figure 3.7 Extinction measurements set-up. The spectrometer is placed inside the pink
temperature controlled box.
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A collimated beam of white light passes through the sample. The light passing through the
sample is collected by a second fiber optic cable and then directed to the spectrometer. The
spectrometer measures the intensity of the light transmitted through the sample and compares it
to the intensity of incident beam of light, i.e., the intensity of light before it hits the sample. To
measure the intensity of incident light a non absorbing medium such as water is placed inside a
cuvette and the light passing through the cuvette is measured by the spectrometer. This is then
recorded as a reference spectrum. Light intensity spectra of both the incident light and light
transmitted through 10 nm gold nanospheres are shown in figure 3.8. As is evident from the
graph maximum attenuation occurs close to resonance (around 520 nm). The extinction spectrum
of 10 nm gold nanoparticles obtained using Lambert-Beer law is shown on right in figure 3.8. In
this extinction set-up, the transmitted light is detected. However, the beam would also contain
light detected in the forward direction. For small nanoparticles used in this study, contribution of
scattering to extinction is small and hence it is not as critical. As the size of the particle increases
the light scattered also increases.
We use Lambert- Beer‟s law to calculate the extinction coefficient of gold nanoparticles. If Io
is the intensity of the incident light and It is the intensity of transmitted light, then absorbance A
is given as

Extinction spectrum of 10 nm gold nanospheres is shown in figure 3.8. Absorbance of a gold
nanoparticles suspension is related to attenuation coefficient (αext) and path length i.e. the
distance the light travels through the medium ( l ) and is given as
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Since extinction is the sum of absorption and scattering, extinction cross section (εext ) of a
particle can be written as

Extinction cross section of a nanosphere can be calculated from attenuation coefficient (αext) and
is given by

where C is the number of particles per unit volume. Extinction efficiency of a sphere is defined
as the extinction cross section per unit area of the sphere and is given as

where a is the radius of the nanosphere. Extinction cross section of a metallic nanosphere can be
even greater than the geometric area of the sphere. Hence, extinction efficiency of a metallic
nanosphere can be greater than 1.

Figure 3.8 On the left, intensity of light passing through water (black line) and light passing
through 10 nm spheres (red line) are shown as function of wavelength of light. On the right the
absorbance, εcl, (containing contribution from both absorption and scattering), of 10 nm gold
nanospheres calculated using Lambert-Beer‟s law is shown.
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3.6.2.1 Temperature Controller for the Spectrometer
The variation of temperature of the spectrometer during the course of experiments can result in
fluctuations in the recorded peak wavelength, especially in experiments which are carried out for
long periods of time (10-20 hours). Therefore, the spectrometer was placed inside a home built
temperature controlled box (see figure 3.9). The box was built out of Styrofoam. It was fitted
with a resistive heater. The temperature was controlled with a PID based temperature controller
(Micromega® CN77000 series controller) which was purchased from Omega engineering Inc.
(Stanford, USA). With the help of this set-up the temperature was maintained to within ±0.3 K.

Figure 3.9 Temperature controlled box containing the USB 2000 spectrometer along with power
supply and temperature controller.
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3.7 Localized Surface Plasmon Resonance

Localized surface plasmon resonance (LSPR) refers to the collective oscillation of the
conduction electrons in metallic nanoparticles such as gold, silver, platinum etc. This resonance
occurs when the frequency of the incident radiation is in resonance with surface plasmons and
metal nanoparticles exhibit this resonance in UV-visible spectral region. Surface plasmon
resonance is only possible when these charge oscillations are confined and are therefore absent in
bulk materials. LSPR results in strong absorption with extremely large molar extinction
coefficients ~ 3 x 1011 M-1 cm-1 [274], resonant elastic scattering [275]. Another important aspect
of LSPR is the enhancement of the local electromagnetic fields which is further responsible for
effects such as surface enhanced Raman scattering.

Fig. 3.10 Localized surface plasmon resonance (taken from ref. 276)

The position as well as magnitude of the plasmon resonance peak depends strongly on the
shape, size, size distribution, as well as the dielectric properties of the surrounding environment
(see figure 3.11 and 3.12).
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Figure 3.11 Gold and silver nanoparticles of various shapes and sizes. (A) Transmission electron
micrograph images of various nanoparticles (1) Red solution contains 13 nm gold nanospheres.
(2) Yellow solution contains a mixture of silver nanospheres, trigonal prisms and polygon
platelets. (3) Green solution consists of silver nanoparticles of various shapes (spheres, trigonal
prisms and polygon platelets). (4) Light blue solution contains silver trigonal nanoprisms and
polygon nanoplatelets. (5) Dark blue solution contains silver nanoparticles (trigonal prisms with
rounded tips and polygon platelets). (6) Purple solution contains inhomogeneous oblong silver
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nanoparticles. (B) Extinction spectra of all the above solutions are shown (colour of the line
corresponds to the colour of the solution). (Image taken from ref. 277)

Figure 3.12 Shift in the position of plasmon resonance peak of gold nanoparticles as a function
of refractive index of the surrounding medium for gold nanoparticles of different shapes (image
taken from ref. 278).

3.7.1 Mie theory
Mie theory provides an exact solution to scattering of electromagnetic waves by particles. Mie
theory has been described in detail in reference 279. To intuitively understand the behaviour of
small spheres let us look at the first few terms in the expansion of extinction, absorption and
scattering efficiencies of these small spheres.
By retaining only those terms with order x4, we obtain the following expressions for extinction,
scattering and absorption efficiencies. Here x (size parameter) = ka = 2πNa/λ, m is the relative
refractive index, k and k1 are the wave vectors in medium and inside the sphere, N and N1 are the
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refractive indices in the medium and inside the sphere and a is the radius of the sphere.
Scattering efficiency (Qsca), absorption efficiency (Qabs) and extinction efficiency (Qext ) are
given as follows.

For extremely small spheres absorption cross section can be written as

If (m2-1)/(m2+2) is not a function of wavelength, the

Thus, extinction spectrum will vary as 1/λ if absorption is the main contributing factor towards
extinction. On the other hand, if scattering is the major contributor, then extinction varies weakly
with wavelength. Further, absorption is proportional to the radius of the sphere whereas

84

scattering is proportional to the fourth power of the radius. That is why absorption dominates
over scattering for small colloids whereas scattering is dominant for bigger colloidal particles.

3.7.2 Optical Constants

Optical properties of a material are usually described by either refractive indices or dielectric
functions [279]. Refractive index of a material

is related to dielectric function

.

To find the optical constants we use Lorentz model in which electrons and ions are treated as
simple harmonic oscillators. The driving force is provided by the applied electromagnetic fields.
The equation of motion of such a system is
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Where m is the mass of the oscillator, e is the charge of the oscillator, E is the applied field, b is
the damping constant and K is the spring constant. This equation can be solved to give the
dielectric function [279]

where

is the frequency of the applied field,

frequency which is given as,

and

is the bulk plasmon

, where N is the number of oscillators per unit

volume. In metals, plasmon resonance is due to the collective oscillations of free electrons. In the
classical model the nanoparticle can be considered as a network of periodic, immobile positive
ions, where conduction electrons are free to move against those immobile ions. If at any instant
electrons are not at equilibrium, this results in an electric field due to uneven distribution of
charges. The system wants to return to equilibrium. However, the electrons overshoot the
equilibrium position due to the momentum acquired from the field. This results in an oscillation.
The free electron response can be calculated from Lorentz model by setting spring constant K =
0. In that case dielectric function is given as

This is the Drude model for the optical properties of free electron metal. In this case, plasmon
frequency is given as

where

is the density of free electrons, e and m are the
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charge and effective mass of the free electrons. The damping is due to electron collisions and
electro-phonon scattering. The above results for free and bound electrons can be combined to
give the optical properties of the system.

Where subscript j refers to the jth type of oscillator whereas subscript e refers to free electrons.

3.7.3 Surface Modes in Small Spheres
If we only consider the first term in the expansion of electric field (E1) inside the sphere,
The field increases with r and attains the maximum value at
the r = a, i.e. at the surface of the sphere. As the normal mode (n) increases, the field is localized
more near the surface of the spheres. Therefore, these modes are referred to as surface modes. If
we consider vanishingly small spheres, i.e.,

then the condition for the scattering

coefficients an to dominate is

For bn, there is no solution in this limit. For extremely small spheres, a1 will be the dominant
coefficient. Then, for mode for n = 1, the condition 3.11 is
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The complex dielectric functions of the sphere are then related to the dielectric functions of the
medium by

The frequency at which the above conditions are met is referred to as Fröhlich frequency and the
corresponding mode is called Fröhlich mode. The absorption efficiency is given as

The condition mentioned above is valid only for infinitesimally small x. If we consider more
terms in the series expansion, then the dielectric function is given as
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Figure 3.13 Shift in the plasmon resonance peak to longer wavelengths with increase in the size
of the gold nanospheres based on Mie theory (solid line) and experimental data (symbols).
(Image taken from ref. 266)

If ϵ′ increases with frequency, then an increase in the size of the sphere (

shifts the

Fröhlich frequency to smaller values. Thus, resonance condition is met at lower frequencies or
longer wavelengths (as shown in figure 3.13).
For coated spheres the condition for Fröhlich mode is given as [279]

Here ϵ1 and ϵ2 are the dielectric functions of the sphere core and the coating respectively and f is
the fraction of volume occupied by the coating.
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Figure 3.14 Position of the plasmon peak vs. diameter of gold nanospheres.

If the size of the particle becomes smaller than the mean free path of the electrons in the bulk
matter, then condition 3.15 does not hold any longer (figure 3.14). In that case the mean free path
of conduction electrons can be influenced by collisions with particle boundary. The dielectric
function of the metal can be decomposed into two parts - one due to bound and the other due to
free electrons. Only the free electron term is affected by the mean free path limitation. In case of
free electrons, damping constant, inverse of the collision time (τ), increases due to collisions with
the boundary of the particle.

Where γbulk is the bulk metal damping constant, vf is the Fermi velocity and L is the effective
mean free path for collisions with the boundary. For spheres L = 4a/3 was suggested by Kreibig
[280]. Real part of the dielectric is not affected much by the mean free path limitation but the
imaginary part of the dielectric function increases. It lowers the peak height and broadens the
peak resonance.
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Chapter 4
Protein Adsorption on Gold Nanoparticles: Influence of Gold Nanoparticle
Size on the Optical Properties and Binding Activity of Immunoglobulin G,
Staphylococcal Protein A and Streptavidin

4.1 Introduction

Nanoparticles are being increasingly used in varying fields such as medical diagnostics and
biosensors, drug delivery, cosmetic products and cancer therapy [281-284]. In addition, the use
of nanoparticles in non-medical applications (car wax, sunscreens, textiles etc.) increases the
accidental exposure of humans to nanoparticles. These situations result in an need to characterize
the interactions of nanoparticles with biological molecules.

This is especially true for

protein/nanoparticle combinations which have similar characteristic length scales. Today,
nanoparticles of various chemical composition, sizes and shapes can be generated [285], and all
of these properties have a strong influence on the structure and function of the absorbed protein.
To successfully employ nanoparticle-based biosensors it is important that biomolecules such as
proteins adsorbed on the nanoparticles retain their biological activity. Although several studies
have focused on protein adsorption on nanoparticles [286-288], a detailed understanding of the
actual state of the adsorbed protein or about the functional consequences of protein adsorption to
nanoparticles still eludes us. Detailed studies are required to understand the effects of adsorption
on protein structure, to determine orientation and to study the effect of orientation on protein
activity. Such studies would not only help us in characterizing the protein nanoparticle system
but also help in designing biosensors based on nanoparticles.
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The study of the behavior of proteins on interfaces is the science that underpins the entire
field of biomaterials, and has been a subject of fascination for the past century [289]. Adsorption
of proteins on surfaces can lead to changes in the structure and hence biological activity of the
adsorbed protein [290]. Changes in protein conformation due to adsorption depend on both the
nature of the substrate and the protein [120, 225, 291, 292] (For details see chapter 2). In the case
of protein adsorption onto nanoparticles an additional factor, i.e., the boundary of nanoparticles
comes into play. The effect of the local curvature and the resulting steric effects on protein
adsorption are not well understood. When the size of nanoparticles becomes comparable to the
dimensions of the proteins it seems reasonable that this can affect (and perhaps dominate) the
possible binding mechanisms through steric hindrance and hence influence their functionality.
The effect of curvature on the structure and stability of adsorbed proteins is not properly
understood. Some studies have shown that small globular proteins like BSA are increasingly
destabilized by the curvature of nanoparticles with smaller nanoparticles inducing more
destabilization [253, 254]. Other studies show that curvature of nanoparticles actually stabilizes
the adsorbed protein as compared to protein adsorbed on flat or pseudo flat surfaces or even
protein in solution [224, 256, 258, 260]. The degree of stabilization/destabilization of proteins by
the size of nanoparticles further depends on the size, shape, orientation and nature of protein
[259]. Therefore, the effect of nanoparticles curvature on the structure/function of protein cannot
be generalized as results for one protein differ from those of other proteins. This is the first in
vitro study to probe the effect of size on the binding activity of adsorbed immunoglobulin G
(IgG), Staphylococcal protein A (Protein A) or Streptavidin on gold nanoparticles.
In this chapter the study on the optical extinction measurements of gold nanoparticles to
probe the LSPR of the nanoparticle-protein systems is discussed. These extinction measurements
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were made to determine the size dependent change in the binding activity of model proteins –
IgG, Protein A and Streptavidin. Streptavidin is smaller in comparison to both Protein A and
IgG. Further, all the proteins under study have different shapes. Protein A is a rod-shaped
molecule whereas IgG is a Y-shaped molecule. On the other hand Streptavidin can be
approximated as an elliptical molecule. Binding activity for Protein A and IgG was probed on
gold nanoparticles in the size range 5-60 nm. This size range was chosen so that the diameter of
the gold nanoparticles becomes comparable to the dimensions of the proteins. Specifically, 5-10
nm spheres have diameters smaller than the length scales of proteins under study. Spheres sized
15-20 nm have length scales comparable to those of IgG and Protein A, whereas spheres with
diameter > 30nm are bigger than the proteins under study. Adsorption of Streptavidin was
probed on gold nanoparticles with diameters ranging from 5 to 30 nm. Streptavidin did not form
stable conjugates with gold nanoparticles in the size range 40 to 60 nm. The results indicate that
IgG and Protein A adopt different orientations on bigger spheres (≥ 30nm) as compared to
smaller nanoparticles. Interestingly, although optical properties of both the adsorbed proteins
depend on the size of the nanoparticle, their binding activities are not similarly affected by the
size of the gold nanosphere. The binding activity of Streptavidin was not affected by the size of
the gold nanoparticles.

4.1.1 Experimental Details
Details regarding protein samples and unconjugated gold and silver nanoparticles are given in
chapter 3. The concentrations and extinction coefficients of gold nanoparticles are given in table
4.1. Aqueous solutions of silver nanoparticles of sizes 20 and 40 nm had concentrations of 7 x
1010 and 9 x 109 particles/ml.
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Gold nanoparticle diameter (nm)

Concentration (particles/ml)

Extinction coefficient (M-1cm-1)

5

5x1013

9.696 x 106

10

5.7x1012

9.550 x 107

15

1.4x1012

3.640 x 108

20

7x1011

9.406 x 108

30

2 x1011

3.583 x 109

40

9x1010

9.246 x 109

50

4.5x1010

1.935 x 1010

60

2.6 x1010

3.535 x 1010

Table 4.1 Concentrations and extinction coefficients of gold nanoparticles (taken from ref 293)
Since polyclonal rabbit IgG has various sub classes, it does not have a single isoelectric point.
The isoelectric point of rabbit IgG is found in the range 6.0-8.0. Therefore the pH of aqueous
IgG solution was adjusted to slightly above 8.0 using 0.2 M NaOH before conjugation. Only a
few drops of NaOH were added so that the concentration of IgG solution did not change. After
conjugation the spectra were recorded as described in chapter 3 (see figure 3.7). For binding
studies the second protein solution was added to the conjugated gold nanospheres and allowed to
sit for 30 minutes following procedure described in references 294 and 295. The spectra were
recorded 30 minutes after addition of the second protein solution. The spectra were again
recorded 24 hours later and no change was observed.
Localized surface Plasmon resonance of gold nanoparticles has been previously established as
a technique with a capability to monitor protein binding events [249, 296]. Details of LSPR
technique have been described in chapter 3. Briefly, it refers to the collective oscillations of the
conduction electrons in metallic colloids. The position and magnitude of the LSPR spectrum
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depends not only on the size, shape and composition of the nanoparticles but also on the
dielectric properties of the immediate surroundings of the nanoparticles. For bare particles,
resonance depends on the optical properties of the medium. For coated particles it depends on the
thickness and refractive index of the coating and the refractive index of the surrounding medium.
Adsorption of protein onto the nanoparticles causes a shift in the peak position due to the change
in the optical properties of the surrounding environment. Binding of ligands in solution with
these surface adsorbed proteins results in additional changes in dielectric properties of the
surrounding environment of metallic nanospheres. The changes in local environment due to
molecular binding events can be followed by monitoring the small shifts in the peak position of
the LSPR spectrum.
Surface Plasmon based techniques require no extrinsic labeling such as radioactive labeling
or fluorescent dye. Another advantage of this technique is that only the protein attached to the
nanoparticles is sensed. Unadsorbed protein (i.e. protein present in the bulk solution) has no
effect on the LSPR of gold nanoparticles even when the concentration of the free protein is
orders of magnitude greater than that of the adsorbed protein. In addition, the actual optical
extinction measurements are straightforward to perform and do not require an elaborate set-up.

4.1.2 Data Analysis

The experimental spectra were automatically smoothed using a local negative exponential
smoothing technique with second degree polynomial regression. The spectra were then
normalized and differentiated. Comparison between differential of raw and smoothed data is
shown in fig. 4.1. To find the extinction peak the numerical derivative was fitted to a linear
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function to find zero crossing (shown in fig.4.2 for bare and coated 15 nm gold spheres). With
this procedure the extinction peak position can be determined with an accuracy of 0.2 nm.

0.010

dA/d

0.005

0.000

-0.005

smoothed
raw

-0.010
524

528

532

wavelength (nm)
Figure 4.1 Comparison between differential of raw (circles) and smoothed data (triangles)
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Figure 4.2. Numerical derivative (slope) of the extinction spectrum for bare (squares) and coated
(circles) 15 nm gold spheres vs. wavelength. Lines show the linear fitting of the actual points of
the slope to find the point of zero crossing.

Within the context of an approximation that protein adsorbed on the spheres forms a uniform
and isotropic coating, we can theoretically calculate the extinction spectrum of the conjugated
nanoparticles using Mie Theory as described in chapter 3. Using the routines described in
reference 253, extinction spectra are generated for each sphere size over a range of refractive
indices and coating thicknesses. We can then determine peak wavelength (λo) and the maximum
extinction (εo) for each of the calculated extinction spectra. Using these values we can generate
contour plots for peak wavelength (λo) and peak extinction (εo) value as a function of coating
thickness and refractive index (as shown in figure 4.3 for 30 nm spheres). Using these contour
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plots we can correlate the experimentally measured values of peak wavelength

and peak

extinction to the values of coating layer thickness (h) and refractive index (n) required to produce
a theoretical spectrum with the same λo and εo within the spherical shell model of a protein.
While we do not necessarily expect the number generated within the context of this simple
model to be quantitatively precise, changes in the number, or comparisons between different
nanosphere sizes, should be indicative of changes in the real physical system.
The amount of protein adsorbed per unit area of the spheres (Г) can be determined from the
thickness and the refractive index of the adsorbed protein layer and is given by [182].

where d is average layer thickness, np is the refractive index of the protein layer, ns is the
refractive index of the buffer solution and (dn/dc) is the refractive index increment (specific
refractivity) of the adsorbed protein layer. Specific refractivity (dn/dc) is equal to 0.212 cm3/g for
streptavidin [297] and 0.188 cm3/g for Protein A and IgG [120].
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Figure 4.3 Contour plots showing the results of Mie scattering calculations for uniformly coated
30 nm gold nanospheres. Position and extinction efficiency of Plasmon peak is plotted against
refractive index and thickness of the adsorbed protein layer.

4.2 Adsorption Studies

4.2.1 Introduction to Proteins - Protein A, IgG, and Streptavidin
IgG and Protein A have a strong mutual binding affinity. Protein A molecules are used for
purification [298] and immobilization [299] of antibodies. Immunoglobulin’s conjugated
nanoparticles are used for biosensing [300] and drug delivery [301, 302]. Protein A is a 42 kDa
protein built of a single polypeptide chain. Protein A has five homologous IgG binding units (E,
D, A, B and C). Each domain contains 56-61 amino acid residues and is capable of binding to Fc
99

domain of IgG. The C-terminal region is referred to as part X and is responsible for attachment
to the cell wall. It has a very elongated shape and does not bind to IgG [303, 304, 305]. The
length of entire Protein A molecule is expected to be 20-30 nm [307]. Schematic of protein A
molecule is shown in figure 4.4.

Figure 4.4 Schematic diagram of Protein A showing 5 IgG binding domains - E, D, A, B, C and
the cell wall binding domain X.

Figure 4.5 Schematic diagram of Immunoglobulin G showing binding sites for Protein A (Fc
binding sites) and Anti-IgG (Fab binding sites).

IgG antibody is a large Y shaped molecule of about 150 kD. Schematic diagram of IgG is
shown in figure 4.5. Each IgG molecule is composed of 4 peptide chains - 2 heavy chains of 50
kD each and 2 light chains of 25 kD each. Heavy chains are linked to each other by disulfide
bonds (black curvy lines in fig. 4.5). The light chains are also attached to the heavy chains
through disulfide linkages. Functionally, IgG consists of three domains: 2 Fab domains, each of
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which contains an antigen binding site and an Fc region, responsible for binding to cells. Its
dimensions are 7.0 nm x 6.3nm x 3.1 nm for Fab and 8.2 nm x 5.0 nm x 3.8 nm for Fc part [307].

Figure 4.6 On the left Streptavidin tetramer (Figure taken from reference 308) and on the right
biotin.

Streptavidin is 60 kD homo-tetrameric protein purified from bacterium Streptomyces
avidinii. Streptavidin is composed of 159 residues per chain and has an isoelectric point of ~ 5.
The dimensions of Streptavidin are 4.5 nm x 4.5 nm x 5.0 nm [297]. All four monomers are
identical with a molecular weight of nearly 15 kD. Each monomer has a beta barrel structure
containing eight beta strands arranged in anti-parallel fashion (fig. 4.6).

To probe the

functionality of adsorbed Streptavidin, its binding to vitamin biotin was utilized.
[(3aS,4S,6aR)-2-oxohexahydro-1H-thieno[3,4-d]imidazol-4-yl]pentanoic

acid,

5-

commonly

referred to as biotin or vitamin H or Vitamin B12 is a water soluble vitamin. Biotin consists of
uriedo (tetrahydroimidizalone) ring fused with a tetrahydrothiophene ring. The molecular
dimensions of biotin are 0.53 nm x 1.0 nm x 2.1 nm [309]. Biotin helps in metabolism and
transportation of carbon dioxide. It also regulates blood sugar levels. Biotin- Streptavidin system
was chosen because Biotin-Streptavidin linkage is the strongest non-covalent interaction with
dissociation constant of the order of 10-14 mol/L [310]. Due to their high binding affinity and
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easy availability Streptavidin and biotin are used in various biochemical assays, affinity
chromatography, and as linkers for attachment of DNA, proteins, and other ligands [311 – 315].
Each of the four subunits of Streptavidin binds biotin with equally high affinity. The biotin
binding site is located in the interior of each monomer (shown in figure 4.7). Each monomer
binds to biotin with same binding affinity.

Figure 4.7 Schematic of streptavidin molecule in the unbound (left) and bound state (right) and
the resulting ordering of the surface loops (Figure adapted from ref. 316)

This is first study to probe the effect of the size of the nanoparticle on the binding activity
of adsorbed Streptavidin. Lea and Gross [317] used electron microscopy to study thickness of
the adsorbed IgG and Protein A layers on gold nanoparticles with diameters ranging from 8 nm
to 40 nm. To image protein conjugated gold nanoparticles with electron microscope, the samples
had to be dried. In the present study we not only calculate the optical properties (effective layer
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thickness and refractive index) of the adsorbed protein layers but also study their binding
activities by looking at changes in the LSPR peak position upon exposure to other proteins.
These studies are conducted over a wide range of gold nanoparticles size (5-60 nm) in aqueous
solution to exclude drying effects.

4.2.2 Adsorption of IgG onto Gold Nanoparticles

The peak wavelength values for both bare and IgG coated gold nanospheres are shown in
figure 4.8. The position of the Plasmon resonance peak of gold nanospheres in the size range 1060 nm lies in the red region of the visible spectrum. The position of the Plasmon peak varies
from 516 nm for 10 nm gold nanoparticles to 534 nm for 60 nm gold nanospheres. A shift in the
position of plasmon peak on addition of IgG molecules clearly indicates that IgG has adsorbed
onto gold nanoparticles.
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Figure 4.8 Plasmon peak position values for bare gold nanospheres (circles) and IgG coated gold
nanospheres (triangles) vs. diameter of gold nanoparticles.

4.2.2.1 Optical Thickness and Refractive Index of Adsorbed IgG
Fig. 4.9 shows the optical thickness of the adsorbed IgG layer. The thickness of IgG coating
layer varies with the size of the gold nanoparticle. The width of IgG layer on 10 nm gold
nanospheres is 4 nm. Thickness of 4 nm roughly corresponds to the width of both Fab and Fc
segments of IgG molecule. As the size of the gold sphere increases, the thickness of the adsorbed
IgG layer also increases. The width of the layer varies from 13 to 17 nm on 30-60 nm spheres.
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The calculated value of layer thickness on spheres with diameter ≥ 30 nm is roughly equal to the
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Figure 4.9 Optical thickness of adsorbed IgG layer as a function of diameter of gold
nanoparticles

We also measured the thickness of the coating using AFM. For those measurements, first,
bare 10 nm gold nanospheres were deposited on a silicon wafer and then imaged with AFM in
tapping mode. Later, IgG coated 10 nm gold nanospheres were also deposited on a wafer and
imaged. Average height of bare nanospheres was found to be 10 nm whereas the average height
of IgG coated nanospheres came out to be 17 nm. This height is the sum of diameter of gold
nanospheres and twice the width of coating. Thus, average width of IgG coating on 10 nm gold
nanospheres is 3.5 nm. This result agrees reasonably with calculated value. It should be noted

105

that the protein thicknesses obtained using AFM are affected by drying of the protein layer, by
the tip-sample interaction and also by water-protein interaction.
Calculated values of the effective refractive indices of IgG layer are plotted in figure 4.10.
The refractive index of the adsorbed IgG layer also depends on the size of the nanoparticle.
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Figure 4.10 Apparent refractive indices of adsorbed IgG layer as a function of diameter of gold
nanoparticles.

The apparent refractive index of the adsorbed protein layer increases from 1.39 on 10nm
nanospheres to 1.42 on 15 nm nanospheres. For spheres with diameter ≥ 15 nm the refractive
index of the adsorbed layer decreases as the size of the gold nanosphere increases. The apparent
refractive indices of IgG layer on 40-60 nm spheres lie between 1.36-1.37. High value of
refractive index on 15 nm spheres could be due to the high packing density of adsorbed IgG
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layer on these spheres (see figure4.11). For sphere sizes between 40 and 60 nm there is relatively
small change in the refractive index value. Smaller layer thickness and higher refractive index
values on spheres with diameter < 20 nm indicate that the structure of adsorbed IgG layer is
different from that of spheres with diameter > 20 nm. IgG absorbed on nanospheres with
diameter ≥ 30 nm does not show any size dependence. It is interesting to compare the effective
thickness (13-17 nm) and refractive indices (1.36-1.4) of adsorbed IgG layer on these sizes with
those reported for flat surfaces. Malmsten reported values of ~18 nm and ~1.37 for thickness and
refractive index, respectively, for IgG layers adsorbed onto flat methylated silica surfaces using
ellipsometry [120]. Elwing and coworkers calculated the adsorbed IgG layer thickness and
refractive index to be 17±5 nm, 1.39±0.02 on flat hydrophobic surfaces [318]. This comparison
suggests that in the case of spheres with diameter ≥ 30 nm the radius of curvature is large enough
that the protein adopts the same configuration as it does on a flat surface. Further, the thickness
of IgG layer adsorbed on spheres ≥ 30 nm is comparable with the length of a single IgG
molecule (~15 nm). It is possible that IgG adopts an end-on orientation on these spheres. End–
on adsorption of IgG has previously been observed by Morrissey and Han on polystyrene [176]
and by Bagchi and Birnbaum on poly (vinyl toluene) colloidal particles [319]. As compared to
these big spheres (≥ 30 nm), calculated value of layer thickness 10nm sized spheres is only 4 nm.
One possible scenario would be that IgG adopts side-on orientation on 10 nm spheres.

4.2.2.2 Calculations for Adsorbed Amount of IgG per Unit Area
Figure 4.11 shows the amount of IgG adsorbed per unit area on gold nanospheres of sizes 10-60
nm. Packing density of the adsorbed layer varies with the size of the nanoparticle. Specifically,
coverage of adsorbed IgG layer increases from 1.52 mg/m2 on 10 nm spheres to a maximum
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value of 4.5 mg/m2 on 30 nm spheres. 40 nm spheres actually have a lower surface coverage (2.8
mg/m2) than 30 nm spheres. Further increase in the sphere size (50-60nm) does not result in
changes in the adsorbed amount per unit area. Teichroeb and coworkers found a similar change
in surface coverage of adsorbed BSA as a function of the size of the nanoparticles in their study

adsorbed amount (mg/m2)

on denaturation kinetics of BSA [254].
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Figure 4.11 Amount of IgG adsorbed per unit area on gold nanospheres calculated using
equation 4.1 vs. diameter of gold nanoparticle

A side-on monolayer packing of IgG would lead to coverage of 2.0 mg/m2 whereas an end on
adsorption would lead to coverage between 2.6 mg/m2 and 5.5 mg/m2 depending on the repulsion
between the Fab arms [306]. The small amount of IgG adsorbed on 10 nm spheres might imply
that close packed monolayer coverage is not realized for these small sized spheres. Due to their
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compact three dimensional tertiary structures, protein molecules are not flexible like linear
polymers. Therefore, it is possible that higher curvature of smaller nanoparticles constraint the
way proteins pack onto these small structures. Hence, there might be relatively large areas on
these small nanospheres with no protein coverage [320]. Amount of protein adsorbed per unit
area for all sphere sizes ≥ 15nm is greater than 2.0 mg/m2, i.e., it exceeds the amount per unit
area for side-on monolayer coverage. Coating thickness values of 13 to 15 nm and adsorbed
amounts between 2.7 and 4.5 mg/m2 on spheres of diameter 30-60 nm agree with the end-on
orientation of IgG on these spheres. Adsorbed IgG layer density of 3.5 and 3.9 mg/m 2 on 15 and
20 nm spheres, respectively, is greater than calculated layer density for side-on monolayer
coverage. However, calculated coating thickness value of nearly 8 nm observed on these spheres
does not agree with end-on orientation on these sizes. It could be possible that there is a
transition from a side-on to a more end-on orientation on these sphere sizes (see figure 4.26) or
both side-on and end-on orientations coexist on these spheres.
Further, we calculated the number of protein molecules attached to a single sphere by dividing
the total adsorbed mass with the mass of a single protein molecule (figure 8). It is clearly evident
from the figure that the number of attached IgG molecules does not increase linearly with the
increase in the surface area of the sphere. The rate of increase of the number of attached
molecules on spheres with diameter ≥ 30 nm is different from that of smaller nanoparticles (520 nm). This again shows that packing of IgG molecules on spheres > 30 nm proceeds in a
different manner as compared to smaller spheres. This could be due to different orientations of
IgG on these sphere sizes.
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Figure 4.12 Number of IgG molecules attached to single gold nanosphere vs. square of the
radius of the gold nanoparticle

4.2.2.4 Effect of Change in the Amount of IgG
We also probed if the thickness of adsorbed protein layer would depend upon the amount of
protein added. These studies were conducted on 30 nm gold nanospheres. For these studies we
added 10 ml, 100 ml and 150 ml of 1 mg/ml of IgG solution to 600 ml of gold nanosphere
solution. We calculated the optical thickness values of the adsorbed IgG layer from the values of
the position and extinction values of Plasmon peaks (shown in figure 4.13).
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Figure 4.13 Optical thickness of adsorbed IgG on 30 nm spheres vs. the amount of IgG added to
gold nanospheres.

There is little variation in the thickness of IgG layer. Even with a tenfold increase in the
amount of IgG there is little increase in the coating thickness. Coating thickness values point
towards end-on adsorption for different added amounts (10, 100 and 150 μg). The result is not
surprising since even the smallest amount of added IgG (10 μg) exceeds the minimum amount of
IgG required to stabilize the nanoparticles. Our results agree with the ellipsometric
measurements of thickness of IgG layer adsorbed onto flat silicon surfaces [120]. In that study, it
was also observed that thickness of the adsorbed IgG layer did not vary with bulk concentration.
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4.2.3 Adsorption of Protein A on gold nanospheres

4.2.3.1 Optical Thickness and Refractive Index of Adsorbed Protein A
The results for effective coating thicknesses of Protein A layer adsorbed on gold nanospheres
and modeled as above are shown in fig. 4.14. Just as is the case for IgG, the thickness of Protein
A layer also depends upon the size of the nanoparticle. Calculated layer thickness value is the
smallest (~ 2 nm) for 5 nm particles, the smallest sphere size under study. The width of the layer
increases with size of the sphere to a maximum value of 20 nm on 60 nm spheres.
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Figure 4.14 Optical thickness of Protein A layer vs. gold nanosphere diameter

The effective refractive index of the adsorbed layer also varies with the size of the spheres
(see fig. 4.15). The refractive index of adsorbed Protein A layer varies from 1.48 to 1.36. In
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general, the refractive index of the adsorbed Protein A layer decreases as the sphere size
increases. Variation in the values of layer thickness and refractive indices as a function of sphere
size could imply that the structure of the adsorbed protein layer varies with the size of the
nanosphere. There is little variation in both layer thickness and refractive indices on spheres with
diameters ≥ 40, i.e., there is no size dependence for these relatively big spheres. If we compare
the observed layer thickness with the dimensions of Protein A molecule, thickness of 2 nm seen
on 5 nm spheres is comparable to the width of a Protein A molecule whereas the width of 20 nm

effective refractive index

(on 60 nm spheres) is roughly equal to the length of Protein A molecule.
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Figure 4.15 Apparent refractive indices of adsorbed Protein A layer vs. gold nanosphere
diameter
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Our results for layer thicknesses agree qualitatively with those of Lea and Gross [317] who
used electron microscopy to monitor the width of Protein A and goat-anti rabbit IgG layers on
gold nanoparticles of varying sizes (7-40 nm). These authors also observed that the thickness of
the coating layer varied with the size of nanoparticles - the observed thickness of both Protein A
and IgG varied from about 3nm to 8 nm depending on the size of the gold nanoparticle. In
general, the thicknesses of protein layers reported by these authors are smaller than those found
in this study. This is likely due to differences in the sample-preparation. Their method of ethanol
dehydration - critical-point-drying for sample-preparation can cause shrinkage of samples, which
may explain the smaller thickness values obtained in their study. The protein to gold ratio
employed in their study also differs from the ratio in the current study. Protein concentration can
affect the number of protein molecules binding to a gold nanosphere and hence the structure of
the adsorbed layer [320]. Also, BSA and polyethylene glycol were used as stabilizing agents,
which can further affect the adsorbed layer thickness.

114

4.2.3.2 Calculation for the Adsorbed Amount of Protein A per Unit Area
The packing density of Protein A also depends on the size of the gold nanoparticles. The amount
of Protein A adsorbed per unit area increases from 1.5 mg/m2 on 5 nm spheres to ~3 mg/m2 on
30 nm spheres (data shown in figure 4.16). With further increase in the sphere size (40-50 nm)

amount adsorbed (mg/m2)

there is little variation in the packing density of adsorbed Protein A layer.
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Figure 4.16 Amount of Protein A adsorbed per unit area vs. diameter of gold nanosphere

Packing of rod-shaped Protein A molecules is more efficient on nanoparticles with diameter ≥
30 nm as compared to smaller nanoparticles. Higher curvature of smaller nanoparticles can
restrict the way protein packs on it and hence result in lower packing density. The number of
115

number of protein A molecules

Protein

A

molecules

adsorbed

on

gold

nanospheres

is

plotted

in

figure

4.17.

600

400

200

0
0

250

500

750

square of the radius of nanosphere (nm2)
Figure 4.17 Number of Protein A molecules attached to a single nanosphere vs. square of the
radius of the nanospheres

Just, as seen in the case of IgG conjugated gold nanoparticles, as the surface area of the
nanospheres increases, more protein molecules are able to attach to the nanosphere. Again, the
increase in the number of attached molecules is not linear with the increase in the surface area of
the nanospheres. This could be possibly due to the different orientations adopted by Protein A
molecules on bigger spheres (≥ 20 nm) as compared to smaller spheres. Interestingly, while in
case of Protein A molecules, the transition occurs at 20 nm, for IgG coated nanospheres the
change in the behaviour occurs at 30 nm. This could be due to the fact that these two proteins
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have different sizes and shapes and hence their packing would be different on a nanosphere of
same size.
Protein A is a rod shaped protein, ~2 nm in diameter and ~25 nm long. A layer thickness
value of 20 nm on 60 nm spheres suggests an end-on orientation whereas a 2 nm thick protein
layer on 5 nm spheres could imply a side-on orientation on these spheres. Calculated packing
density of Protein A molecules on 5 nm spheres (2.1 x 1012 molecules/ cm2) agrees well with the
packing density of a closed packed side-on monolayer of Protein A molecules (2 x 1012
molecules/ cm2) calculated by Onishi and coworkers from the dimensions of Protein A molecule
[305].

Figure 4.18 Possible orientations adopted by Protein A (pink rods) on 5 nm (left) gold
nanoparticle (yellow circles) and 60 nm gold nanoparticle (right).
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If rod shaped protein molecules were to adopt an end–on orientation on smaller spheres, the
protein-protein interactions would be small as the protein backbones would be separated by a
larger distance due to the curvature of the spheres. Also, there are relatively few molecules
attached to small spheres. Hence, based on the observed layer thickness values, it can be
speculated that Protein A adopts a side-on configuration on small spheres to maximize the
protein-surface interactions. As the sphere size increases, a part of Protein A molecule might be
attached to the spheres with their free ends suspended in the solution. On bigger spheres, with the
radius of curvature being large, protein-protein interactions are maximized and hence an end-on
orientation could be favored. Possible orientations adopted by Protein A on nanoparticles of two
extreme sizes (5 and 60 nm) are shown in fig. 4.18. Similar transition from a side-on orientation
on smaller spheres to an end on orientation on bigger spheres have been reported for another rod
like molecule, fibrinogen adsorbed on silica nanoparticles [259].

118

4.2.4 Adsorption of Streptavidin on Gold Nanospheres

4.2.4.1 Optical Properties of Streptavidin Layer

Calculated optical thickness values of Streptavidin adsorbed on gold nanoparticles are plotted in

streptavidin layer thickness (nm)

figure 4.19.
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Figure 4.19 Optical thickness of Streptavidin layer on gold nanoparticles vs. diameter of gold
nanoparticles.

Just as in the case of Protein A and IgG, the width of Streptavidin layer varies with the size of
the gold nanoparticle. Specifically, the thickness of the coating increases from ~1.5 nm on 5 nm
spheres to about 7 nm on spheres with diameter 30 nm. Coating thickness values between 4 and
7 nm observed on nanospheres in the size range 15-30 nm. This thickness value roughly
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corresponds to the dimensions of a single Streptavidin molecule. A similar value of thickness (~
6.3 nm) for Streptavidin adsorbed on biotin terminated flat surface has previously been reported
by Touahir and co-workers [309]. Herron and coworkers calculated a thickness of 5 nm of
Streptavidin layer on flat biotinylated surfaces assuming a refractive index of the layer as 1.46
[321]. Reiter and coworkers also studied the optical properties of Streptavidin binding to
biotinylated lipids using ellipsometry [297]. They calculated that the average thickness of
adsorbed Streptavidin layer was ~ 4.5 nm under assumption that the refractive index of the
adsorbed layer was 1.47. Morgan et. al. used surface Plasmon resonance to calculate the
thickness of adsorbed Streptavidin films [322]. They found that the thickness of the adsorbed
Streptavidin layer varied from one sample to another. The width of Streptavidin layer varied
from 2 nm to nearly 5 nm depending on the degree of coverage of the sample. The width of
Streptavidin layer on 5 and 10 nm spheres are ~ 1.5 and 2 nm respectively. This layer thickness
value is less than 4 nm, the smallest dimension of a Streptavidin molecule. Streptavidin layer of
thickness less than 4 nm could imply that some of the tertiary structure has been lost on
adsorption on spheres of sizes 5 and 10 nm. However, this is an average thickness value that has
been calculated using the assumption that protein molecules form a uniform and homogeneous
coating on the surface of gold nanoparticles. It is possible that these protein molecules do not
pack efficiently on these small nanoparticles with high curvature. There could actually be some
empty areas on these spheres. Such behavior for different proteins on small nanoparticles has
been reported by others too [261, 320]. Further, if we calculate the volume of the adsorbed layer
and compare it to the volume of a Streptavidin molecule from its native tertiary structure, then
the volume of the adsorbed layer must be large enough to accommodate at least one Streptavidin
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molecule. Volume of a Streptavidin molecule is 5.4 nm x 5.8 nm x 4.8 nm = 150 nm3. The
volume of the adsorbed layer can be calculated as

where r is the radius of the sphere and d is the thickness of the adsorbed layer. Volume of the
layer calculated for 5 and 10 nm spheres comes out to be ~202 and 912 nm3 respectively. These
values are greater than the volume of a single Streptavidin molecule. Therefore, the volume of
the adsorbed layer is large enough to pack at least one Streptavidin molecule.
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Figure 4.20 Apparent refractive index of adsorbed Streptavidin vs. gold nanosphere diameter
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The effective refractive indices of the adsorbed Streptavidin layer on gold nanoparticles in the
size range 5 -30 nm are shown in figure 4.20. The refractive index of the absorbed layer depends
on the size of the nanoparticle. Specifically, it varies from 1.47 to 1.5 depending upon the size of
the nanosphere.
All these calculated values agree with refractive index values usually reported for adsorbed
proteins. Morgan and others calculated the relative permittivity and thickness of Streptavidin
films on flat surface using surface Plasmon resonance [322]. They found that the value of ϵ′
varied from 2.1 to 2.6. The value of ϵ′′ lies in the range .0001 and .004. The corresponding value
of n then varies from 1.45 to 1.61. The values of refractive indices calculated using Mie theory in
this study lie in the same range. Thus, refractive index values of Streptavidin films on
nanoparticles are similar to those seen on flat surfaces. Further, although the values of refractive
index of adsorbed Streptavidin change with the size of the nanosphere, there is no clear trend in
the values of refractive indices with the size of the nanoparticles. This size dependent variation in
the values of coating thicknesses and refractive indices of Streptavidin on gold nanoparticles
could be due to different packing arrangement or different structures of adsorbed Streptavidin on
spheres of different sizes.

4.2.4.2 Surface Density of Adsorbed Streptavidin

Using the values of refractive index and layer thickness, packing density of the adsorbed
protein layer can be calculated using equation 4.1.
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Figure 4.21 Surface density of the adsorbed Streptavidin as a function of the nanoparticle
diameter

Amount of Streptavidin adsorbed per unit area on the surface of gold nanoparticles is shown in
figure 4.21. Surface density of Streptavidin layers increases with the size of the gold
nanoparticle. Specifically, it increases from nearly 1 mg/m2 on 5 nm spheres to ~ 5.6 mg/m2 on
30 nm spheres. Highest surface protein density is observed on 30nm spheres. The number of
Streptavidin molecules attached per unit area varies from ~1 x 1012 /cm2 on 5 nm particles to 5.6
x 1012 /cm2 on 30 nm particles. For a closed packed monolayer of Streptavidin the surface
density is ~5.2 x 1012 molecules/cm2 [297, 323]. According to our calculations the surface
density of Streptavidin layer on 30 nm gold nanoparticles is equal to the packing density of a
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close packed monolayer. Surface density of Streptavidin on gold nanospheres with diameter < 30
nm is lower than that for a close packed monolayer.

We also calculated the number of

Streptavidin molecules attached to a single sphere (fig. 4.22).

The number of Streptavidin

molecules attached to a gold nanosphere increases with the corresponding increase in the surface
area of the sphere from ~ 1 on 5 nm spheres to ~ 160 on 30 nm spheres.
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Figure 4.22 Number of Streptavidin molecules attached to gold nanospheres vs. diameter of the
spheres
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4.3 Protein Binding studies
4.3.1 Binding of IgG to Protein A Coated Gold Nanospheres

To test if the size of gold nanoparticle would affect the binding activity of the adsorbed Protein
A molecules, aqueous IgG solution was added to the coated spheres solution. The results are
shown in figure 4.23. There is a red shift in the plasmon peak for all sphere sizes on addition of
IgG. When a protein molecule binds to the conjugated nanoparticles, there is a shift in the
plasmon wavelength due to changes in the dielectric properties of the coating. The results
indicate that Protein A adsorbed onto gold nanospheres on all sizes under study is able to bind to
IgG.
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Figure 4.23 Shifts of the plasmon peak wavelength of Protein A coated gold nanospheres after
addition of IgG
Although, the size of the spheres affects the orientation of the adsorbed Protein A layer (figure
4.18), it has no effect on the binding activity of adsorbed Protein A molecules. Protein A retains
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its binding activity for IgG on all sizes of nanoparticles irrespective of the orientation that it
adopts on spheres of different sizes. This result is not surprising since a single Protein A
molecule has 5 IgG binding domains which should be accessible to the IgG molecules in
solution, whether Protein A molecules are attached to the surface in side-on or end-on orientation
(see figure 4.4).

4.3.2 Binding of IgG to Protein A Coated Silver Nanoparticles
We also monitored binding between IgG and Protein A coated on silver nanoparticles. For these
binding studies silver nanospheres 20 and 40 nm were employed. Resonance peak position
values for bare silver spheres, Protein A coated silver nanoparticles and those after binding to
IgG are plotted in figure 4.23.
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Figure 4.24 Position of the plasmon peaks for bare silver nanoparticles (squares), Protein A
conjugated silver nanospheres (triangles) and on IgG binding to Protein A coated silver
nanospheres (circles).
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Localized surface plasmon resonance of silver nanoparticles occurs in the blue region of the
visible spectrum as can be seen from the position of the Plasmon peaks. Since the resonance
frequency of a metallic nanoparticle of specific size depends on its composition, the peak
positions of similarly sized gold and silver nanoparticles lie in different region of the spectrum.
On addition of Protein A molecules there is clear shift in position (≥ 4nm) of Plasmon peak to
longer wavelengths indicating that Protein A had adsorbed onto silver nanoparticles. Extinction
spectra of Protein A conjugated silver nanoparticles were again recorded after 24 hours and no
shift in the plasmon peak position was observed. This indicates that Protein A forms stable
conjugates with silver nanoparticles. On adding IgG solution there is a further shift in the
position of the Plasmon peak for both 20 and 40 nm silver nanoparticles. The results indicate that
IgG binds to Protein A adsorbed onto both 20 and 40 nm silver nanoparticles. Thus, Protein A
retains its binding activity for IgG on metallic nanoparticles of different sizes irrespective of the
nature of the nanoparticles. Unfortunately, we cannot quantify the binding activity of the
adsorbed protein with LSPR. Curvature of nanoparticles in the size range 10 to 60 nm does not
affect the functionality of Protein A.

4.3.3 Binding of Protein A and Anti-IgG to IgG coated Gold Nanospheres
To test if Protein A and Anti-IgG could bind to adsorbed IgG we first added Protein A solution
to the IgG conjugated gold colloids and recorded the spectra. Later, we added Anti-IgG to IgG
coated gold nanoparticle solution and recorded the spectra again. The results are shown in fig
4.25.
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Figure 4.25 Peak shifts observed for Protein A- IgG binding (squares) and Anti IgG- IgG
(circles) binding vs. diameter of gold nanoparticle

On addition of Protein A to IgG coated spheres, there is a shift in the plasmon peak towards
longer wavelength for 10 and 15 nm spheres but no shift is observable for other sizes (20-60
nm). However, a clear red shift (≥ 1nm) is observable for all sphere sizes when Anti-IgG is
added to the same solution. The results indicate that Anti-IgG is able to bind to IgG on all sphere
sizes (10-60 nm) whereas Protein A binds only on small spheres (10-15 nm) for which there is an
observable shift in resonance peak. The lack of shift on spheres with diameter ≥ 20 nm
demonstrates that Protein A does not bind to IgG on these nanospheres. Although, the size of the
nanoparticle does not affect binding between IgG and Anti-IgG, a clear size dependent variation
in the binding between Protein A and IgG attached to gold nanoparticles is observed.
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While Protein A binds to the Fc domain [324], anti-IgG does not a have a specific binding site
on IgG molecule. The lack of binding on spheres with diameter ≥ 20 nm indicates that Protein A
binding sites are not accessible. One possible scenario for the observed behavior is as follows:
IgG adopts a side-on orientation on the small spheres (10 nm diameter). As the sphere size
increases there is a transition from side-on to a more end-on orientation followed by a complete
end-on orientation on the bigger spheres (40-60 nm diameters). End-on adsorption for IgG on
flat surfaces has been reported previously [120, 176, 318, 319]. Roughly ,only one IgG molecule
is attached to 5 nm gold sphere. It is possible that in order to maximize the protein-surface
interaction IgG adopts a side-on orientation on these spheres.

Figure 4.26 Schematic showing possible transition from side-on to end-on orientation for IgG
due to change in size of gold nanospheres.

In a side-on orientation Fc binding sites should be accessible to the incoming molecules.
Therefore, in this orientation both Protein A and Anti-IgG should be able to bind to adsorbed
IgG. Such behavior is indeed observed on small spheres. Smaller layer thickness and adsorbed
amount also agree with side-on orientation on 5 nm spheres. On spheres with diameter > 20 nm
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if IgG were to adopt an end-on orientation with Fc domain directed towards the sphere and Fab
domains pointing away from the spheres, then it is possible that the incoming Protein A
molecules experience steric hindrance due to the bulky Fab domains and hence are not able to
access the Fc binding sites. Anti-IgG would be able to bind to adsorbed IgG for all sphere sizes
(fig.4.26).

4.3.4 Effect of pH on Binding of Protein A to IgG Coated Gold Nanospheres
This study was conducted on polyclonal rabbit IgG, whose isoelectric point ranged between 6
and 8. IgG is negatively charged above pH 8. The negative charge leads to repulsion between the
Fab arms causing them to stretch out [319]. Adsorption of monoclonal IgG on latex
microparticles carrying negative surface charge showed that adsorption of IgG through its Fab
sites is supressed at alkaline pH values where IgG is negatively charged [325]. This leads to
specific orientation of IgG molecules with their Fc site directed towards the latex spheres. The
orientation can affect the binding activity of adsorbed IgG molecules [325, 326]. Although the
effect of pH on the adsorption of IgG has been monitored on micro particles, no such study has
been reported on nanoparticles. We probed how the pH of the adsorption would affect the
binding activity of adsorbed IgG. The effect of pH of adsorption was probed on gold
nanospheres of two sizes, 15 and 40 nm. The pH of adsorption was varied from 4 to 10 for 15 nm
particles. Due to aggregation of 40 nm gold nanoparticles at pH 4, no measurement could be
made at this pH value.
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Figure 4.27 Shifts in the plasmon peak wavelengths of IgG coated spheres after addition of
Protein A vs. adsorption pH.

There is spontaneous adsorption of IgG on gold nanospheres at all pH values, even when IgG
molecules carry net negative charge and are electrostatically repelled by the surface charge on
gold nanospheres. It is possible that low molecular weight cations present in the solution are
coadsorbed with IgG to overcome the electrostatic repulsion. Figure 4.27 shows the shifts in
LSPR peak wavelengths for IgG coated 15 nm gold nanospheres before and after addition of
Protein A solution as a function of pH at which IgG was adsorbed onto gold nanospheres. On
addition of Protein A solution to IgG coated 15 nm gold nanospheres, there is a shift in the
resonance peak towards longer wavelengths at all pH values under study. The results indicate
that irrespective of the pH of adsorption, Protein A is able to bind to IgG on 15 nm spheres. The
magnitude of the shift in the peak at pH 8 is the highest. At this pH value, IgG molecules carry
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little to no charge and thus have a compact structure. The adsorbed amount is the highest at this
pH value. At pH values away from the pI, the charge on the molecule increases and it results in
expansion of the molecule due to electrostatic repulsion. Hence, the amount of the adsorbed IgG
decreases at pH values away from the i.e.p. Therefore, it can be expected that the highest number
of Protein A molecules attach to IgG coated spheres at pH 8 and result in the biggest change in
the dielectric properties of the coating layer. This change is reflected in the magnitude of the
shift in the peak.
Shifts in plasmon peak wavelength values for IgG coated 40 nm gold nanospheres are plotted in
figure 4.28. Adsorption pH was varied from 7 to 10. After addition of Protein A to IgG coated
gold nanospheres, no shift in the position of the Plasmon peak is observable.
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Figure 4.28 Shifts in the position of plasmon peak wavelengths for IgG coated spheres after
addition of Protein A.
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The results indicate that Protein A cannot bind to IgG coated spheres in the pH range under
study. It is possible that IgG attaches to 40 nm gold nanospheres with Fc site and the bulky Fab
arms provide steric hindrance to incoming Protein A molecules and restrict binding between IgG
and Protein A. Others have reported adsorption of IgG through Fc site on various surfaces [327,
328]. At the pH values under study, both IgG and gold nanoparticles are negatively charged.
Attachment of Fab site is governed mainly by electrostatic interactions. Therefore, attachment
through Fab part is retarded at alkaline pH values whereas attachment through Fc sites is not
affected [325]. Also, Fab part of IgG molecule is structurally more stable than Fc part. It has
been previously reported that Fc part is more prone to acid denaturation as compared to Fab part
[329, 330]. Therefore at alkaline pH values, attachment through Fc site is preferred. At pH
values where IgG molecules neutral or carry negative charge, no binding occurs between IgG
molecules adsorbed on 40 nm gold nanospheres and Protein A molecules. On the other hand,
IgG molecules attached to 15 nm gold nanospheres retain their Protein A binding activity
irrespective of the fact whether IgG molecules carry positive or negative charge.

4.3.5 Binding of Biotin to Streptavidin Conjugated Gold Nanospheres

Figure 4.29 displays the shifts in the position of plasmon peak of Streptavidin conjugated
nanospheres after addition of biotin. We monitored the samples after addition of biotin for over a
week. Samples were stable and we did not detect any change in the position of peak wavelength.
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Figure 4.29 Shifts in Plasmon peak wavelengths for Streptavidin conjugated gold nanospheres
after addition of biotin.

As evident from the figure there is a shift in the position of the peak for all the sphere sizes on
addition of biotin indicating that there is a change in the dielectric environment of gold
nanospheres. The results indicate that Streptavidin conjugated to gold nanoparticles in the size
range 5 – 30 nm retains its biotin binding activity. However, the direction of the peak shift is
puzzling. For sphere sizes 5 to 20 nm the peak shifts towards smaller wavelengths on addition of
biotin. A shift to smaller wavelength of LSPR peak due to adsorption of molecules has
previously been reported [326]. Biotin is small molecule and is hard to detect using optical
techniques such as SPR and ellipsometry [321, 322]. Further, biotin binding sites are located in
the interior of streptavidin molecules [316, 331, 332]. These binding sites are exposed to water
molecules due to the open conformation of binding loops (shown in figure 4.7). Biotin binding to
streptavidin involves displacement of the water molecules and ordering of loops into closed
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conformation, thereby restricting the mobility of the loop in bound state. There is no change in
the quaternary structure of streptavidin due to biotin binding [333]. In bound state the thickness
of the streptavidin layer is estimated to be between 4.3 – 4.8 nm [297]. This might be the reason
that biotin binding to streptavidin did not result in the shift of the peak towards longer
wavelength. However, a shift of the peak towards longer wavelength is observed on addition of
biotin to streptavidin conjugated 30 nm gold nanoparticles. The stability of streptavidin
conjugates decreases with the size of the nanoparticle. Streptavidin does not form stable
conjugates with 40 or 50 nm gold nanospheres and leads to aggregation of the nanoparticles.
Streptavidin conjugated 30 nm nanospheres are not as stable as smaller spheres. The red shift
could be a result of slow aggregation of these nanoparticles. Nath and Chilkoti [334] have
previously studied chemisorption of gold nanoparticles of various sizes on glass substrate. The
authors reported that while plasmon peak of gold nanoparticles with diameters ranging from 12
to 26 nm shifts to longer wavelength on adsorption, adsorption induces a blue shift in LSPR peak
for gold nanoparticles in the size range 39 to 49 nm. However, it can be concluded that biotin
binds to Streptavidin on all gold nanoparticles in the size range 5 to 30 nm as indicated by the
shift in peak positions. Others have previously reported binding of streptavidin adsorbed on both
planar gold surface and gold nanoparticles to biotinylated ligands [335, 336].
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4.4 CONCLUSIONS

We used UV-visible extinction spectroscopy to study the binding activities of IgG, Protein-A
and streptavidin molecules adsorbed onto gold nanospheres of various sizes (5-60 nm). By doing
detailed calculations using Mie theory we can get information on the optical properties of the
adsorbed proteins. Layer thickness values suggest that for both IgG and Protein A, the size of the
gold nanoparticle can influence the orientation of adsorbed proteins. Optical properties of
adsorbed IgG and Protein A layer showed no variation on gold nanospheres with diameters > 30
nm. The curvature of the nanoparticles has a strong influence on the binding activity of IgG, but
it does not affect the binding activity of Streptavidin and Protein A molecules. Adsorbed IgG
loses its ability to bind to Protein A on spheres with diameter ≥ 20 nm. On the other hand,
Protein A adsorbed on all sphere sizes shows binding to IgG molecules. This behavior was
observed for both gold and silver nanoparticles. Similarly, streptavidin molecules attached to
gold nanospheres in the size range 5 to 30 nm retained their biotin binding. Thus, curvature of
the nanoparticles can have different effect on the functionality of the adsorbed proteins
depending on the shape and orientation of the adsorbed protein molecules. These results can
have important implications in designing colloidal drug carriers.
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CHAPTER 5

Depth Profiling of BSA Adsorbed onto Polymer Surfaces

5.1 Introduction
Adsorption of proteins at interfaces has been attracting scientific interest for many years [337,
338]. Biological processes such as blood coagulation involve proteins at interfaces [182].
Chromatography, generally used to purify proteins, involves protein interaction with solid
surfaces. Understanding the interfacial behaviour of proteins is not only important to understand
theses biological processes, but it is also relevant in diverse fields such as medical diagnostics,
biosensors, contact lenses, pharmaceuticals, solid phase immunoassays and various other
technologies [204, 339-342]. In the use of biosensors the adsorption conditions need to be
optimized to get the maximum loading of proteins. On the other hand, it is important to inhibit
protein adsorption in several processes such as fouling of heat exchangers, ultra filtration
membranes and medical devices. Studies aimed at understanding the interfacial behaviour of
proteins are essential for controlling protein adsorption to either optimize biosensors or prevent
protein adsorption if it is undesired. Probing the behaviour of proteins on biomaterials is
particularly important because proteins adsorb rapidly onto biomaterials when such materials are
implanted in human bodies. The initially adsorbed protein layer dictates the behaviour of the
implants because the cells interact with the adsorbed protein layers and not the implant material
directly.
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Protein adsorption on surfaces is driven by enthalpic contributions such as Van der Waal‟s
forces, electrostatic and hydrophobic interactions, hydrogen bonding as well as entropic
contributions [122]. Protein interaction with surface could also lead to protein unfolding on the
surface. This could result in the loss of tertiary or even secondary structure of the adsorbed
protein [343-345]. The degree of adsorption and the structure of the adsorbed layer depend on
nature of both protein and the adsorbing surface [346, 347]. Other variables that affect the
adsorption process are temperature, pH of the solution, ionic strength. Generally soft proteins
with low structural stability undergo higher degree of structural change as compared to hard
proteins. Further, the degree of protein unfolding depends on the charge and hydrophobicity of
the substrate. Hence, it is interesting to study how different substrates can affect the adsorption
of protein molecules.

In-situ study of the structure of the protein layers adsorbed at an interface is an essential
prerequisite for resolving the mechanisms of protein adsorption. Ellipsometry is used to study
protein layers adsorbed on flat surfaces. Ellipsometric parameters give information about the
optical thickness and the refractive index of the adsorbed layer, but these two variables are
strongly coupled and cannot be unambiguously resolved. Moreover, the structural analysis with
ellipsometry is based on the assumption that the adsorbed layer is homogeneous. The structure of
the adsorbed protein layer could vary with distance from the adsorbent surface. It has been
previously shown that binding constants are smaller for protein layers farther away from the
surface as compared to the layers closer to the surface [185]. Currently, only X-ray and neutron
reflectivity techniques are available to observe the heterogeneity within the adsorbed layer [348,
349]. However, these techniques are highly labour and cost intensive. In this study, we
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demonstrate similar study of the interfacial structure of the adsorbed protein using optical
spectroscopy.

We describe a new technique based on optical spectroscopy to determine the refractive index
profile of protein adsorbed onto various polymeric surfaces. LSPR of the gold nanoparticles was
employed to probe the optical properties of the adsorbed protein layer. In this chapter, we
describe the use of LSPR to probe the optical properties of protein adsorbed on a surface. Using
this technique, we can also differentiate between the optical properties of the protein molecules
close to the surface with the protein molecules farther away from the substrate. This is the first
study that uses nanoparticle as reporters to determine changes in the protein layer as a function of
distance from the substrate. This technique can be applied to study a wide range of protein on
any material that is transparent to visible light.

In this study we use bovine serum albumin (BSA) as a model protein. Serum albumins are the
most abundant blood proteins in humans and other mammals [350]. BSA is a well characterized
protein and has been used as a model protein to study physical and biological aspects of protein
adsorption [351, 352]. BSA can be approximated as prolate ellipsoid with dimensions 4 nm x 4
nm x 14 nm [253].

139

Figure 5.1 Structure of Bovine Serum Albumin (Image taken from ref. 353)

In the current study, we probed the interaction of BSA with four biomaterials - Polystyrene
(PS), poly-(methyl methacrylate), PMMA, poly-dimethyl siloxane (PDMS) and poly-2hydroxyethyl methacrylate (polyHEMA) with varying hydrophobicity. PolyHEMA is a soft,
flexible, water-absorbing hydrophilic polymer. PolyHEMA is used to manufacture contact lenses
and as drug delivery agent [354, 355]. It is a polymer of 2-hydroxyethyl methacrylate (HEMA).
Polystyrene is an aromatic polymer with a chemical formula (C8H8)n. Polystyrene has a wide
range of applications. Polystyrene latex particles are used as drug carriers. Polystyrene plays an
important role in biomedical research as it is employed to manufacture Petri dishes, test tubes
and laboratory material. PDMS belongs to the family of organosilicon compounds referred to as
silicones. The monomer occurring in PDMS is [SiO(CH3)2]. PDMS is inert and non-flammable.
PDMS is used in contact lenses, medical devices, breast implants etc. The hydrophobicity of the
materials decreases in order; PDMS > PS > PMMA > pHEMA.

140

5.2 Experimental Details

PS and PMMA cuvettes were used without further modification. Preparation of Poly (dimethyl
siloxane), PDMS and polyHEMA substrates has been described in chapter 3. Method for
synthesis of gold nanoparticles has previously been explained in chapter 3. The procedure for
conjugating gold nanoparticles has also been previously described (Ch. 3).
To ensure that the cuvette stays in the same position, a piece of cardboard (packing
carton) was used. A small hole was cut in the centre of the cardboard piece and the cuvette was
placed inside that hole. After that the cardboard piece was taped to the sides of the cuvette. The
cuvette was then placed inside the sample holder and the cardboard was then taped to the sides of
the sample holder. PBS was introduced in the cuvette and a reference spectrum was recorded.
Ocean optics USB 2000 spectrometer was used to measure the spectra. PBS was then removed
with the help of a glass pipette. The protein/ nanoparticle solution obtained after centrifugation
and resuspension in regular PBS was introduced into a cuvette and were left to sit for some 5
minutes. After that time the nanoparticle solution was removed from the cuvette and was
replaced by PBS buffer solution. After introduction of the buffer, the extinction spectrum of the
gold nanoparticles adsorbed on the sides of the cuvette was recorded. At this point the buffer was
removed from the cuvette and the protein/nanoparticle solution was again added to the cuvette.
This procedure of removing the protein/nanoparticle solution and replacing it with the buffer was
repeated several times and the spectra were recorded each time after addition of buffer (fig. 5.2).
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Figure 5.2 Repetitive steps to measure extinction spectra of BSA coated gold nanoparticles
(gnp) adsorbed on a substrate

With time more BSA coated nanoparticles adsorbed on the sides of the cuvette. This also
resulted in a visible change of colour on the sides of the cuvette to pale pink (see figure 5.3). At
the same time the original nanoparticle solution was depleted of the nanoparticles. This resulted
in the change of colour of the nanoparticle solution from red to pink. To calculate the number of
gold nanoparticles removed from the solution the spectra of the solution was also recorded at
regular time intervals.
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Figure 5.3 On the left is shown the cuvette with PBS buffer solution used as reference. On the
right is shown the same cuvette after exposure to gold nanoparticle solution.

Figure 5.4 BSA coated gold nanoparticle solution before the start of the experiment (shown on
the left). On the right the same solution after exposure to PS cuvette is shown.

Since it was observed that BSA coated gold nanoparticles adsorbed onto the sides of the
cuvette, these solutions were stored in glass vials during the course of the experiment. Also, as a
control experiment uncoated gold nanoparticles were introduced into these cuvettes and were
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stored in these cuvettes for more than 24 hours and the spectra were recorded. No change in the
spectra was observed during that time. It was concluded that bare nanoparticles do not adsorb
onto bare polystyrene or polymer coated polystyrene cuvettes. Only protein coated gold
nanoparticles adsorb onto the sides of the cuvette.
Change in the temperature of the spectrometer can cause fluctuations in the position and the
extinction of the resonance peak. To improve the sensitivity of the apparatus, the spectrometer
was kept in a temperature controlled box (shown in figure 3.9). This kept the temperature of the
spectrometer constant to within ±0.3 K. The temperature controller decreased the uncertainty of
the measurement of peak position (λmax) and absorbance (ϵcl) to ± 0.5 nm and ± 0.01 respectively
(shown in figure 5.5).
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Figure 5.5 Reproducibility of the position and the extinction of the resonance peak with
temperature control (triangles) and without temperature control (circles).

To characterize the gold nanoparticles, silicon wafers were coated with polystyrene films and
then gold nanoparticles were deposited on those polymer coated wafers.

These deposited

nanoparticles were imaged with AFM in tapping mode. Tapping mode image of the gold
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nanoparticles taken with AFM is shown in figure 5.6. The size of the nanoparticles was
determined using Matlab program written by one of the group members, Mark Ilton [356]. To
determine the size of nanoparticles the average was taken over 100 particles. The average size of
the gold nanoparticles was 30 nm. For theoretical modeling, all simulations were run using
Mathcad 14.

Figure 5.6 Tapping mode AFM image of gold nanoparticles
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5.3 Results

5.3.1 Adsorption of BSA Coated Gold Nanoparticles on Substrates

The sample obtained after centrifugation contained both free BSA molecules (not attached to
the spheres) and BSA molecules attached to the gold nanoparticles. Upon exposure to the cuvette
both free BSA molecules and those attached to gold nanoparticles adsorb on the substrate. Bare
gold nanoparticles do not attach to the substrate.
We monitored the change in the peak wavelength and absorbance when samples were
introduced into the cuvettes. Figure 5.7 shows the change in the peak wavelength of gold
nanoparticles that are adsorbed on various substrates. The spectrum at 0 minutes corresponds to
the spectrum of the BSA coated gold solution. The solution was initially allowed to sit in the
PDMS lined cuvette for 2 minutes. After removing the solution and replacing it with PBS the
spectrum was first recorded. The solution was again introduced in the cuvette for several
minutes. The spectra were recorded after every exposure. For PDMS, the spectra were recorded
after an interval of 5 minutes and for other substrates, the spectra were recorded every 10
minutes. The value of peak wavelength of BSA coated particles in solution is 532 nm. In case of
PDMS and pHEMA, the signal at 2 minutes was too low to be resolved. There is a huge shift
(10-15 nm) in the position of plasmon peak wavelength of gold nanoparticles initially, when
these nanoparticles adsorb onto the substrates. This is followed by comparatively small changes
in the peak position after adsorption of more BSA and gold nanoparticles. These changes in the
peak position vary with the nature of the polymer film.
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After 7 minutes exposure to PDMS substrate, the peak wavelength shifts by nearly 11 nm to
give a value of 543 nm. There is a rapid change in the peak wavelength for the first 30 minutes.
After the first half an hour peak wavelength becomes nearly constant. The value of peak
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Figure 5.7 Variation of the peak wavelength of BSA coated gold nanoparticles on exposure to
various polymer films vs. time.

On adsorption to PS surface, , the resonance peak shifts by 14 nm after 2 minutes exposure.
With passage of time the peak shifts continuously. In contrast to the behaviour of BSA coated
particles on PDMS, where the peak wavelength reaches a nearly constant value after 30 minutes,
the peak wavelength continuously shifts to longer wavelengths even after 90 minutes. The value
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of the resonance peak is 553 nm after 92 minutes. The total shift in the value of peak wavelength
is about 21 nm which is smaller than the peak shift observed in case adsorption on PDMS (23
nm). The behaviour of BSA/gold nanoparticle system on PMMA is similar to that observed on
PS. This is not surprising since both substrates are hydrophobic in nature. Although PDMS is
also hydrophobic in nature, the shifts observed in case of BSA coated gold nanoparticle
adsorption on PDMS are different from those observed for other hydrophobic substrates, PS and
PMMA. The shifts in the peak positions on adsorption of BSA coated gold nanoparticles onto
pHEMA surfaces are smaller than those observed for other surfaces. There is only a change of 13
nm from that of BSA coated gold nanoparticles in solution. After 10 minutes adsorption the peak
wavelength shifts from 532 to 543 nm. After that initial increase, there is hardly any change in
the position of plasmon peak. PHEMA is a hydrophilic substrate in contrast to other substrates.
Hence, the results are not surprising since the structure of the adsorbed protein layer depends on
the nature of the adsorbing surface.
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Figure 5.8 Variation in the absorbance (εcl) of BSA coated gold nanoparticles adsorbed onto
polymer films vs. time. Error bars are smaller than symbols.

The change in the absorbance of BSA coated gold nanoparticles adsorbed on polymer films are
shown in figure 5.8. Absorbance is the product of extinction (ε), concentration (c) and path
length (l). Initially the absorbance is zero as no gold nanoparticles are attached to the polymer
film. As BSA coated gold nanoparticles attach to the surface there is an increase in the
absorbance value. Absorbance increases to about 0.3 after 67 minutes in case of PDMS. Even
after 1 hour there is a rise in the absorbance value indicating that the surface is still not saturated.
For BSA/gnp adsorption onto PS, absorbance value changes from 0.03 at 2 minutes to nearly
0.24 after 92 minutes. The increase in absorbance indicates that an increasing number of BSA
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coated gold nanoparticles attach to polystyrene surface as time progresses. Similar to the
behaviour on PDMS surface, no saturation of adsorption occurs even after 90 minutes. The value
of absorbance is lower on polystyrene surface (~0.16) as compared to PDMS surface (~0.26)
after 60 minutes. This implies that more BSA coated gold nanoparticles attach to the PDMS
surface as compared to polystyrene surface. The initial increase in absorbance value for BSA
adsorption onto PMMA surface is the same as in the case of adsorption onto PS surface. After 20
minutes, differences begin to emerge. While the absorbance continues to rise at the same rate on
PS, the rate of increase diminishes on PMMA as the surface begins to saturate. The rate of
increase in the absorbance value is the slowest in case of adsorption on pHEMA indicating that
extent of adsorption is the least in case of pHEMA . Our results agree with those reported by
other authors that the extent of protein adsorption increases with the increase in hydrophobicity
of the adsorbing surface.

5.3.2 Comparison of Adsorption Behaviour on PDMS, PS, PMMA and
polyHEMA

The adsorption of BSA coated gold nanoparticles results in shifting of the resonance peak to
increasingly longer wavelengths. This indicates that dielectric properties of the surrounding of
the gold nanoparticles are changing. Although, attachment of nanoparticles to a surface also
results in the shift of the resonance peak, this cannot alone explain the observed peak shifts. The
observed peak shifts are related to the structure of the adsorbed protein layers. The values of
peak wavelength and absorbance of BSA coated gold nanoparticles adsorbed on various surfaces
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are listed in Table 5.1. The shift in the peak wavelength value of adsorbed BSA conjugated gold
nanoparticles is smallest for polyHEMA surface followed by PS and the highest peak shift is
observed for PDMS surfaces. Particle substrate coupling would bring about the same shift in the
peak for all the polymer films. The fact that the observed shift in the peak is different for the
three polymer shifts indicates that the adsorbed BSA film has different optical properties on the
three films studied.

substrate

Shift in peak wavelength absorbance
(nm)

PDMS
PS
PMMA
polyHEMA

23
19
17
11

0.2604
0.1674
0.1239
0.0288

Table 5.1 Change in the position of plasmon peak and the absorbance of BSA coated gold
nanoparticles adsorbed onto polymer films after 1 hour.

5.3.3 Difference absorption calculations
LSPR of nanoparticles is sensitive to the refractive index of the surrounding environment. The
length scale of sensitivity of the nanoparticle to the surrounding environment is roughly equal to
the dimensions of the nanoparticle. During the course of these experiments, more protein gets
deposited over these immobilized nanoparticles. The extinction measured at a particular time is
due to protein deposited at all times prior to that particular measurement. Extinction of each
layer needs to be resolved for depth profiling measurements. This can be achieved if the
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extinction of the adsorbed protein does not change appreciably over experimental time scales.
For these measurements, we let BSA coated gold nanoparticles adsorb onto the polymer films
and then replaced the gold nanoparticle/protein solution with PBS and let it sit for nearly 10
hours and recorded the absorption spectra every 20 minutes for those 10 hours. This study was
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conducted for adsorption times varying between 10 minutes and 2 hours.
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Figure 5.9 Variation in the peak wavelength of BSA coated gold nanoparticles adsorbed onto
PDMS film in PBS vs. time

The variation in the peak wavelength for BSA coated gold nanoparticles adsorbed onto PDMS
films are shown above. As is evident from the graph, peak wavelength value does not change
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appreciably after adsorption. It is possible that every time PBS is added, it removes some loosely
attached protein molecules.
Since there is no change in the adsorbed protein layer after adsorption, we can differentiate
between extinction of each layer or each time interval. We can do this by calculating difference
absorption spectra. Thus, if we have collected absorption spectra every 5 minutes, we take the
absorption spectrum at one particular time interval (say at 10 min) and subtract the spectrum at
time interval before it (i.e., at 5 min) to get the absorption spectrum for the time interval between
5 and 10 minutes. That can help us to calculate the optical properties of the molecules that
adsorbed on the surface between 5 and 10 minutes. Extinction spectra of BSA coated gold
nanoparticles adsorbed on polyHEMA surface after 10 and 20 minute exposures are shown in
figure 5.14. The difference absorption spectrum obtained on subtracting the absorption spectrum
at 10 minutes from that at 20 minutes is also shown in the same figure.
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Figure 5.10 Absorption spectra of BSA coated gold nanoparticles adsorbed onto polyHEMA
surface after 10 minutes (black short dash) and after 20 minutes (green long dash). Red solid line
shows the difference absorption spectrum.

5.3.3.1 Difference absorption spectrum of BSA coated gold nanoparticles
adsorbed on PDMS, PS, PMMA and polyHEMA

Peak wavelengths of difference absorption spectra of BSA coated gold nanoparticles absorbed
onto PDMS, PS, PMMA and polyHEMA are shown in figures 5.11, 5.12, 5.13 and 5.14. With
these spectra we can look at each individual layer. If we look at the trend in the peak wavelength
values, the behaviour of each layer differs strikingly with substrate. On PDMS, the peak
wavelength of the difference absorption spectra increases with time or the absorbed amount,
reaches a peak value and then decreases again.
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Figure 5.11 Peak wavelengths of difference absorption spectra of BSA coated gold nanoparticles
adsorbed onto PDMS films vs. time interval.
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Figure 5.12 Peak wavelengths of difference absorption spectra of BSA coated gold nanoparticles
adsorbed onto PS films as a function of time interval.

Peak wavelength of the difference absorption spectrum of BSA coated gold nanoparticles
adsorbed on PS increases with time and finally attains an almost constant value (fig. 5.12). Peak
wavelengths of difference absorption spectra of BSA coated gold nanoparticles adsorbed on
PMMA increases with time and becomes nearly constant like in the case of PS. The behaviour of
the protein on these substrates (PS and PMMA) is similar.
On polyHEMA the behaviour of gold nanoparticles is altogether different. The peak
wavelength is first constant and then as the adsorbed amount increases peak wavelength value
drops with time. Highest peak wavelengths are seen in case of adsorption on PDMS, followed by
PS and the polyHEMA. This agrees with the data in table 5.1. It could be speculated that the
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highest degree of structural change occurs in BSA on adsorption to PDMS, followed by PS and

difference peak wavelength (nm)

polyHEMA.
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Figure 5.13 Peak wavelengths of difference absorption spectra of BSA coated gold nanoparticles
adsorbed onto PMMA films vs. time interval

It is surprising that such variations are seen in the difference absorption peak positions due to
absorption of the same protein. It is expected that adsorption of protein follows different patterns
on hydrophilic and hydrophobic substrates. Such differences indeed emerge when we compare
the trends in the diff. absorption spectra of BSA coated gold nanoparticles on pHEMA with other
surfaces. However, other three surfaces PDMS, PS and PMMA are all hydrophobic. The trends
observed in the position of difference absorption peaks for BSA coated gold nanoparticle
adsorption on PDMS is vastly different from that observed on other hydrophobic substrates.
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Unlike PS and PMMA, PDMS films not smooth. Roughness of the surface can also influence the
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adsorption of incoming protein molecules.
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Figure 5.14 Peak wavelengths of difference absorption spectra of BSA coated gold nanoparticles
adsorbed onto polyHEMA films vs. time interval.

5.3.3.2 Estimation of the thickness of the adsorbed layer
To evaluate the layer by layer adsorption behaviour of BSA adsorption on polymer, we
calculated the thickness of the adsorbed BSA layer. For that purpose, we first calculated the
concentration of gold nanoparticles. To calculate the concentration, we used optical density
values of commercially available gold nanoparticles [357]. According to Ted Pella website, 30
nm gold nanoparticles having a concentration of 2 x 1011 particles/ml have an optical density
(absorbance of the solution at wavelength value of 520 nm) of 1.0. Using that calibration, it was
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found that gold nanoparticles used in this study had a concentration of 5.2 x 1011 particles/ml.
We also know the number of BSA molecules present in the solution. The width of BSA layer
adsorbed on gold nanoparticles calculated using contour plots for 30 nm gold particles
(generated using Mie theory) as shown in figure 4.3 was 5 nm. The volume of that 5 nm thick
layer is 19363 nm3. On dividing the volume of this layer by the volume of a single BSA
molecule (224 nm3), we get that on average there are 86 BSA molecules on each nanosphere.
Subtracting the number of BSA molecules attached to the gold nanospheres from the total
number of BSA molecules in the solution gives us the number of free BSA molecules. Before
centrifugation there are 6.2 free BSA molecules for every BSA molecule that is attached to the
sphere. Upon centrifugation, nearly 90% of the free protein is removed. After centrifugation, for
every BSA molecule attached to gold nanosphere, there are 0.6 free BSA molecules.
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Figure 5.15 Absorption spectra of the gold nanoparticle solution. The arrow indicates increasing
time.
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During the course of the experiment we monitor the absorbance of the gold nanoparticle
solution after exposure to the polymer films. Absorption spectra of gold nanoparticle solution
after exposure to PDMS are shown in figure 5.15. We know the number of gold nanoparticles
present initially in the sample. As time progresses, the number of gold nanoparticles left in the
solution decreases. This is reflected in the decreasing extinction value (peak height) of the
spectra. Since the decrease in the extinction corresponds to the decrease in the number of gold
nanoparticles present in the solution, we can calculate the number of gold nanoparticles in the
solution at successive time intervals from the absorbance value of the solution. The gold
nanoparticles that are removed from the solution get attached to the polymer surface. Thus, we
know the number of gold nanoparticles attached to the polymer surface. Figure 5.16 shows the
absorbance of the solution and the calculated number of gold nanoparticles attached to the
polymer surface.
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Figure 5.16 Axis on the left indicates the absorbance of the gold nanoparticle (gnp) solution
(circles) vs. time. The right axis corresponds to the number of gold nanoparticles attached to the
polymer surface (triangles) vs. time.

It is assumed that the change in extinction is only due to attachment of gold nanoparticles.
Comparison of the change in extinction values due to adsorption of BSA with that of BSA/gold
nanoparticle actually shows that the change in extinction due to gold nanoparticles is nearly 20
times that due to adsorption of BSA molecules (fig. 5.22). Since we know that for every BSA
molecule attached to gold nanoparticle, there are 0.6 free BSA molecules, we can determine the
number of free (not attached to the gold nanospheres) BSA molecules adsorbed on the polymer
surface. Knowing the volume of single BSA molecule we can calculate the volume of adsorbed
BSA layer (excluding gold nanoparticle). By dividing the volume of BSA layer by the total area
on which the adsorption takes place, we can determine the thickness of the adsorbed BSA layer.
Using the thickness of BSA layer at various times, we can plot the difference absorption curves
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as function of layer thickness. Difference absorption plots for BSA adsorbed on PDMS and PS as
function of layer thickness are plotted in figure 5.17 and 5.18.
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Figure 5.17 Peak wavelength values of difference absorption spectra as a function of thickness
of BSA layer deposited on PDMS
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Figure 5.18 Peak wavelength values of difference absorption spectra as a function of thickness
of BSA layer deposited on PS

Difference absorption curves represent the extinction spectrum of a particular layer. As is
evident from the graphs, peak position of each layer varies with the distance from the substrate.
For BSA adsorbed on PDMS, there occurs a maximum in the peak wavelength value at a
distance of nearly 4 nm from the surface. For BSA adsorbed on PS, the peak wavelength value
becomes nearly constant after 3 nm. Comparison of PDMS and PS surface indicates that the peak
position of each layer depends on the nature of the substrate. Further, the values of the plasmon
peak also vary from one substrate to another. Highest value for peak wavelength in case of
PDMS is ~ 580, while that for PS is ~ 560. Thus, these curves qualitatively show that protein
adsorbed close to the surface behaves differently as compared to protein molecules farther from
the surface. Further, the behaviour of these different layers of the adsorbed system (free BSA and
BSA coated gold nanoparticles) depends upon the nature of the substrate, but we cannot make
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quantitative comparisons based on these curves. To obtain optical parameters such as refractive
index, we have to look at some theoretical models.

5.4 Adsorption Kinetics
The kinetics of adsorption of BSA on PDMS, PS, PMMA and pHEMA are shown in figure 5.19.
The final adsorbed amounts are the highest on PDMS, followed by PS, PMMA and pHEMA.
This is in accordance with the hydrophobicity of the adsorbing surface. Not only does the final
adsorbed amount depend on the nature of the adsorbent, even the rate of adsorption varies with
the nature of the polymer surface.
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Figure 5.19 Variation in the surface density of BSA with time on PDMS, PS, PMMA and
pHEMA.
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5.5 Theoretical Analysis

The first model that we tried was that of a coated sphere embedded in a uniform medium used to
calculate the thickness and refractive index of the protein layer adsorbed onto gold nanoparticles.
However, this model cannot be used for coated gold nanospheres adsorbed on a substrate. The
huge shifts (≥ 20 nm) observed on adsorption of gold nanoparticles on a surface are due to
nanoparticle substrate coupling [358, 359], which are not taken into account in this model. Even
heat denaturation of BSA adsorbed on gold nanoparticles causes shifts of about 3-4 nm [253].
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Figure 5.20 Absorption spectra of BSA coated gold nanoparticles in solution and those adsorbed
onto Polystyrene surface.

Then, we looked at the experimental configuration of Okamoto and coworkers which is similar
to ours [248]. The authors immobilized gold nanoparticles on a transparent substrate and
monitored the extinction spectra of these immobilized gold nanoparticles after coating them with
poly-(methyl methacrylate) (PMMA). Coating of these gold nanoparticles with PMMA film
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causes a change in both the position and intensity of LSPR peak. An increase in the thickness of
the PMMA film results in a corresponding increase in both wavelength as well as intensity of the
resonance peak (fig. 2.2). Xu and Kaell developed a theoretical model based on extended Mie
theory to calculate the optical response of gold nanoparticle deposited on a transparent substrate
in a non absorbing medium [252]. The model took into account a coating layer, surrounding
medium, interparticle coupling effects as well as particle-substrate coupling. Their theoretical
predictions agree well with experimental results of Okamoto and Yamaguchi [248]. The
electromagnetic field extending around a nanoparticle varies depending on the size of the particle
[252]. For particles small compared to the wavelength of the light, i.e. in the Rayleigh limit the
intensity of plasmon resonance Ilocal at distance r decays approximately as

where ro is the radius of the particle. Using this approximation the authors defined an effective
refractive index (neff) of the medium surrounding the gold nanoparticle.

Here n1 is the refractive index of the non absorbing medium, n2 is the refractive index of the
coating, d is the thickness of the coating. We know that the for small spherical metallic
nanoparticles, condition for LSPR to occur is,
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where εr is the real part of the metal dielectric function and εm is the dielectric constant of the
medium.
Further, since the real part of the metal dielectric function varies slowly with wavelength, we can
neglect the higher order terms in the expression, i.e.

. Here a and b are constants

depending on the nature of the material (gold in our case). Peak shift is calculated as

Here c = 2/b is the fitting parameter.
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Fig 5.21 Comparison of the peak shifts obtained using full calculations (symbols) and single
parameter fits using eq. 5.4 (lines) for gold nanoparticles with radius 5, 10, 15 and 20 nm vs.
thickness of the coating. (Figure taken from ref. 252)

Figure 5.21 compares peak shifts obtained from full calculations using Mie theory and those
obtained using equation 5.4 for gold nanospheres coated with PMMA films of varying
thicknesses. It is evident from the figure above that there is an excellent agreement between the
peak shifts calculated using a simple analytical model described by equation 5.4 and those using
full calculations of extended Mie theory.
In our experiment BSA coated gold nanoparticles stick to polymer surfaces. As a first
approximation to explain the results, we used the analysis of Xu and Kaell to develop a
multilayer model of coated gold nanoparticles adsorbed on a substrate. In this model coated gold
nanoparticles are attached to the substrate and are coated by a series of layers (see figure 5.22).
In the figure np is the refractive index of the non absorbing medium, n1, n2, n3….. are the refractive
indices of the adsorbed layers, d1, d2, d3….. are the thicknesses of the adsorbed layers.
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Figure 5.22 Schematic of the experimental configuration (top) and model of multilayer coated
gold nanoparticle adsorbed on the substrate (bottom)

In our model the gold nanoparticles are immobilized on the substrate, while the protein layers
build up one by one. In the experimental setup, protein coated gold nanoparticles are not all
adsorbed to the surface in one step. Rather, the adsorption takes place in steps on successive
exposure of the protein/nanoparticle solution to the polymer coated surfaces. As a control
experiment, we actually ran a trial where BSA coated gold nanoparticles were initially adsorbed
on PS biomaterial for 5 minutes and then this surface was exposed to BSA solution at a
concentration of 2.0 μg/ml (the same concentration as that found in BSA/nanoparticle solution).
The peak shifts and extinctions are plotted in figure 5.23. The peak shifts due to adsorption of
BSA molecules and those due to BSA/gold nanoparticle solution are equal within experimental
uncertainty. Therefore, the model developed to probe the changes in the peak positions of
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immobilized gold nanoparticles due to deposition of protein layers was used to calculate peak
shifts due to deposition of protein/gold nanoparticle layers. The change in extinction is almost
entirely due to adsorption of gold nanoparticles (fig 5.23).
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Figure 5.23 Comparison of peak shifts (left) and extinction (right) due to adsorption of
BSA/gold nanoparticle solution (triangles) and BSA solution without gold nanoparticles
(circles).

For the case of N layer coating, the effective refractive index of the medium is then given as

The corresponding peak shift is given as
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5.4.1 Simulation results
Using equation 5.2, we can calculate how the effective refractive index of the medium would
vary as function of the layer thickness. Data for 30 nm (diameter) gold nanoparticles
immobilized on a transparent substrate coated with layers of varying refractive indices is shown
in figure 5.24. The refractive index of the medium is taken to be equal to 1.33. As is evident
from the graph; as the thickness of the coating increases, the effective refractive index of the
medium also increases. For the same layer thickness value, higher the refractive index of the
coating layer, higher is the effective refractive index. Comparison of the initial slopes of the two
extreme cases (1.4 and 1.7) shows that the effective refractive index rises more rapidly if the
refractive index of the layer is 1.7 as compared to the case where the refractive index of the layer
is 1.4.

171

ref. index 1.4
ref. index 1.5
ref. index 1.6
ref. index 1.7

effective ref. index

1.7

1.6

1.5

1.4

0

10

20

30

layer thickness (nm)
Figure 5.24 Effective refractive index of the medium surrounding 30 nm gold nanoparticles vs.
thickness of the coating.

Figure 5.25 illustrates the effect of radius of the nanosphere on the effective refractive index.
The refractive index of the coating is taken as 1.57. The effective refractive index rises more
rapidly for smaller spheres as compared to larger spheres. At the same time, the coating
thickness value for which no change in the effective refractive index is measureable increases
with the increase in the radius of the sphere.
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Figure 5.25 Effect of radius of the nanosphere on the effective refractive index

Using equation 5.4, we can calculate the peak shifts if thickness and refractive index of the
coating are known. Variation of peak shift with the refractive index of a single layer is shown
below in figure 5.26 for different c values. The value of this parameter can lead to different
values of the peak shift even when all other variables are kept the same. It is clearly evident from
the figure above that for a 10 nm thick layer; change in the value of c from 1 to 50 results in 25
fold increase in the peak shift. Henceforth, the value of c is taken to be 29 from the data of
Johnson and Christy [360].
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Figure 5.26 Peak shift for 30 nm gold nanoparticles vs. coating thickness for various c values.

The variation of peak shift for 30 nm gold nanoparticles coated with layers of varying
thickness is shown in figure 5.27. For constant refractive index value, as the thickness of the
layer increases, the magnitude of the peak shift also increases. For a particular thickness, an
increase in the refractive index results in bigger peak shift. For a thicker layer, a similar change
in the refractive index of the layer results in bigger shift in the peak value, There is sharp
increase in peak shift when the coating thickness increases from 1 to 5 nm. Further increase to 10
nm results in a smaller change in peak width. As the width of the layer increases beyond 15 nm,
there is relatively little change in the peak wavelength value.
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Figure 5.27 Variation of peak shift vs. thickness of the coating layer for various refractive index
of the coating layer.

The sensitivity to peak shift also depends on the size of the gold nanoparticle. Variation in the
peak shift with coating thickness for spheres of various radii is shown in figure 5.28. The
refractive index of the layer is 1.57. For thin layers (< 5 nm) 5 nm spheres show the maximum
value of peak shift. As the thickness of the coating increases, peak shift for 5 nm spheres reaches
saturation while a shift in the peak is still observable for bigger nanoparticles. Smaller
nanoparticles show higher sensitivity (peak shifts) for thinner coatings while bigger
nanoparticles are more sensitive for thicker coatings. In other words, bigger nanoparticles can
probe larger area as compared to smaller nanoparticles.

175

peak shift (nm)

20

15

10

radius 5 nm
radius 10 nm
radius 15 nm
radius 20 nm
radius 30 nm

5

0
0

10

20

30

layer thickness (nm)
Figure 5.28 Variation in peak shift with the thickness of the coating layer for gold nanospheres
of different radii.

Next, we considered how the variation in the refractive index of successive layers would change
the position of the plasmon peak. We looked at the following scenarios: (a) layers of constant
refractive indices, (b) layers of constantly increasing refractive index, (c) layers with first
increasing and then decreasing refractive index, (d) layers of first increasing and then constant
refractive index, (e) layers with stepwise decrease in refractive index. Similar trends of layer
build up have actually been experimentally observed in ellipsometry studies [182]. We
calculated peak shifts for all the above mentioned scenarios using equation 5.6. The refractive
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indices and the corresponding peak shifts for all the above scenarios are presented below (figure
5.29 a-e).
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Figure 5.29 (a) Variation in refractive index of nanoparticle coating vs. distance from the
nanoparticle surface (left). On right peak shifts vs. distance from nanoparticle surface
corresponding to scenario b are plotted.

2.0

peak shift (nm)

refractive index

20

1.8

17

14

1.6

11
0

1

2

3

4

5

0

6

1

2

3

4

5

6

layer thickness (nm)

layer thickness (nm)

Figure 5.29(b) Variation in refractive index of nanoparticle coating vs. distance from the
nanoparticle surface (left). On right peak shifts vs. distance from nanoparticle surface
corresponding to scenario b are plotted.
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Figure 5.29 (c) Variation in refractive index of nanoparticle coating vs. distance from the
nanoparticle surface (left). On right peak shifts vs. distance from nanoparticle surface
corresponding to scenario b are plotted.
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Figure 5.29 (d) Variation in refractive index of nanoparticle coating vs. distance from the
nanoparticle surfaces (left). On right peak shifts vs. distance from nanoparticle surface
corresponding to scenario d are plotted.
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Figure 5.29 (e) Variation in refractive index of nanoparticle coating vs. distance from the
nanoparticle surfaces (left). On right peak shifts vs. distance from nanoparticle surface
corresponding to scenario d are plotted.

Figures 5.29 (a-e) demonstrate how this simple analysis can predict the peak wavelengths for
various cases in which each successive layer s different refractive index value. A continuous
increase in the peak shift is obtained in three cases (a) if the refractive index of the incoming
layers is constant, (b) each successive layer has a higher refractive index than the one preceding
it, (c) if the refractive index of the incoming layers first increases and then becomes constant. As
long as the refractive indices of the successive layers increase or stay constant, a continuous shift
in peak wavelength to higher values is observed. However, the magnitude of the total shift
differs depending on the actual value of the refractive indices. If the refractive index of the
adsorbing layers first increases and then decreases (fig. 5.29 c) or there is a step wise decrease in
the refractive index of the following layers (fig. 5.29 e), the peak shifts first increase with
increasing thickness and then becomes nearly constant.
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5.4.2 Refractive Index Profile of BSA adsorbed on PS, PMMA,
pHEMA and PDMS
There are some limitations of the model. First of all, we are using only an approximation and
not the full Mie theory. As is evident from the graph 5.21, there is some deviation between
calculations using Mie theory and the approximation as the coating thickness increases. Further,
we also neglect the nanoparticles adsorbing at later stages. As the thickness of the layer
increases, the nanoparticle effectively moves away from the substrate. Hence, the influence of
the substrate decreases with increasing layer thickness. The sensitivity of the peak shift to the
refractive index of the layer also decreases with increasing layer thickness (figure 5.30).
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Figure 5.30 Variation in the sensitivity of shift in the peak to refractive index of the layer as a
function of layer thickness
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Therefore, although we cannot use the model to actually calculate the refractive index of the
layers, we can use the model to compare the refractive indices of BSA adsorbed on various
polymers. The refractive index values for BSA adsorbed on various polymers (PS, PMMA and
pHEMA) are shown in figure 5.31.
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Figure 5.31 Refractive index profile of BSA adsorbed on PS (circles), PMMA (squares) and
pHEMA.

Clearly the refractive index profile of BSA is different on hydrophobic substrates (PS and
PMMA) as compared to hydrophilic substrates (pHEMA). Initially BSA has similar values of
refractive index on these substrates. However, as the layer builds up, while the refractive index
of BSA on pHEMA decreases, the incoming layers on hydrophobic substrates increases and
finally attains a constant value. The refractive index profile of BSA on PDMS is shown below.
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Although PDMS is also hydrophobic, the refractive index profile of BSA on PDMS does not
resemble the profile on other hydrophobic substrates. PDMS is not only more hydrophobic, it is
also rough as compared to PS and PMMA. The effect of surface roughness is explained in the
following section.
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Figure 5.31 Refractive index profile of BSA adsorbed on PDMS

5.5 Effect of Surface Roughness
To monitor the influence of surface roughness, we artificially roughened the sides of PS cuvette
by swiping the sides with Kim wipe dipped in toluene. The kinetics of adsorption of BSA on
smooth and roughened PS surface are shown in figure 5.32. Adsorption of BSA on rough PS
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surface was performed four time. Data for all four runs is shown in figure 5.32. Initially, the rate
of adsorption is higher on smooth PS surface as compared to rough surface. Roughness of the
surface seems to provide a barrier to adsorption in the initial stages. The refractive index profile
of BSA adsorbed on rough and smooth PS surface is shown in 5.33.
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Figure 5.32 Variation in the surface density of BSA adsorbed on smooth (diamonds) and rough
PS surfaces

The refractive index profile of BSA adsorbed on roughened PS surface is similar to the
refractive index profile of BSA on PDMS surface. Hence, it is the surface roughness of PDMS
which causes BSA to behave differently on PDMS as compared to PS and PMMA.
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Figure 5.33 Comparison of refractive index profile of BSA on rough (square) and smooth
(circle) PS surface.

5.6 Adsorption of denatured BSA

To evaluate the difference in the refractive index profile of BSA in native state and denatured
state, we heated BSA coated gold nanoparticles at 95°C for 20 hours and studied the adsorption
of denatured BSA on smooth PS surface. Adsorption kinetics of native state and denatured BSA
adsorption on PS surface is shown below (figure 5.34). Rate of adsorption of denatured BSA is
much higher than that of native state BSA. In the same time the surface density of denatured
BSA is 3 times that of native state BSA. The refractive index profiles of denatured and native
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state BSA are shown in figure 5.35. Whereas, adsorption of native state BSA results in layer

surface density (mg/m2)

thickness of 5 nm, adsorption of denatured BSA leads to a layer thickness of 14 nm (figure 5.35).
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Figure 5.34 Comparison of the change in surface density of denatured (square) and native state
(circle) BSA with time on PS surface

As is evident from the graph, the refractive index profile of denatured BSA differs significantly
from that of native state BSA. Thus, the model can differentiate native state protein from
denatured protein.
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Figure 5.34 Comparison of the refractive index profile of denatured BSA (circle) and native
state BSA adsorbed on PS surface.

5.7 Conclusions
In this study we have employed gold nanoparticles to obtain the refractive index profile of
proteins adsorbed on various substrates. We have used optical extinction spectroscopy to study
the dielectric properties of adsorbed protein. This is the first study to use LSPR

of gold

nanoparticles to probe the optical properties of the adsorbed protein layers a a function of
distance from the substrate. The results indicate that the structure of surface adsorbed protein
depends on the nature of the substrate. Further, the dielectric properties of the adsorbed protein
vary with distance from the surface. We have developed a simple analytical model to calculate
186

the refractive index profile of the adsorbed protein. Though the model cannot predict the actual
values of the refractive indicies, it can differentiate between the refractive index profiles of
protein adsorbed on hydrophilic substrtes as compared to hydrophobic substrates. The model can
also be used to study the effect of surface roughnesson protein adsorption. Using this technique,
we can easily distinguish beween structurally stable and denatured protein. This technique is
suitable to study adsorption of a wide range of proteins on any transparent substrate. We have
shown that a simple extinction setup can provide similar information as that obtained from
labour and money intensive techniques like neutron reflectivity.
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CHAPTER 6
Concluding remarks
Today, nanoparticles are increasingly being used as drug delivery agents. When these
nanoparticles come into contact with living systems, they invariably interact with proteins. The
adsorbed protein layer actually determines the behaviour of these nanoparticles. It has been
shown that adsorption of proteins onto flat substrates can lead to conformational changes in the
adsorbed protein layer. It can be expected that as the size of the nanoparticles becomes smaller
and approaches the size of the protein, the structure of the adsorbed layer can be significantly
different from that on flat substrates. High curvature of small nanoparticles can retard protein
adsorption [361].
This thesis describes experiments developed to probe the fundamental aspects of protein
nanoparticle interactions such as dependence of protein functionality on the curvature of
nanoparticles. We also developed a novel experiment to utilize gold nanoparticles as tools to
study the complex interfacial behaviour of proteins. We have shown how we can utilize the
extreme sensitivity of LSPR of gold nanoparticles to local refractive index to determine the
structure of adsorbed protein and probe protein ligand binding. Therefore, we have made
noteworthy contributions in promoting the use of nanoparticles as means for studying protein
adsorption at solid/liquid interface. This work sheds some light on the complicated interfacial
behaviour of proteins. The structure of a protein adsorbed on any substrate depends on the
nature of the substrate itself as seen in the behaviour of BSA adsorbed on polymer surfaces. For
surfaces with similar surface chemistries, the structure of the adsorbed protein layer can depend
on the surface curvature. Study on the adsorption of IgG, Protein A and streptavidin on gold
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nanoparticles reveals that not all proteins are similarly affected by the size of the adsorbing
surface. It depends on the shape, size and nature of protein. For some proteins adsorption on a
surface can lead to reduction/ loss of its biological activity. The reduction in biological activity
can further depend on the radius of curvature of the adsorbing surface.
This work can be broadly divided into two parts. In the first part, we studied how the
curvature of the nanoparticles and other variables such as pH and bulk protein concentration
influence the structure and functionality of adsorbed proteins. For these studies we chose three
proteins IgG, Protein A and Streptavidin. Whereas Streptavidin is small molecule (5 x 5.2 x 4.8
nm3), IgG and Protein A are long molecules approximately 15 and 25 nm long respectively. IgG
has different binding sites for Protein A and Anti-IgG. Protein A binds to Fc site on IgG and
Anti-IgG binds to Fab sites. Binding between streptavidin conjugated gold nanoparticles and
biotin was probed and it was found that the size of the gold nanoparticle does not affect binding.
Streptavidin has 4 biotin binding sites, one on each side. So it is not surprising that it retains its
biotin binding activity. Protein A, which has 5 IgG binding sites, also retains its IgG binding
activity on all nanospheres from 5 to 60 nm. The size of the nanoparticle significantly affects the
functionality of adsorbed IgG. While IgG retains its binding activity for Anti-IgG on all spheres
(10-60nm), IgG attached to spheres with diameters ≥ 20nm is not able to bind to Protein A. The
restricted access of Protein A to Fc site of IgG adsorbed on gold nanospheres with diameter
suggest that IgG adopts an end-on orientation with Fc site attached to the spheres and Fab parts
extended in the solution. In such a scenario, bulky Fab groups would sterically hinder Protein A
and thus prevent Protein A from binding to adsorbed IgG. We also used Mie scattering theory to
generate theoretical extinction spectra for gold nanoparticles over a range of thicknesses and
refractive indices of the coating layer. We then compared the experimentally obtained peak
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position and extinction with those obtained using Mie theory. This helps us in obtaining the
optical thickness and refractive index of the adsorbed protein layer. The analysis shows that
orientation of small, symmetrical Streptavidin is not affected by the size of gold nanoparticles.
On the other hand, the thicknesses of IgG and Protein A suggest that these proteins adopt
different orientation on spheres with diameter ≥ 30 nm as compared to smaller spheres. Packing
density of the proteins also varies with the size of the nanosphere. In particular, there is little
variation in the optical properties and surface density of adsorbed proteins for nanoparticles with
diameter ≥ 30 nm.
The effect of bulk concentration of IgG was probed on 30 nm gold nanospheres. It was
found that the width of IgG layer does not change appreciably with the bulk protein
concentration. The layer thickness suggests that IgG adopts end-on orientation for all values of
concentration examined. The effect of pH on IgG adsorption was probed on two sphere sizes; 15
nm, comparable to the length of IgG molecule and 40 nm. The layer thickness values indicate
that IgG adopts end-on orientation on 40 nm spheres close to its i.e.p and at higher pH values
where it is negatively charged. Layer thickness value on 15 nm spheres is smaller than that
expected for end-on adsorption. Adsorption of IgG to 40 nm spheres at pH values where IgG is
neutral or carries negative charge, leads to retardation/ loss of its Protein A binding activity. On
the other hand, pH of adsorption has no influence on the binding activity of IgG attached to 15
nm spheres. Thus, IgG adsorbed onto 15 nm spheres retains its Protein A binding activity,
irrespective of the fact whether it carries positive or negative charge or it electrically neutral.
These results again point to different orientations of IgG on 15 nm spheres as compared to 40 nm
spheres.
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Thus, it can be concluded that high curvature of small nanoparticles (≤ 15 nm) can constraint
the way protein packs on to the sphere. This effect is more prominent for bigger proteins such as
IgG and Protein A as compared to smaller proteins such as streptavidin. The behaviour of
proteins on spheres with diameter ≥ 30 nm is actually comparable to their behaviour on flat
substrates. Adsorption of protein on surfaces can lead to reduction/ loss of its functionality due to
restricted access to its binding site. The functionality of the adsorbed protein can also depend on
the size of the gold nanoparticle that it is attached to. The effect of nanoparticle size on the
binding activity of the adsorbed protein varies from one protein to another.
In the second part of my research, we developed a new technique to study the optical
properties of the adsorbed protein as a function of distance from the substrate. In this study we
employed gold nanoparticles as reporters to study refractive index profile of a model protein,
BSA. We used UV-Visible extinction spectroscopy to study free BSA and BSA coated gold
nanoparticles on three substrates- PDMS, PS and pHEMA. The sensitivity of peak position and
extinction of LSPR peak was used to determine the optical properties of adsorbed protein layer.
The extinction spectra of protein coated gold nanoparticles were monitored at regular intervals of
time. By subtracting the extinction spectrum obtained at a particular time from the one preceding
it, we obtained extinction spectra at of each layer. To obtain refractive index of each layer, we
developed a simple analytical model of coated gold nanoparticles adsorbed on a substrate.
Comparison of experimental results with model showed that the optical properties of adsorbed
layers varied from one substrate to another. We found that the adsorbed layer is not
homogeneous. On PDMS and PS, the refractive index of the adsorbed layer initially increases
with distance from the surface. Differences begin to emerge at a distance of nearly 3 nm from the
surface. On PDMS surface there is a peak in the refractive index value at this point. There is a
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decrease in the refractive index value farther away from the surface. On PS on the other hand the
refractive index of the adsorbed BSA layer becomes nearly constant after a distance of about 3
nm. BSA layers adsorbed on polyHEMA have a high refractive index close to the surface. As the
distance from the surface increases, the refractive index drops down.
In this study we have shown that LSPR of gold nanoparticles can be used to obtain optical
properties of the adsorbed protein layer. We found that the adsorbed layer is not uniform and the
refractive index of the adsorbed layer varies with the distance from the surface. Further, the
optical properties of the adsorbed layer depend on the nature of the substrate. The simple model
developed by us can be used to calculate the optical properties of the adsorbed layer. This is the
first time that technique has been developed to use optical extinction measurements to obtain
depth dependent refractive index profile of an adsorbed protein. This technique is not just valid
for one protein and can be used to study a wide range of proteins adsorbed on any transparent
substrate.
There are still some aspects of protein-nanoparticle interaction that are not fully understood.
There are few reports on the detailed structure of protein adsorbed onto nanoparticles. By
utilizing Raman spectroscopy in combination with LSPR, secondary structure of the adsorbed
proteins can be probed. Raman scattering from molecules, which are either adsorbed onto or in
close proximity of plasmonic nanostructures, is enhanced due to large electromagnetic fields
around the nanostructure. This phenomenon referred to as surface enhanced Raman scattering
(SERS) can be used to gain insight into the secondary structure of the adsorbed species. LSPR
cannot be utilized to identify molecular species. However, SERS is a useful tool and can be
applied for molecular recognition.
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Most studies involving nanoparticles utilize a large number of particles. Instead a single
nanoparticle can be used as a probe. More studies employing individual nanoparticles are
required as single nanoparticles are especially useful for imaging inside cells and tissues.
However, such studies are limited by low signal to noise ratio. Dark field microscopy can be
utilized to observe scattering from individual nanoparticles. However, care should be taken to
select a particular size of the nanoparticle because absorption and scattering depend strongly on
the size of the nanoparticle. While nanoparticle absorbance scales as the volume, scattering
scales as the square of the volume of the particle. Scattering and absorption cross-section become
comparable for 80 nm silver nanoparticle and 60 nm gold nanoparticle. Development of this
technique could help in the detection of molecular binding events and conformational changes by
monitoring shifts in the peak.
Adsorption of proteins from multi-component solutions onto flat surfaces showed different
behaviour as compared to adsorption from single component solution [77]. Similar studies need
to be conducted on nanoparticles to explore competitive adsorption of proteins onto nanoparticle
surface. Such competitive binding conditions are experienced by nanoparticles on contact with
living systems. Our studies have shown that proteins can adopt specific orientations depending
on the size of a nanoparticle. Similar studies on nanoparticles with varying chemistries, shapes
and sizes can help in optimizing nanoparticles for biosensing applications as a particular proteinnanoparticle combination could result in increased stability/functionality of the adsorbed protein.
Such studies can also help in developing therapies against various amyloidogenic diseases as
nanoparticles have been shown to affect rate of protein fibrillation. Kinetics of protein
association/dissociation from nanoparticles is another critical parameter that has not been
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explored yet. Collecting the findings from various techniques may result in a unified theory to
fully explain protein nanoparticle interactions.
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