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Abstract

Benthic stream biofilm communities support stream ecosystem structure and function
by mediating nutrient and carbon cycling. Understanding how environmental factors shape
biofilm communities in stream ecosystems is therefore essential. Biofilm communities have
been shown to be strongly influenced by nutrient availability and temperature, factors that can
be modified by groundwater input at multiple spatial scales. However, in enriched streams,
groundwater input as a driver of heterogeneity in surface water environmental conditions has
not been well-explored among stream reaches (kilometer scale), habitat types (meter scale),
and patches (centimeter scale), nor has the seasonal consistency of these relationships been
studied. To investigate the association of groundwater input to biofilm communities, I
conducted three interconnected field studies in Kintore Creek, a nutrient-rich agricultural
stream network in Ontario, Canada. First, I assessed if variability in groundwater input altered
patterns of biofilm communities and cellulose decomposition among reaches over four
temperate seasons (Chapter 2). Next, I compared habitats (i.e., riffles and runs) in reaches with
high, moderate, and low groundwater inputs to determine if habitat type modified the effects
of groundwater input on stream biofilm communities and cellulose decomposition by varying
environmental conditions (Chapter 3). Lastly, I assessed the response of stream biofilm
communities and cellulose decomposition to a gradient of groundwater upwelling at the patch
scale and tested whether small scale variations in environmental conditions are associated with
biofilm communities and cellulose decomposition (Chapter 4). The results of Chapter 2

showed no within season association of groundwater input to biofilm communities, with
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seasonality driving heterogeneity in biofilm communities. Findings in Chapter 3 demonstrated
that habitat type modified effects of groundwater input on biofilm communities. Groundwater
influence was expressed by greater primary production and decomposition in runs in reaches
with groundwater input compared to runs in the reach with no groundwater input. At the patch
scale (Chapter 4), groundwater upwelling did not appear to generate substantial variation in
surface water conditions, and variability stream velocity was the primary driver of
heterogeneity in stream biofilm communities. The findings of this this thesis are in contrast to
past work that found effects of groundwater on stream biofilm communities in nutrient-poor
streams. These results may be due to cumulative effects of groundwater input throughout the
stream network, thereby limiting the ability to detect environmental drivers of groundwater
influence at small spatial (i.e., habitat, patch) scales. Therefore, additional studies comparing
catchments with differing levels of groundwater are needed to fully understand the influence
of groundwater on stream biofilm communities in differing landscape contexts. A major
challenge across spatial scales was the ability to represent the impact of groundwater inputs
through environmental measures and biofilm communities, suggesting further investigations
at the stream water — biofilm interface is required to disentangle the environmental drivers
associated to heterogeneity in biofilm communities. The results of this thesis suggest that the
influence of groundwater input on stream biofilm communities and processes depends on the
context of stream ecosystem, therefore understanding effects of groundwater input requires

future research across a diverse range of stream ecosystems.
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1 General Introduction
1.1 Overview

Stream ecosystems are hierarchically structured, where successively smaller sub-
systems such as stream segment, reach, habitat, and patch exist within a stream system (Frissell
et al., 1986). The interconnectedness of sub-systems among spatial scales within a stream
ecosystem are controlled by spatially nested environmental drivers, where each lower level is
constrained by environmental conditions at higher levels (Frissell et al., 1986; Thorp et al.,
2008). The spatial template generated by the inherently nested spatial scales in streams controls

patterns in biological response (Palmer & Poff, 1997; Poff, 1997; Thorp et al., 2006).

In streams, benthic stream biofilms, hereafter biofilms, are a crucial part of stream
ecosystems. Biofilm communities are composed of autotrophic and heterotrophic
microorganisms that include algae, bacteria, and fungi, that have a key role in biogeochemical
processing of organic and inorganic materials that influence nutrient cycling and carbon
cycling in streams (Borchardt, 1996; Battin et al., 2003a; Besemer, 2015). Biofilm
communities can be used as a valuable tool to assess stream ecosystems because their diverse
community composition and high sensitivity to changes in environmental conditions positions
these communities at the interface of biological response and the environment (Lowe & Pan,

1996; Lavoie et al., 2004).

Biofilm communities can be influenced by environmental factors in stream surface
water including nutrients, water temperature, and water chemistry, across multiple spatially

nested scales (Stevenson, 1997; Royer & Minshall, 2003; Graga et al., 2015). Groundwater
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inputs into stream surface water can also alter surface water nutrient availability, water
temperature, and water chemistry (Boulton & Hancock, 2006; Boano et al., 2014). However,
groundwater inputs have also been shown to be spatially heterogeneous, creating patchiness in
groundwater — surface water exchange across spatial scales in a stream network (Dent et al.,

2001; Conant et al., 2019).

Groundwater generated variability in surface water conditions has been shown to
generate heterogeneity in biological response at multiple spatial scales within a stream network
(Brunke & Gonser, 1997; Wyatt et al., 2008; Tang et al., 2019; Burrows et al., 2020). In past
studies, assessments of the association of groundwater inputs to heterogeneity in biofilm
communities are typically performed in low-nutrient (i.e., <5 pg P L' SRP,<0.5mg N L™
NOs3 - N), alluvial rivers at a single spatial or temporal scale (but see Tang et al., 2019). Thus,
how groundwater inputs influence biofilm communities in more nutrient-rich surface waters
among nested spatial scales and over multiple temperate seasons is largely unknown. Thus, the
research presented in this thesis seeks to use the spatially nested hierarchical structure of
streams as a template to assess the role of groundwater input in generating heterogeneity in
stream biofilm communities (i.e., biomass and diatom composition) and organic matter

processing (i.e., cellulose decomposition).

1.1.1 Stream biofilm communities

Biofilms are ubiquitous in freshwater ecosystems, where they can develop on nearly
any interfacial environment, ranging from Antarctic ice sheets to alpine streams, and can

establish communities on both organic and inorganic substrates, contributing to biodiversity



and ecosystem processes (Costerton et al., 1995; Stoodley et al., 2002; Dang & Lovell, 2015).
Stream benthic biofilm communities are composed of highly diverse microbial communities
of bacteria, archaea, algae, fungi, protozoa, and viruses that colonize streambed substrates
(Besemer 2015). The autotrophic component of the biofilm includes algae (e.g., diatoms, green
algae, and red algae) and cyanobacteria, whereas the heterotrophic component, consists of
primarily bacteria and fungi (Battin et al., 2016). Benthic biofilms are a major component of
stream ecosystem function, where biofilms process organic and inorganic materials through

direct assimilation or transformation (Sabater et al. 2016).

The autotrophic component of stream biofilms generally consists of diatoms, green
algae, and cyanobacteria, hereafter collectively referred to as benthic autotrophs. In streams,
benthic autotroph assemblages assimilate and transform bioavailable forms of nutrients (i.e.,
soluble reactive phosphorus (SRP), nitrate (NOs’), and ammonium (NH4")) into benthic
autotroph biomass (Biggs, 1996). Nutrients stored in benthic autotroph biomass can also be
transported downstream during sloughing of biofilm communities (Minshall et al., 2017).
Benthic autotrophic mediated nutrient cycles including assimilation, storage, and
transportation can lead to short transport distances and rapid cycling of nutrients in the stream,
influencing the quantity of dissolved materials and extent of downstream eutrophication
potential. The rate of assimilation and subsequent growth of benthic autotroph communities
directly impacts production of basal resources in the stream food web (Allan & Castillo,
2007a). Benthic autotrophs can be a high-quality food source for freshwater consumers,

primarily stream invertebrates, due to lower C:N and C:P ratios in autotrophic tissue compared



to terrestrial matter (Frost & Elser, 2002; Guo et al., 2016). The extent that benthic autotroph
assemblages can perform biogeochemical processes, which are integral to stream ecosystem
function, is determined by variability in habitat quality that arise due to heterogeneity in
environmental conditions across multiple spatial and temporal scales that controls assemblage

biomass and community composition (Stevenson, 1997; Soininen, 2007).

The heterotrophic component of stream biofilms is largely composed of bacteria and
fungi, which have a key role in the breakdown and mineralization of organic material
(Cummins, 1974; Petersen & Cummins, 1974). The major processes for breakdown of organic
material through the detrital pathway undergo a well-defined sequence beginning with initial
leaching of soluble compounds (Webster & Benfield, 1986). Detritus is then assimilated and
mineralized through colonization and processing by heterotrophic microbes, specifically
bacteria and fungi, who condition detritus (i.e., make it more palatable) for subsequent
consumption by invertebrate consumers (Suberkropp, 1992; Suberkropp & Weyers, 1996;
Allan & Castillo, 2007d). Physical fragmentation within the detrital pool is linked to abrasion
and shear stress by streamflow, which also leads to downstream transport of detritus (Gessner
et al.,, 1999). The processing of organic material through the detrital pathway creates an
important link in carbon cycling, nutrient mineralization, and energy transfer in stream
ecosystems (Enriquez et al., 1993). Identifying environmental factors that generate
heterogeneity in patterns of organic matter processing across multiple spatial and temporal has

been of keen interest due to the important role heterotrophic microbes have in supporting



stream ecosystem processes (e.g., Royer & Minshall, 2003; Rinehart et al., 2015; Follstad Shah

et al., 2017; Costello et al., 2022).

1.1.2 Review of methods for sampling stream biofilm communities

Streambed substrate consistently has been shown to be a key driver biofilm community
characteristics (e.g., Battin et al., 2001; Cardinale et al., 2002; Hanrahan et al., 2018;
Wijewardene et al., 2021). Among and within reaches in a stream network, substrate size can
vary widely (e.g., cobbles, gravel, sand, silt), posing a challenge for direct comparisons of
biofilm communities (Burkholder, 1996). Thus, methods that employ a standardized approach
are required to compare biofilm communities across spatial and temporal scales. Various
standardized approaches to capture the autotrophic and heterotrophic components of biofilm

communities in streams have been developed.

Biofilm biomass can be sampled directly from natural substrata in the stream, or from
a standardized substrate that has been incubated in the stream (sensu Steinman et al., 2007).
Biofilm biomass accrual follows a well-defined accrual curve, where colonization and
exponential growth results in peak biomass at approximately 28 days, depending on season
(Biggs, 1996; Royer & Minshall, 2003). This is a disadvantage of biomass sampling from
natural substrata, as peak biomass cannot be identified for each sampling period. Further, there
may not be consistent size substrata (e.g., cobble) among or within reaches in a stream network.
Scraping a known area from an artificial substrate that has been deployed for a known amount

of time allows for direct comparisons of biomass accrual.



Assessing biomass accrual also allows for insights into both the autotrophic and
heterotrophic component of the biofilm. Pigments in algae, such as chlorophyll-a, have been
widely applied to estimate algal biomass and require relatively straightforward lab equipment
and protocols (sensu Steinman et al., 2007). Pigment analyses of chlorophyll-a allows for a
distinction of algal biomass from other biofilm biomass, however, the amount of chlorophyll-
a in a cell depends on autotroph community composition and environmental factors (sensu
Steinman et al., 2007). Further, biofilm biomass can be estimated by measuring ash-free dry
mass using well-described methods and commonly available lab equipment, although this
method does not distinguish autotrophic and heterotrophic biomass, nor does it identify
whether biomass is alive or senescent (sensu Steinman et al., 2007). By simultaneously
measuring autotrophic and biofilm biomass from a standardized substrate, associations with

environmental conditions can be readily assessed.

Changes in benthic autotroph assemblages have been consistently linked to spatio-
temporal heterogeneity in environmental conditions (e.g., Stevenson, 1997; Biggs et al., 1998;
Stevenson & Pan, 2010; Passy & Larson, 2011; Lange et al., 2016). Benthic autotroph
assemblages broadly consist of three dominant groups: green algae, cyanobacteria, and diatoms
(DeNicola, 1996). Though each green algae, cyanobacteria, and diatoms respond to changes
in the environment, diatoms have been shown to be a more robust indicator of changes in
environmental conditions (e.g., Pan et al., 1996; Winter & Duthie, 2000; Lavoie et al., 2004;
Stevenson & Pan, 2010; Carayon et al., 2019). Diatom assemblages can provide insight into

environmental conditions because diatom assemblages are taxonomically rich, including



hundreds of taxa in temperate streams, are sensitive to changes in environmental conditions,
and have a well-established autecology (Van Dam et al., 1994; Lavoie et al., 2006). Diatom
communities can be readily sampled in streams by scraping a known area of a natural or
artificial substrate, and number of samples required can be easily altered to match the spatial
scale of the research question (Biggs, 1996; Lavoie et al., 2005). Diatom taxa can been
identified and enumerated using microscopy or molecular methods (Bailet et al., 2019; Rimet
et al., 2019). Protocols for analysis of diatom communities after identification are robust, such
as inclusion and exclusion criteria for rare taxa (Cao et al., 2001; Lavoie et al., 2009; Lavoie
& Campeau, 2016). Though in its infancy, there is potential to apply machine learning to
existing valve view diatom images to assist with more rapid taxonomic identification (Pu et
al., 2023). A key limitation of using compiled diatom images is that identification of diatoms
in girdle view is not yet possible. Identification of individual diatoms using microscopy can be
challenging primarily due to analyst skill level, time required, availability of microscope
equipment, and ongoing updates and changes to diatom taxonomy. However, with the required
taxonomic expertise and equipment availability, identification of diatom taxa is a useful
bioindicator to assess associations between diatom community composition and environmental

conditions (Passy, 2001; Soininen, 2007; Lavoie et al., 2014).

1.1.3 Review of sampling organic matter processing

Biofilm biomass accrual provides a metric for comparison of the quantity of biofilm
community at a given sampling location, biomass accrual does not account for the function of

processing of organic material biofilms perform in streams. Because of the importance of a



function-based metric of organic matter processing, various techniques to assess organic matter
processing have been developed.

The litter-bag assay was developed as a method to assess organic matter processing in
stream ecosystems (Gessner & Chauvet, 2002). The litter-bag assay involves placing a known
mass of plant litter in a mesh bag, deploying in a stream, collecting, and re-weighing plant litter
to measure mass loss during deployment. The difference in mass loss provides a decomposition
rate, as amount of organic matter lost during breakdown over a known incubation period
(Boulton & Boon, 1991). A benefit of this method is that allochthonous litter can be used to
assess realized decomposition processes, providing further insight into nutrient cycling in
streams (Robbins et al., 2023). However, a major disadvantage of the litter-bag assay is the
lack of consistency such as across mesh sizes, litter taxa, litter quality, and amount of plant
litter used, which limits comparability among studies (sensu Tiegs et al., 2013). The lack of
standardization with the litter-bag assay led to the development of the cotton-strip assay, which
measures decomposition rate as a loss of tensile strength rather than mass loss (Boulton &
Boon, 1991; Boulton & Quinn, 2000). The cotton-strip assay provides a standardized and
ecologically relevant material, as cotton is 95 % cellulose as plant litter is primarily cellulose
(Egglishaw, 1972). The cotton-strip assay has shown sensitivity to differences in
environmental conditions at multiple spatial scales (e.g., Clapcott & Barmuta, 2010; Webb et
al., 2019). Additionally, cotton-strips tend to decompose more rapidly than plant litter,
requiring shorter incubation time (Tiegs et al., 2007). A disadvantage of the cotton-strip assay
is that the assay provides a relative measure of decomposition among locations, but does not

necessarily reflect the actual rate of C processing in the stream (Tiegs et al., 2007, 2013).
8



However, overall, the cotton-strip assay does provide a standardized indicator of measuring

organic matter processing.

1.2 Review of environmental drivers of biofilm communities
1.2.1 Nutrient availability & Water chemistry

Nutrient availability, as phosphorus (P; dissolved inorganic P) and nitrogen (N; nitrate
and ammonia), in surface water can limit stream biofilm accrual (Suberkropp & Chauvet, 1995;
Borchardt, 1996; Gulis & Suberkropp, 2003). Surface water nutrient availability has also been
shown to be influenced by groundwater inputs (Brunke & Gonser, 1997; Boulton et al., 1998).
Generally, autotrophic biomass accrual has a positive association with nutrient availability in
the water column (Biggs, 2000; Dodds & Welch, 2000). Heterotrophic microbial activity
depends on both water column nutrient availability and litter quality (Royer & Minshall, 2001;
Ferreira et al., 2015). Because of the varying nutrient requirements for different taxa in the
biofilm, autotrophs and heterotrophs typically have different nutrient limitation thresholds
(Tank & Dodds, 2003). In southern Ontario streams, nutrient threshold for ensuring protection
from eutrophication effects in agricultural streams has been estimated as 0.026 mg P L' for
total P, and 1.06 mg N L! for total N for benthic algae (Chambers et al., 2012). Estimates for
surface water SRP and NOs™ - N thresholds for heterotrophic microbial activity have been
estimates as 0.018 —0.053 mg P L"! for SRP and 0.16 —3.03 mg N L™! for NOs™- N (Rosemond

et al. 2002; Ferreira et al. 2006; Gulis et al. 2006).

Nutrient availability is not the only resource that can influence stream biofilm

communities. Indeed, in temperate streams, nutrient availability only explained 10 — 40 % of
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the variation in benthic algal biomass (Dodds et al., 2002). Further, in agricultural streams,
where nutrients tend not to be limiting, and biofilm communities may be limited by other
habitat factors (e.g., light availability, stream velocity) (Munn et al., 2010). Therefore, nutrient
availability must be considered in the context of other habitat factors (e.g., water chemistry,

water temperature, stream velocity, and/or light availability).

Water chemistry can also have a modifying role on biofilm communities. Past work
that the role of pH in influencing microbial activity where ranges in pH were greater than 2.0,
though common aquatic hyphomycetes (fungi) can tolerate a wide range of pH (Suberkropp,
1992; Griffith & Perry, 1994; Webb et al., 2019). In streams, greater pH tends to be correlated
to increased conductivity, which may be associated with erosion and runoff adding major ions
and nutrients into the surface water, particularly in agricultural streams (Biggs, 1990; Pan et
al., 1996; Leland & Porter, 2000). Dissolved oxygen concentration can also influence biofilm
community function. Oxygen can also limit microbial respiration and photosynthesis due to
changes in diel demand for oxygen, and may be reduced where there increased loading of
organic material into a stream (Allan & Castillo, 2007b). Groundwater inputs can also alter
water chemistry in the surface waters, for example, groundwater inputs tend to be less oxygen

rich than surface waters (Valett et al., 1997; Malard & Hervant, 1999).

1.2.2 Temperature

Surface water temperature can influence biofilm growth rates, thereby altering
productivity and biomass accrual. Groundwater inputs can also influence surface water

temperatures, where a temperature differential between groundwater and surface waters exist
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(Kaandorp et al., 2019; Tang et al., 2019) Generally, warmer water temperatures increase
microbial metabolic activity, however, taxa in the biofilm have varying preferred temperature
ranges (Brown et al., 2004; Battin et al., 2016; Delgado et al., 2017). For the autotrophic
component of the biofilm, the major groups of autotrophs tend to have differing temperature
ranges of maximum growth rates and contribution to community composition, where diatoms
(Bacillariophyceae) typically range between 5 °C and 20 °C, green algae (Chlorophyta)
between 15 °C and 30 °C, and cyanobacteria (Cyanobacteria) are typically above 30 °C
(DeNicola, 1996). The differences in temperature tolerance of these groups have implications
for expected autotrophic biomass and community composition among temperate seasons.
Seasonal shifts in benthic autotroph assemblage composition have observed in temperate
streams, where in cooler seasons diatom tend to dominate autotroph assemblages, and in
warmer seasons autotroph community composition shifts tends to include a more diverse range
of autotrophic taxa (Flinders et al., 2019; Snell et al., 2019; Tang et al., 2019). Surface water
temperature acts as a key regulator for autotrophic community composition and metabolic
activity, even while other resources (e.g., light, nutrients) are readily available, thereby
constraining autotrophic assemblages in the biofilm (Mulholland et al., 1985; Allan & Castillo,

2007¢).

Surface water temperature has also been shown to be a primary environmental driver
of organic matter processing, where warmer temperatures are associated with faster rates of
organic matter processing (Ferreira & Chauvet, 2011; Fernandes et al., 2012; Costello et al.,

2022). In streams, aquatic hyphomycetes may constitute nearly 90 % of heterotrophic biofilm
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biomass, representing the majority of heterotrophic activity in the biofilm (Aumen et al., 1983;
Findlay & Arsuffi, 1989; Tank & Winterbourn, 1995). Like autotrophs, heterotrophic aquatic
hyphomycetes (fungi) have optimal temperatures for growth rates at temperatures of 15 — 25
°C, and have been shown to exhibit seasonal shifts on taxa composition in temperate streams
(Suberkropp, 1984; Sridhar & Barlocher, 1993). Heterotrophic bacteria show a similar optimal
temperatures to aquatic hyphomycetes, with peak respiration rates estimated to be between 15
and 25 °C, and highly diverse bacterial communities have been associated with water
temperatures of 16 — 19 °C, (Cherry & Guthrie, 1973; Sand-Jensen et al., 2007). Warmer
surface water temperatures generally increase the metabolic activity of heterotrophic microbes,
and past work has demonstrated that higher nutrient availability in the surface water can
interact synergistically with temperature to increase rates of organic matter processing (Gulis
& Suberkropp, 2003; Ferreira & Chauvet, 2011; Geraldes et al., 2012). Variation in surface
water temperature due to seasonality in temperate streams can also affect decomposition rates.
Under cooler (e.g., winter) conditions, decomposition rates can vary widely within small
thermal range (Griffiths & Tiegs, 2016). Past findings suggest that faster rates of organic matter
processing are likely to occur where surface water is warmer (i.e., 15 — 25 °C) and surplus

nutrients are available (Woodward et al., 2012; Tiegs et al., 2019).

1.2.3 Stream velocity

Stream velocity can effect ecological response in stream ecosystems by influencing
access to resources (e.g., nutrients) and habitat quality (e.g., sheer stress) (Poff et al., 1997,

Stevenson, 1997; Royer & Minshall, 2003). Indeed, stream velocity has been associated with
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variation in algal biomass, algal assemblage composition, and organic matter processing
(Horner et al., 1990; Biggs & Gerbeaux, 1993; Biggs & Hickey, 1994; Biggs et al., 1998; Tiegs
et al., 2009; Webb et al., 2019). Within the biofilm, benthic algae have been shown to be
affected by trade-offs in resource subsidy — shear stress responses to increasing stream
velocity. For example, slower stream velocity (< 0.2 m/s) limits mass transfer (i.e., nutrient
diffusion) whereas faster stream velocity (> 0.4 m/s) can result in sloughing of algal biomass,
and where biomass typically peaks at ~ 0.2 m/s (Biggs et al., 1998). Stream velocity also has
a key role in determining which taxa dominate algal assemblages. Generally, green algae
establish in slower velocities than diatoms (Biggs & Hickey, 1994; Biggs & Thomsen, 1995).
Further, within the diatom assemblage, taxa vary in their preferences for stream velocity, where
low profile and motile taxa tend to be observed in faster velocities and high profile taxa are

more common in slower velocities (Van Dam et al., 1994; Passy, 2007).

Faster stream velocity has consistently been shown to enhance rates of organic matter
breakdown, attributed to greater physical abrasion (Tiegs et al., 2009; Clapcott & Barmuta,
2010; Webb et al., 2019). Physical abrasion allows for greater fragmentation of organic matter,
which can be transported in areas of faster velocity (i.e., riffles), but organic matter may be
depositional in areas of slow velocity (i.e., runs and pools), thereby influencing carbon cycling
throughout the stream continuum (Vannote et al., 1980; Clapcott & Barmuta, 2010; Nogaro et

al., 2010).
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1.2.4 Light

Light availability, through shading by tree canopy cover or attenuation by turbid
surface waters, can influence biofilm communities. Canopy cover can obstruct over 95 % of
photosynthetically active radiation, limiting photosynthesis of autotrophic communities (PAR)
(Hill, 1996). Similarly, suspended sediments in surface waters can further attenuate PAR
before reaching biofilm communities (Dodds & Welch, 2000). Benthic autotroph community
composition and biomass accrual can be affected by light availability because of the response
of different taxa to irradiance (Hill, 1996). Typically, green algae require higher light
intensities than diatoms or cyanobacteria (Hill, 1996). Taxa traits may also contribute to shifts
in community composition in response to light availability. Low profile taxa, attached to the
substrate, may decrease in abundance in response to shading, whereas high profile and motile
taxa may increase in abundance due to better access to light (Passy, 2007). Further, access to
light may vary among seasons, where there is greater light availability during spring (prior to
leaf out) and autumn (post leaf fall) than summer. Light availability may also be a limiting

resource for biofilm accrual due to interaction with other environmental factors.

Light availability can interact with other environmental factors, such as nutrient
availability, to limit biofilm accumulation. For example, Munn et al., (1989) found that a
stream network in Illinois, USA with agricultural riparian cover (i.e., grasses and shrubs) in
the headwaters and more forest riparian vegetation in the downstream, with a concomitant
gradient of turbidity from upstream to downstream, likely reduced light penetration into the
stream, despite experimental surface water nutrient enrichment (0.33 — 0.85 mg P L' for SRP

and 1.8 — 2.1 mg N L! for NO5 - N). Similarly, a 2-year nutrient enrichment (~0.88 mg P L'!
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for SRP and ~1.9 mg N L™! for NOs - N) study in a forested stream in Georgia, USA, resulted
in little change in benthic algal biomass or biofilm biomass, or any change in the dominant
taxa in the algal assemblage (Greenwood & Rosemond, 2005). However, nutrient enrichment
of a moderately shaded, forested Mediterranean stream resulted in higher chlorophyll-a
concentration and algal density, but there was not a corresponding shift in community
composition (Sabater et al., 2005). Light may also have a role in the priming effect for
heterotrophic microbial decomposers, where greater light availability may stimulate algal
productivity and exudates, allowing for more rapid decomposition of more recalcitrant organic
matter (Danger et al., 2013; Howard-Parker et al., 2020) Thus, light availability may have an

important limiting role on stream biofilm biomass and community composition.

1.2.5 Influence of groundwater input

Contributions to stream flow can originate from various sources such as precipitation,
surface water runoff, and groundwater input (Hynes, 1983). Stream ecosystems often receive
a substantial proportion of their streamflow from groundwater input, particularly during
periods of baseflow in the winter and summer months in temperate regions (Boulton &
Hancock, 2006; Bertrand et al., 2012). Groundwater flow paths are often spatially and
temporally heterogeneous due to variability subsurface hydrogeological structures and climate
at large scales (e.g., stream segments, catchments), as well as small scale (e.g., reach, habitat,
patch) differences in hydraulic gradients between groundwater and surface waters (Boano et
al., 2014; Conant et al., 2019). Groundwater — surface water exchange in a stream system is

defined by areas of groundwater upwelling, or input, where groundwater enters the surface
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water and, conversely, areas of downwelling where surface water enters the groundwater
(Winter et al., 1998; Boulton & Hancock, 2006). Large scale determinants of groundwater —
surface water exchange include topography, geology, and climate (Sophocleous, 2002;
Boulton & Hancock, 2006; Boano et al., 2014; Conant et al., 2019). Topography controls the
depth and structure of the water table, and the geology drives spatial arrangement of the soil
and bedrock determines where groundwater — surface water exchange occurs (Winter et al.,
1998). Climate, including seasonality in temperate regions, influences frequency and intensity
of precipitation events, as well as annual patterns in baseflow dominated streamflow
(Sophocleous, 2002). Groundwater inputs are the predominant contributor to stream flow
during summer and winter baseflow periods in temperate climates (Bertrand et al., 2012).
Temperate seasons can also generate temperature variation in thermal regimes of groundwater
— surface water exchange, where groundwater inputs are cooler than surface waters summer,

and warmer than surface water in winter (Kaandorp et al., 2019).

Large scale drivers constrain local factors such as streambed topography and sediment
grain size which lead to shallow groundwater flow paths that differ at multiple spatial scales,
leading to variable groundwater influence within a stream network (Dent et al., 2001; Malard
et al., 2002; Cardenas et al., 2004; Korbel & Hose, 2015). Streambed topography generates
differences in patchiness in groundwater inputs due to hydraulic head where areas of faster
stream velocity generate surface water downwelling and areas of slower stream velocity where
groundwater can enter the surface water (Harvey & Bencala, 1993; Brunke & Gonser, 1997).

Differences in sediment grain size creates heterogeneity in streambed permeability where more
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coarse sediment usually results in greater exchange, whereas finer sediment reduces exchange

(Renard & Allard, 2013).

Shallow groundwater flow paths can result in an interface of groundwater — surface
water exchange known as the hyporheic zone, a subsurface layer of streambed sediment where
groundwater — surface water can exchange at small scales (i.e., meter, centimeter) within a
reach (Boulton et al., 1998; Dent et al., 2001). The hyporheic zone has a steep physiochemical
gradient, with complex patterns of aerobic and anaerobic conditions that interaction with
geochemically and microbially-rich streambed sediments, as well as stream biofilms,
increasing opportunities for higher rates of biogeochemical activity and transformation of
organic carbon and nutrients (Anderson-Glenna et al., 2008; Krause et al., 2011; Harvey &
Gooseff, 2015). Further, in areas where groundwater is upwelling, there is generally a more
moderated thermal regime compared to areas of no groundwater influence (Brunke & Gonser,
1997; Valett et al., 1997; Baxter & Hauer, 2000; Kaandorp et al., 2019). The dynamic
interactions of hydrological and biogeochemical processes where groundwater — surface water
exchange creates heterogeneous environmental conditions that can affect stream biofilm
communities (Valett et al., 1994; Jones et al., 1995; Wyatt et al., 2008; Mejia et al., 2016;

Tang et al., 2019; Burrows et al., 2020).

Patchiness in groundwater inputs have been associated with heterogeneity in stream
biofilm communities and organic matter processing because of the role of groundwater input
in influencing surface water nutrient availability, water temperature, and water chemistry

(Brunke & Gonser, 1997; Boulton & Hancock, 2006; Boano et al., 2014). Groundwater inputs
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have been associated with patches of greater primary productivity within reaches, largely
attributed to nutrient subsidies from groundwater (Wyatt et al., 2008; Roy et al., 2011; Mejia
et al., 2016; Burrows et al., 2020). Groundwater inputs also can generate more stable
temperature conditions that can promote algal growth during cooler and warmer seasons, and
reduce annual variability in benthic algal biomass over a hydrologic year (Sear et al., 1999;
Mejia et al., 2016; Kaandorp et al., 2019; Tang et al., 2019). Stream velocity has also been
shown to influence the effect of groundwater input within a reach, where autotrophic growth
is stimulated by groundwater resource subsidies (e.g., nutrients and chemical constituents) in
areas of slower velocity, but not in areas of faster velocity (Burrows et al., 2020). In addition,
groundwater inputs have also been shown to alter diatom assemblage composition (Stevenson

et al., 2009; Roy et al., 2011).

Organic matter processing has also been shown to be influenced by groundwater inputs.
Faster rates of organic matter processing have been associated with groundwater input, likely
due to additional nutrients from groundwater (Griffiths & Tiegs, 2016). In reaches with
groundwater, groundwater input provide microbial communities additional resources from
groundwater, thereby increase organic matter processing (Tiegs et al., 2009; Webb et al.,
2019). However, the cooling effect of groundwater inputs on surface water during warmer
seasons has been found to slow organic matter processing (Webb et al., 2019; Poisson & Yates,
2022). Further, low levels of dissolved oxygen in areas of groundwater input may also hinder
organic matter processing (Cornut et al., 2010). In the streambed sediment subsurface, cooler

groundwater input with lower levels of dissolved oxygen have been associated with lower
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heterotrophic activity, resulting in slower rates of organic matter processing (Strommer &
Smock, 1989; Malard & Hervant, 1999; Crenshaw et al., 2002; Cornut et al., 2010). Given that
groundwater input can alter key environmental drivers, such as nutrient availability and
temperature, understanding the extent that groundwater input can modify heterogeneity of
stream biofilm communities and organic matter processing is crucial to our understanding of

stream ecosystems (Boulton & Hancock, 2006; Conant et al., 2019).

1.2.5.1 Review of methods to measure groundwater input

Methods to measure groundwater can often be intrusive and destructive, involving
extraction of streambed sediments and/or drilling into streambed sediments and installing
equipment directly into the streambed for the duration of a study (Kalbus et al., 2006). The
scale of measurement of groundwater inputs can influence estimates of groundwater in a
stream. For example, differences between point measurements in a reach compared with tracer
techniques stream network scale. Therefore, understanding groundwater input in stream
network may be best represented by employing several techniques across multiple spatial

scales (Kalbus et al., 2006).

At kilometer scales, non-destructive methods to investigate groundwater inputs include
incremental streamflow, hydrograph separation, and environmental tracers. Measurements of
incremental streamflow are optimal when there are low flow conditions and require gauging
of both stream velocity and tracer dilution throughout each reach. These measurements are
cumbersome and may be inaccurate during periods of high flow (e.g., spring). If detailed

hydrographic information is limited, then another method should be employed (Kalbus et al.,
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2006). Environmental tracers are used to identify any change in surface water properties that
can be attributed to groundwater inputs and can be naturally occurring in streams. The use of
ions as tracers (e.g., conductivity) may not accurately represent groundwater inputs, as
biogeochemical reactions may alter concentrations of ions in the surface water, and the

presence of ions may not be related to concentrations in groundwater (Cook et al., 2003).

Where groundwater contributes to surface water, concentrations of radon-222 (*’Rn)
can be two or three orders of magnitude greater in the groundwater compared to surface waters
(Atkinson et al., 2015). Further, because *?’Rn has a short half-life (3.82 days) and readily
degasses into the atmosphere, there is a rapid decline in downstream concentrations of *’Rn.
Thus high *?Rn concentrations are only found in surface waters where there is groundwater
input at, or immediately upstream of, the sampling location (Cook et al., 2003). Additionally,
222Rn is relatively easy to sample and non-intrusive, requiring only a grab sample. Further, a
mass balance approach can be taken at each reach that integrates upstream and downstream
222Rn concentration, stream discharge, stream velocity, and reach width, allowing for estimates
of groundwater discharge in a reach (Atkinson et al., 2015). At the among reach scale, ?’Rn
provides insight into groundwater inputs throughout the reach, while allowing for comparison
among reaches over multiple seasons because of the consistent sampling and measuring
methods. However, *?Rn as a proxy for groundwater is limited to detecting patterns in

groundwater at large spatial scales (i.e., among reaches) (Cook et al., 2003).

With consideration of the potential patch dynamics of within reach scale hyporheic

exchange and the requirement for minimally disturbing the streambed, temperature as a tracer
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can be employed as a method to quantify groundwater — surface water exchange. Heat, as
streambed and surface water temperatures, is assumed to be empirically associated with
quantitative measures of groundwater flux (Conant 2004). Heat is a useful tracer in this
context, as groundwater temperatures are generally more stable throughout a year, whereas
surface water temperatures tend to vary throughout a day and over temperate seasons (Kalbus
et al., 2006). However, an important assumption is that differences in temperature between the
streambed and surface water are not attributable to solar warming due to time required to
measure streambed and surface water temperature (Kalbus et al., 2006). In warmer seasons,
groundwater is typically cooler than surface water, therefore where groundwater is present in
the shallow streamed, it is expected that there will be greater difference between surface and
subsurface temperatures (Kalbus et al., 2006). Although point measurements of surface and
subsurface temperatures are measured, discrete surface and subsurface temperature points can
be measured across transects and interpolated to create spatial maps of subsurface temperature
and surface water — subsurface temperature gradient within a reach (Fleckenstein et al., 2010;
Boano et al., 2014; Rau et al., 2014). Within a reach, groundwater inputs can be patchy at a
small (centimeter) scale, therefore spatial mapping of subsurface temperature and stream water
— subsurface temperature gradient can be used as a proxy to create a template of small-scale
groundwater — surface water exchange throughout a reach (Conant 2004). The template can be
used as a proxy to identify locations of groundwater input, surface water downwelling, or no
exchange within a reach (Robinson et al., 2022). This is a particularly useful method as
temperature can be measured rapidly and non-intrusively, measurements do not impact

streamflow, and can provide insight into small-scale (i.e., < 1 meter) spatial patterns in
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groundwater flux within habitats and patches in a reach (Rau et al., 2014, Conant 2004).
However, physical factors in the stream must also be taken into consideration. Streambed
topography associated with sequences of slow stream velocity (i.e., runs) and fast stream
velocity (i.e., riffles) has also been shown to modify patterns of groundwater input within a
reach, therefore stream velocity may modify groundwater influence (Harvey & Bencala, 1993;

Krause et al., 2011).

At the within reach scale, findings of spatial temperature mapping can also be supported
by direct point measurements of groundwater — surface water exchange, such as hydraulic
head, using pipes installed in the streambed. Where groundwater is upwelling, the hydraulic
head of groundwater is greater than that of the stream, conversely, where surface water is
downwelling, the hydraulic head of stream is greater than that of groundwater (Winter et al.,
1988). Additionally, this method also allows for direct measurements of groundwater nutrients
and chemistry (Conant et al., 2019). The challenge of measuring hydraulic head is that these
point measurements potentially only integrate a small (sub-meter) area of groundwater —
surface water exchange (Kalbus et al., 2006). This method is intrusive, as pipes need to be
installed directly into the streambed, which may affect streamflow and alter environmental
conditions biota experience. Further, streambed sediment type may determine placement of
wells, as dense clay or cobbles inhibit pipe installation (Cey et al., 1998). Therefore, direct
point measurements of groundwater — surface water exchange may be used to support findings
from other methods but may not be feasible to employ throughout all biological sampling

locations reach.
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1.3 Research objectives

The goal of my thesis was to understand how heterogeneity in stream biofilm
communities (i.e., biomass and diatom assemblage composition) and organic matter
breakdown (i.e., cellulose decomposition) are associated with patterns of groundwater input at
multiple spatial and temporal scales. To achieve this goal, I conducted three interrelated studies
at different spatial scales, one of which was also completed over four temperate seasons. Each
study was performed in the baseflow-driven, headwater stream system (i.e., Kintore Creek) in
an agricultural landscape in Ontario, Canada. For my second chapter, I conducted a field study
to assess if there is an association between heterogeneity in stream biofilm communities and
cellulose decomposition to groundwater input among reaches the headwater stream network.
Additionally, I evaluated whether spatial patterns in the association of stream biofilm
communities and cellulose decomposition to groundwater input varied among four temperate
seasons. In my third chapter, I compared stream biofilm communities and cellulose
decomposition between habitat types (i.e., riffle and run) in reaches with high, moderate, and
low groundwater to determine if effects of groundwater input vary with habitat type. I also
assessed the association between heterogeneity in biofilm communities and cellulose
decomposition and environmental variables that can be modified by groundwater input.
Chapter 4 examined the response of stream biofilm communities and cellulose decomposition
to a gradient of groundwater upwelling at the patch scale within a reach. Collectively, the three
chapters represent a hierarchical, multi-scale assessment of the influence of groundwater input

on biofilm communities and cellulose decomposition. My last chapter summarizes and
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integrates my findings from the three data chapters, while also providing suggestions for future

research.
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2 Intra-annual patterns in biofilm communities and cellulose decomposition in a

headwater stream network with spatially variable groundwater inputs

2.1 Introduction

Stream biofilms are an important component of stream communities that contribute to
ecosystem structure and function by performing biogeochemical processing of organic and
inorganic materials (Battin et al. 2003; Marmonier et al. 2012; Sabater et al. 2016). Stream
biofilms consist of both primary producers and heterotrophic microbes including algae,
bacteria, fungi, and micro-meiofauna (Besemer 2015). Algae are the dominant primary
producers in biofilms, providing basal resources to higher trophic levels, and influence nutrient
cycling through nutrient uptake from surface water and subsequently transforming, and/or
remineralizing nutrients (Minshall 1978; Vannote et al. 1980; Mulholland 1996). Likewise,
heterotrophic microbes contribute to carbon cycling in streams by processing organic matter
and can be an important food source for organisms at higher trophic levels (Royer and Minshall

2003; Graga et al. 2015).

The critical roles that biofilms play in streams has led to significant efforts to determine
the environmental controls of the structure (e.g., biomass and community composition) and
function (e.g., organic matter processing) of biofilms (Stevenson 1997; Biggs et al. 1998; Tiegs
et al. 2019). Previous studies have established that spatial patterns in stream biofilm
communities and organic matter processing are influenced by a number of local habitat factors
including nutrient availability (Stevenson 1997; Ferreira et al. 2015) and water temperature
(Morin et al. 1999; Ferreira and Chauvet 2011; Martinez et al. 2014). These factors can also

vary according to season (Francoeur et al. 1999; Griffiths and Tiegs 2016). However, many
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key environmental controls, including temperature and nutrient availability, can be influenced
by the amount of groundwater inputs to streams (Boulton and Hancock 2006; Conant et al.
2019). It is therefore important to establish the extent to which variability in groundwater
inputs may alter spatial and temporal heterogeneity of stream biofilm communities and organic

matter processing.

Groundwater inputs to streams are often spatially variable due to the complexity of
subsurface hydrogeological units and associated groundwater flow paths (Conant et al. 2019).
Variability in groundwater inputs can increase environmental spatial heterogeneity in streams,
influencing autotrophic and heterotrophic components of stream biofilms through addition of
nutrients and moderated temperature regimes (Brunke and Gonser 1997; Boulton and Hancock
2006). Indeed, past studies have shown spatial heterogeneity of biofilms in streams to be
strongly linked to variability in groundwater inputs (Baxter and Hauer 2000; Wyatt et al. 2008;
Mejia et al. 2016; Burrows et al. 2020). For example, variability in groundwater inputs along
a stream can create heterogeneity in surface water temperature at multiple spatial scales (e.g.,
within and between stream reaches) when and where a temperature differential between
discharging groundwater and the receiving stream exists (Malard et al. 2002). Moderating
thermal effects of groundwater inputs have been shown to increase algal biomass at the patch
scale (Pepin and Hauer 2002; Mejia et al. 2016) and linked to slower cellulose decomposition
in warmer seasons (Griffiths and Tiegs 2016; Poisson and Yates 2022). Moreover, inputs of
nutrient-rich groundwater have been shown to stimulate primary production (Wyatt et al. 2008;

Roy et al. 2011; Mejia et al. 2016) as well as accelerate organic matter processing due to
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stimulation of microbial activity (Gulis and Suberkropp 2003; Ferreira and Chauvet 2011).
However, past studies of stream biofilms have been largely limited to a single season in low-
nutrient (i.e., <5 pg P L' SRP, <0.5 mg N L' NO; - N) alluvial rivers, leaving more nutrient-
rich surface waters that experience multiple temperate seasons understudied (but see Tang et

al. 2019).

Groundwater inputs to a stream can potentially modify effects of seasonality on
biofilms by moderating variation in surface water temperature because groundwater is
typically more thermally stable throughout a year. Indeed, stream reaches with high
groundwater inputs generally have cooler surface water temperatures in summer and warmer
surface water temperatures in winter (Kaandorp et al. 2018, 2019). Such groundwater mediated
thermal regimes have been shown to increase primary production during cooler and warmer
seasons (Wyatt et al. 2008; Mejia et al. 2016). Indeed, Tang et al., (2019) observed that
groundwater inputs reduced variation in benthic algal biomass over an annual cycle because
of moderated thermal regimes. This pattern was in contrast to reaches without groundwater,
where effects of seasonality on benthic algal biomass were more apparent (Tang et al. 2019).
Moderated surface water temperature attributed to groundwater inputs have also been linked
to slower decomposition rates during warmer seasons and increased decomposition rates in
cooler seasons (Griffiths and Tiegs 2016; Webb et al. 2019). Variation in stream water
nutrients over an annual cycle also likely had a role in driving differences in cellulose
decomposition in a stream in Walker Branch, Tennessee, USA (Griffiths and Tiegs 2016).

Moreover, the impact of groundwater inputs may vary with season, as groundwater can be a

27



more important source of stream flow during baseflow periods, typically in summer and winter
in temperate climates (Bertrand et al. 2012). Yet, although groundwater inputs have been
shown to affect stream ecological condition, few studies have examined the effect of
groundwater inputs on biofilms in all seasons of a hydrologic year (but see Griffiths and Tiegs

2016; Tang et al. 2019).

Our study assessed how variability in the magnitude of groundwater input may
influence spatial and temporal patterns of biofilm communities and cellulose decomposition
among reaches of a nutrient-rich headwater stream network in an agricultural area of southern
Ontario, Canada. Specifically, we predicted that: (i) seasonal patterns of stream biofilm
communities (e.g., chl-a accumulation, biofilm growth rate, diatom assemblage composition)
and cellulose decomposition would be associated with the magnitude of groundwater inputs at
the reach scale, and (ii) differences in the magnitude of groundwater inputs between stream
reaches (i.e., spatial heterogeneity) would be associated with spatial patterns in stream biofilm

communities and cellulose decomposition.

2.2 Methods
2.2.1 Study area and site selection

Our study was conducted in the two headwater branches of Kintore Creek (43 °08°20”
N, 81°01°48” W) in southern Ontario, Canada (Fig. 1). Kintore Creek watershed experiences
a temperate climate with four distinct seasons (autumn, winter, spring, summer), with mean
annual low and high air temperatures of - 6.0 °C (minimum) and 20.2 °C (maximum),

respectively, and an average annual precipitation of 1069.5 mm (Environment and Climate
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Change Canada 2010). Land use in Kintore Creek watershed is predominantly agriculture (80
%), with forest (12 %) and residential (4 %) uses constituting smaller fractions (Agricutlure
and Agri-Food Canada 2020). Agriculture in the catchment is dominated by row crops of
soybean and corn, and subsurface tile drainage is present in many agricultural fields. Within
the catchment, surficial geology has variable permeability over the landscape due to glacial
deposits of sand-silt tills. High permeability zones are generally on the uppermost parts of the
catchments, and throughout the western part of the catchment where sediments are
predominantly sand. The stream channels are predominantly silt with some organics, sand, and
gravel and vary in permeability (Ontario Geological Survey 2010). Direct groundwater
discharges are the main source of flow during baseflow conditions in the headwaters of Kintore
Creek as there are no reservoirs or other major wetlands contributing water to the stream. The
exception is when the groundwater level is high and groundwater via agricultural tile drains

also contributes water to the stream during baseflow conditions.

29



43°12°0"N

43°10'0"N

22Rn concentration

43°8'0"N

. 200 - 250 Bq m?

® 251-450Bq m?

® 451-550Bqm®

@ 551-650Bqm?

i 651 - 850 Bq m® .

L am 1:40,000
[ e—] )
0 1 2

81°4'0"W 81°2'0"W

Figure 2.1 Location of headwater catchments (grey dashed lines) of Kintore Creek (solid black
lines), located in Southern Ontario, Canada (inset) and 19 study reaches (filled circles) with
varying groundwater inputs as indicated by median concentrations of radon-222 (**Rn, Bq m"
3). Sub-watersheds exhibit varying permeability of surface sediments (high permeability: dark
grey; low-medium permeability: light grey; variable permeability: grey hatched lines.
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(Permeability: Ontario Geological Survey 2010; Catchment boundaries/stream network:

Forsyth et al. 2016)

Nineteen stream reaches that exhibited a range of groundwater inputs were included in
our study. The magnitude of groundwater inputs were estimated based on proportional radon-
222 (*2Rn, Bq m™) concentration. 2’Rn is produced from the radioactive decay of radium and
is commonly used as a tracer for evaluating groundwater inputs to surface waters as it: 1) is
often naturally present in groundwater at considerably higher concentrations than in the
receiving surface waters, ii) is chemically inert, and iii) typically dissipates from surface waters
quickly because it is a gas and given its short half-life of 3.82 days (Cook 2013). The
distribution of selected reaches extended from near the top of the network to the confluence of
the two branches (Fig. 2.1; Appendix Al.). Within each selected reach, sampling locations
were established in riffle habitats. Selected reaches exhibited comparable amounts of canopy
cover (average = 85 %, range = 21 %) determined during leaf-out seasons using a densiometer
(Forestry Suppliers, 2008), thereby controlling for the effect of light availability on algal

growth.

2.2.2 Sample Collection & Processing
2.2.2.1 Environmental Characterization

The magnitude of groundwater inputs along the stream network was estimated from
stream 2*’Rn (Bq m™) was surveyed in autumn of 2018, as well as winter, spring, and summer
of 2019. For each survey, 22Rn was measured at 45 sites across the headwaters of Kintore

Creek with an average stream distance of 200 m between survey points (study reaches shown
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in Supplemental Table 1). Stream water samples were collected in 4 L amber glass bottles and
were analyzed for 2??Rn within 4 hours using RAD7 electronic radon detectors with the big

bottle accessory (Durridge, USA).

Surface water conditions in each of the 19 sampling reaches were characterized by
measuring water temperature and water chemistry. Stream water temperature was measured in
each reach using temperature loggers (HOBO Pendant, Onset, USA) at 10-minute intervals for
the duration of each deployment period. Temperature loggers were fastened to rebar near the
streambed. Stream water temperature measurements were used to calculate the mean daily
temperature range (°C) and mean daily temperature (°C). Mean daily temperature range was
calculated by determining daily maximum and minimum temperatures for each deployment
day with the daily ranges then averaged over the incubation period. Mean daily temperature
was calculated as the sum of the daily mean temperatures over the deployment period, and was
corrected for deployment length by dividing the sum by the number of deployment days of

each incubation period (sensu Benfield et al. 2017).

Grab water samples were taken at 60 % depth in a well-mixed area of each reach during
the four sampling periods for analysis of Dissolved Organic Carbon (DOC), and the dominant
bioavailable forms of nitrogen and phosphorus (i.e., nitrate - nitrogen [NO3™-N]) and Soluble
Reactive Phosphorous [SRP], respectively). Nitrate samples were filtered using a 0.45-um
cellulose acetate filter and frozen until analyzed. SRP samples were filtered using the 0.45-um
cellulose acetate filter, kept in the fridge, and analyzed within 24 hrs of filtering. NO3™-N was

analyzed using liquid chromatography (HPLC) (Thermo Scientific Dionex Aquion Ion
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Chromatography System with Dionex AS-DV autosampler) and SRP was analyzed on Flow
Injection Analysis automated ion analyzer (FIA) (Lachat QuikChem, QC8500 FIA Automated
Ion Analyzer) (AWWA 2004) using external standards to calibrate standard curves. The lower
detection limits were 0.25 mg L™ for NOs™- N and 1 ug L™! for SRP. DOC was analyzed using
a Shimadzu TOC-5000A Total Organic Carbon Analyzer using USEPA Organic Carbon, Total
(Combustion or Oxidation) Method (US EPA 1974). Additionally, pH and specific
conductivity (uS cm™) were measured in a well-mixed, flowing section of each reach during

each sampling period using a handheld YSI probe (YSI, Professional Plus).

2.2.2.2 Biofilms

Biofilms were sampled using standardized artificial substrates (unglazed ceramic tiles;
21.24 cm? each) to provide a consistent surface for stream biofilm accumulation (sensu
Steinman et al. 2007). Three tiles were placed in a tile holder and attached to a brick anchor
using cable binders. Tile holders and brick anchors were secured by burying the brick in the

streambed and leaving approximately 2 cm above the streambed.

Tile holders were placed in riffle habitats and deployed at the same location in each of
the four seasons. Incubation length was adjusted for each season to ensure peak biomass and
was 25 or 28 days in autumn (September — October), 33 or 34 days in winter (January —
February), 33 or 34 days in spring (May — June), and 26 or 27 days in summer (August). In
each season, one of the three tiles was sampled for each of diatom taxonomy, chlorophyll-a
[chl-a], and ash-free dry mass [AFDM]). The entire tile area was scraped using a toothbrush

and well-rinsed with deionized water between samples. Diatom taxonomy samples were
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preserved with Lugol’s iodine (~1 % v/v) and biomass (chl-a and AFDM) samples were stored

frozen until analysis.

Diatom frustules were first cleaned of organic matter to ensure visible frustules by
digesting samples in 5 mL of 100 % (v/v) nitric acid for 15 h. Then, 1 mL of hydrogen peroxide
30 % (v/v) was added and tubes were immersed in a water bath at 60 °C for 1 h. Samples were
then centrifuged at 5500 rpm for 10 minutes. Following centrifugation, the acid supernatant
was disposed of, and the pellet was retained. Deionized water was then added to rinse the
pellet. This process was repeated until supernatant reached a pH above 6. Taxonomy samples
were mounted on microscope slides with Naphrax® (refractive index: 1.74; Brunel
microscopes Ltd., Wiltshire, UK). Diatom assemblages were enumerated using a Zeiss Axio
Imager 2 light microscope equipped with Differential Interference Contrast optical
components and a digital camera. A minimum of 400 diatom valves per sample were
enumerated at 1000x magnification. Diatoms were identified to species level where possible

following Lavoie et al., (2008b) and Bey & Béranger (2014).

Chl-a samples were thawed and filtered onto Whatman GF/C filters and placed in 50
mL centrifuge tubes with 10 mL of 90 % ethanol. Next, hot ethanol non-acidification extraction
was performed by partially submerging centrifuge tubes in an 80 °C hot water bath for 7 min.
Chl-a concentration was determined using a Turner Designs Trilogy Fluorometer (Model:
7200e000). The extracted liquid was diluted if maximum detection limits (> 75 pg/mL) were

surpassed.
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AFDM samples were thawed and filtered through pre-ashed Whatman GF/C filters for
determination of organic mass. Filtered samples were then dried at 105 °C for a minimum of
12 h and weighed. Next, samples were ashed in a muffle furnace at 550 °C for 1 h and weighed
to determine mass loss on ignition. Samples were then re-wetted, due to high levels of silt/clay,
and dried at 105 °C for a minimum of 12 h and weighed to correct for water loss by clay and

other minerals.

2.2.23 Cellulose Decomposition

Cellulose decomposition was measured using the cotton-strip assay, with preparation,
deployment, and retrieval following Tiegs et al. (2013). Fredrix-brand unprimed 12-o0z.
heavyweight cotton fabric, Style #548 (Fredrix, Lawrenceville, GA, USA) was used to
construct 2.5 cm x 8 cm strips, with 3 mm of frayed ‘fuzz’ along the lengths of the strip. Five
cotton strips were then randomly assigned to each sampling reach and deployed in the riffle
habitat. Strips were attached to a 1.5 m chain using cable binders. The chain was anchored to
the bed using rebar. Incubation times varied among seasons due to changes in expected time
to reach approximately 50 % tensile loss. Incubation was 18 days in autumn (September —
October), 33 or 34 days for winter (January — February), 15 days in spring (May — June), and15

days in summer (August).

On retrieval, strips were submerged in a tray with 70 % ethanol for 7 minutes to sterilize
the strip, stopping microbial activity. After sterilization, strips were carefully brushed to

remove excess debris and sediment, then laid flat and covered with aluminum foil. Strips were
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placed on ice in a cooler until returning to the lab. In the lab, strips were dried at 40 °C for 24

h, and subsequently analyzed for tensile strength.

Tensile strength of the strips, defined as force required to break the strip, was measured
using a tensiometer and motorized test stand (Force Gauge, Model M3-100). Following Tiegs
et al. (2013), equal lengths of each end were placed in the tensiometer grips (Mark-10 brand,
Model #MG100) and were then pulled at a constant rate of 2 cm/min until the strip ripped,
indicating peak tension. To determine the overall percent loss of tensile strength, the measured
tensile strength of test strips was compared to mean tensile strength of reference strips. Fifty
reference strips underwent saturation in distilled water, cleaning in 70 % ethanol for 7 minutes,
and were dried at 40 °C for 24 h, and their tensile strength was measured. The tensile strength
was measured for each sample strip, and percent (%) tensile loss per day was calculated using

Eq.1 (sensu Tiegs et al. 2013).

Tensile Strength®™" — Tensile StrengthSAMP) 100
Tensile Strength™"" X

Incubation time

% tensile loss per day =

(Eq. 1)

Prior to analyses, % tensile loss per day of the five cotton strips in each reach were averaged

to establish a representative % tensile loss rate for each reach.

2.2.3 Data Analysis

In R (version 4.0.3), we employed Pearson product-moment correlations using cor.test
(stats package, R Core Team, 2020) to determine if there were associations between *?’Rn

concentration, our proxy for groundwater input, and environmental variables (SRP, NO3 - N,
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DOC, specific conductivity, pH, mean daily temperature range, and mean daily temperature)
in each season (a = 0.05). Environmental variables that failed the Shapiro-Wilk test of
normality using shaprio.test (stats package, R Core Team, 2020) were log-transformed prior

to the correlation analysis.

Partial least squares (PLS) regression was used to evaluate the association of
temperature and water chemistry variables with spatio-temporal patterns of biofilm biomass
(chl-a accumulation and biofilm growth rate) and cellulose decomposition (% tensile loss per
day). We performed a PLS for all seasons to determine effects of seasonality. We also
completed a PLS on each individual season to identify with-season associations of
environmental predictors to biological response. PLS regression is a multivariate analysis used
to identify associations between predictor (environment) and response (ecological) variables
(Wold et al. 2001; Carrascal et al. 2009). PLS regression is particularly useful when predictors
are highly correlated, and there are many predictors relative to observations (Carrascal et al.
2009). Environmental predictor variables (X: SRP, NOs - N, DOC, specific conductivity, pH,
222Rn, mean daily temperature range, and mean daily temperature) are used to create a set of
components (PLS loadings) that explain the most variance in biofilm biomass and cellulose
decomposition (Y), based on simultaneous decomposition of X and Y matrices (Eriksson et al.
2013). All environmental predictor variables were min-max normalized prior to analysis.
Model performance was assessed using the cross-validated goodness of prediction (Q?), where
goodness of prediction (Q*> 0.097) is the difference between predicted and observed values.

Goodness of prediction was estimated using a tenfold cross-validation method with 999
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iterations. The sum of explanatory capacity (R*Y) for each component represents the total
explanatory capacity of the PLS model. Components that explained 10 % or more of the
variation of response (Y) variables were retained. The influence of each predictor (X) variable
was evaluated using variable importance projection (VIP) scores. Predictors with a VIP greater
than one were identified as important for explaining response (Y) variables. For important
predictor variables, the direction of the association to and response variables was evaluated by
assessing the loadings on the biplot. PLS analyses were completed in R (version 4.0.3) using

plsreg? (plsdepot package, Sanchez 2016).

Spatial and temporal patterns in diatom assemblage composition were assessed by
performing Non-Metric Multidimensional Scaling (nMDS). An nMDS was performed using
diatom assemblages from all seasons to assess whether seasons had different assemblage
composition. If seasonal diatom assemblage composition differed, then an nMDS was
performed on diatom assemblages for each individual season. The nMDS was performed on
Hellinger transformed relative abundances using Bray-Curtis distance. Only taxa with a
relative abundance of > 2 % in at least one sample in a given season were included (Legendre
and Gallagher 2001). nMDS ordination was completed using two dimensions with a maximum
of 1000 iterations or until two convergent solutions were found. Analyses were completed

using metaMDS function (vegan package, Oksanen et al., 2020) in R (version 4.0.3).

A one factor permutational analysis of variance (PERMANOVA) was performed to
compare variation in diatom assemblages in response to the fixed factor of season (levels:

autumn, winter, spring, summer). If seasonal diatom assemblages were determined to be
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significantly different (p < 0.05), then we evaluated the taxa that most contributed to
dissimilarity among seasons using similarity percentages (SIMPER) analysis on Hellinger
transformed relative abundance. SIMPER calculated the contribution (percentage) of
dissimilarity between two groups that each taxa contributes (Clarke 1993). Taxa contributing
greater than 5 % of the average dissimilarity between seasons were retained in results. We also
assessed cumulative change in assemblage by assessing average dissimilarity of non-adjacent
seasons. Analyses were completed with PRIMER software package (version 7.0 with

PERMANOVA+, Primer-E Ltd., Plymouth, UK; Clarke & Gorley, 2015).

A BIOENYV (matching of biotic and environmental patterns; Clarke and Warwick 1994)
was used to assess potential within season associations between diatom assemblages and
measured environmental variables (SRP, NOs™-N, DOC, specific conductivity, pH, **’Rn,
mean daily temperature range, and mean daily temperature). BIOENV calculates the extent of
the association between two similarity matrices (biotic and environment) based on Spearman
rank correlation, where pairs of samples that have a similar environment would produce a
similar diatom assemblage (Clarke and Warwick 1994). For each season, the biotic matrices
were created using Hellinger transformed relative abundance was used to calculate Bray-Curtis
distance between samples. Environmental variables were min-max normalized, then Euclidean
distance was used to generate environmental similarity matrices. Analyses were completed
with bioenv function and significance was tested using mantel function with 999 permutations

using environmental distances extracted from bioenv results (vegan package, Oksanen et al.

2020).
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2.3 Results
2.3.1 Chl-a accumulation, biofilm growth rate, and cellulose decomposition

Seasonal and spatial variation was observed among measures of chl-a accumulation,
biofilm growth rate, and cellulose decomposition (Fig. 2.2). Chl-a accumulation was greatest
in summer followed by spring and autumn, and slowest in winter (Fig. 2.2a). In contrast to chl-
a accumulation, biofilm growth rate was greatest in autumn, then summer and spring, and
remained slowest in winter (Fig. 2.2b). Cellulose decomposition (% tensile loss day™') was

slowest in winter, faster in summer and autumn, and fastest in spring (Fig. 2.2c¢).
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Figure 2.2. Boxplots of (a) chl-a accumulation (ug cm™day'), (b) biofilm growth rate (ug cm®
2 day!), and (c) cellulose decomposition (% tensile loss day') for 19 sampled reaches in
Kintore Creek in autumn, winter, spring and summer seasons. Boxplots show the median (dark

bar), interquartile range (box), upper and lower quartiles (vertical lines), and outliers (black

circles)

2.3.2 Groundwater related environmental parameters

Seasonal and spatial differences in 2>’Rn, mean daily temperature range (°C), and mean

daily temperature were observed in the Kintore Creek headwaters (Fig. 3). Among study
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reaches, 2?Rn concentrations were generally greater in areas where the surrounding surficial

sediment permeability was higher (Fig. 2.1). Stream 2*’Rn concentrations among study reaches

varied among seasons and was generally highest in the winter followed by spring, and lowest

in autumn and summer (Fig. 2.3a).

Mean daily temperature (°C) was highest in summer, then autumn and spring, and

lowest in winter (Fig. 2.3b). Mean daily temperature (°C) and *Rn were negatively correlated

(r = -0.73, p < 0.001) in spring, but were not associated (p > 0.05) for all other seasons

(Supplementary Fig. 1). Mean daily temperature range (°C) was generally largest in the spring

and summer and smallest in autumn and winter (Fig. 2.3¢). Mean daily temperature range and

222Rn were positively correlated in spring (r = 0.54, p = 0.016), but were not significant (p >

0.05) for all other seasons (Appendix A2.).
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Figure 2.3 Boxplots of (a) ???Rn (Bq m™), (b) mean daily temperature (°C), and (c) mean daily

temperature range (°C) for 19 sampled reaches in Kintore Creek in autumn, winter, spring and

summer seasons. Boxplots show the median (dark bar), interquartile range, upper and lower

quartiles (vertical lines), and outliers (black circles)
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Measures of stream water chemistry showed variability among seasons (Fig. 2.4). SRP
(mg P L") concentration was highest in autumn followed by summer then winter, and lowest
in spring (Fig. 2.4a). SRP and *’Rn were negatively associated in summer (» =-0.54, p = 0.02),
but were not associated (p > 0.05) in any other season (Appendix A2.). NO3 - N concentrations
were lowest in autumn, and characterized by high variability in summer, winter, and spring,
though spring tended to have the highest NO; - N (Fig. 2.4b). NOs™ - N and ?*Rn were
negatively associated in autumn (» =-0.51, p = 0.026) and positively associated in summer (»
=0.53, p=0.020), but were not associated (p > 0.05) in winter or spring (Appendix A2.). DOC
was highest in spring, with autumn, winter, and summer showing similar ranges in DOC (Fig.
2.4c¢). Correlations of DOC and ?*?Rn were not significant (p > 0.05) for any season. Specific
conductivity (uS cm™') was lowest in spring and summer, and highest in autumn and winter
(Fig. 2.4d). Correlations between specific conductivity and ?*’Rn were not significant (p >
0.05) for any season. pH was generally highest in spring followed by summer and autumn, and
lowest in winter (Fig. 2.4e). pH and ?*’Rn were negatively correlated summer (r = -0.46, p =

0.048), but were not correlated (p > 0.05) for any other season (Appendix A2.).
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Figure 2.4 Boxplots of water quality parameters (a) SRP (mg P L), (b) NOs - N (mg N L),

(c) DOC (mg C L), (d) specific conductivity (uS cm™), and (e) pH for 19 sampled reaches in

Kintore Creek in autumn, winter, spring and summer seasons. Boxplots show the median (dark

bar), interquartile range, upper and lower quartiles (vertical lines), and outliers (black circles)

2.3.3 Environmental drivers of stream biofilm biomass & cellulose decomposition

PLS regression of chl-a, AFDM, and % tensile loss for all seasons produced an
interpretable model (Q? = 0.58, R?X = 0.58, R?Y = 0.39), comprised of two components that

explained 58% of variance in environmental variables and 39% of the variance in biological

variables (Fig. 2.5). The first component organized sites based on seasonal variation in **’Rn,

mean daily temperature and mean daily temperature range. 2?Rn was negatively associated
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with chl-a accumulation, biofilm growth rate, and % tensile loss (VIP >1.0). Mean daily
temperature and mean daily temperature range and pH were positively associated with chl-a
accumulation, biofilm growth rate, and % tensile loss (VIP >1.0). pH was also positively
associated with variance in the biological variables (VIP >1.0). Winter samples were clustered
apart from all other seasons, and samples in autumn, spring, and summer showed a high degree

of overlap.

On the second component, variance in the biological variables was also influenced by
mean daily temperature, mean daily temperature range, pH, as well as SRP (VIP > 1.0). Sites
on the second component were organized by SRP concentration, with autumn generally having
the highest SRP, and spring and summer showing similar SRP concentrations based on the
clustering of sites. Mean daily temperature was positively associated with chl-a accumulation,
biofilm growth rate, and % tensile loss. Conversely, mean daily temperature range and pH

were negatively associated with chl-a accumulation, biofilm growth rate, and % tensile loss.

Based on the observed differentiation of biological variables by seasonal variation in
temperature, separate PLS regressions were run on samples from each of the four seasons.
However, environmental variables had no association with biological variables for any of the

four individual seasons (Q? < 0.097).
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Figure 2.5 Scores and loadings biplot for PLS regression of chl-a accumulation (Chl-a),
biofilm growth rate (Growth Rate), and % tensile loss (% Tens Loss) (hollow diamond plus)
associated with environmental descriptor variables (hollow circles). Site scores shown on
primary axes and loadings on secondary axes. Descriptor locations show association between
predictor environmental variables and the biological response variables by their proximity to

the origin
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2.3.4 Diatom assemblage patterns and drivers

Ninety-nine diatom taxa (most of them identified to the species level) were enumerated
in the network across all sites and all seasons. Taxa richness varied among seasons, with the
total taxonomic richness in autumn at 76 taxa compared to 75 taxa in winter, 56 taxa in spring,

and 37 taxa in summer.

Diatom species contributing 5 % or more to total relative abundance of all sites within
any season were Achnanthidium eutrophilum (Lange-Bertalot) (ADEU), Amphora pediculus
(Kiitzing) (APED), Cocconeis placentula (Ehrenberg sensu Hofmann) (CPLA), Eunotia spp.
(EUNO), Navicula lanceolata (C. Agardh) (NLAN), Planothidium frequentissimum (Lange-
Bertalot) (PLFR), and Tabellaria flocculosa (Roth) (TFLO) (Fig. 2.6). In autumn 4 taxa
contributed to nearly 80 % of total relative abundance. These were A. pediculus (30 %), C.
placentula (23 %) A. eutrophilum (14 %) and P. frequentissimum (12 %). In contrast, taxa
contributing nearly half of the total relative abundance in winter were N. lanceolata (33 %), A.
eutrophilum (23 %), T. flocculosa (7 %) and Eunotia spp. (6 %). In spring, 4. eutrophilum
contributed nearly half (40 %) of the total relative abundance and four other taxa cumulatively
contributed 39 % (C. placentula (14 %), A. pediculus (10 %), P. frequentissimum (10 %), and
C. pediculus (5 %)). Summer had similar species composition to spring but differed in the
relative abundance of taxa. C. placentula was the most abundant taxa (53 %), with 3 taxa
cumulatively contributing an additional 35 % to total relative abundance (4. pediculus (19 %),

P. frequentissimum (10 %), and A. eutrophilum (6 %)).
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Figure 2.6 Relative abundance of diatom taxa contributing > 5% to total abundance from any
season. Key taxa are: Achnanthidium eutrophilum (Lange-Bertalot) (ADEU), Amphora
pediculus (Kiitzing) (APED), Cocconeis pediculus (Ehrenberg) (CPED), Cocconeis placentula
(Ehrenberg sensu Hofmann) (CPLA), Eunotia spp. (EUNO), Navicula lanceolata (C. Agardh)
(NLAN), Planothidium frequentissimum (Lange-Bertalot) (PLFR), Tabellaria flocculosa
(Roth) (TFLO), and all other taxa (OTHER)

Ordination of the diatom assemblages indicated that winter assemblages were strongly
dissimilar from all other seasons, with assemblages being more similar in spring, summer, and
autumn (Fig. 2.7.). Five taxa, 4. eutrophilum, A. pediculus, C. placentula, N. lanceolata, and

P. frequentissimum were shown to be disproportionately influencing dissimilarity among
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seasons based on SIMPER analyses. Average dissimilarity (Avg.Dis) between autumn and
winter was 74.2 %, with five taxa contributing one-third of average dissimilarity, A.
eutrophilum (Avg.Dis = 7.2 %), A. pediculus (Avg.Dis = 8.6 %), C. placentula (Avg.Dis = 8.2
%), N. lanceolata (Avg.Dis = 10.7 %), and P. frequentissimum (Avg.Dis = 5.0 %). A third of
total average dissimilarity (67.5 %) between winter and spring was attributed to four taxa, 4.
eutrophilum (Avg.Dis = 8.7 %), C. placentula (Avg.Dis = 5.7 %), N. lanceolata (Avg.Dis =
11.0 %), and P. frequentissimum (Avg.Dis = 5.1 %). Spring showed an average dissimilarity
of 61.0 % with summer with approximately a third of overall average dissimilarity contributed
by A. eutrophilum (Avg.Dis = 16.8 %) and C. placentula (Avg.Dis = 16.3 %) and another one-
fifth of total average dissimilarity was attributed to three taxa, A. pediculus (Avg.Dis = 8.4 %),

N. lanceolata (Avg.Dis = 5.9 %), and P. frequentissimum (Avg.Dis = 7.9 %).

Assessment of non-adjacent seasons revealed that autumn had an average dissimilarity
of 57.9% with spring with four taxa contributing one-thirds of overall average dissimilarity, 4.
eutrophilum (Avg.Dis = 12.5 %), A. pediculus (Avg.Dis = 10.2 %), C. placentula (Avg.Dis =
8.9 %), and P. frequentissimum (Avg.Dis = 5.8 %). Autumn showed an average dissimilarity
of 56.3 % with summer of which five taxa, A. eutrophilum (Avg.Dis = 8.7 %), A. pediculus
(Avg.Dis = 11.2 %), C. placentula (Avg.Dis = 12.4 %), N. lanceolata (Avg.Dis = 5.9 %), and
P. frequentissimum (Avg.Dis = 8.4 %), accounted for nearly half of the overall average
dissimilarity. Average dissimilarity was greatest between winter and summer (75 %), with

approximately 40 % of overall average dissimilarity attributed to four taxa: 4. eutrophilum

48



(Avg.Dis = 8.7 %), A. pediculus (Avg.Dis = 6.5 %), C. placentula (Avg.Dis = 15.0 %), and N.

lanceolata (Avg.Dis = 10.0 %).

A one-factor PERMANOVA showed that diatom assemblages were significantly
different among seasons (pseudo-Fi371) =13.19, p = 0.001). A post-hoc pairwise comparison
revealed that assemblages in all adjacent and non-adjacent seasonal pairings were significantly
different (p = 0.001). Due to seasonal differences among diatom assemblages, further analyses

of diatom assemblages were conducted within each season.
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Figure 2.7 nMDS using Bray-Curtis dissimilarity index displaying separation of diatom

assemblage relative abundance at 19 reaches of Kintore Creek based on season (stress = 0.19)
In autumn, diatom assemblages tended to cluster together regardless of *?’Rn

concentration (Fig. 2.8a). SIMPER analyses showed over half of the average dissimilarity
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(53.5 %) among autumn assemblage were contributed by three taxa, A. pediculus (Avg.Dis =
21.5 %), C. placentula (Avg.Dis = 22.8 %), and P. frequentissimum (Avg.Dis = 13.6 %).
BIOENV analysis revealed that increasing NOs-N, pH, 2*Rn, and mean daily temperature

range were associated ( = 0.40, p = 0.002) with dissimilarities among autumn assemblages.

In contrast to autumn, diatom assemblages in winter were largely scattered in both axes
with no pattern among levels of 22?Rn (Fig. 2.8b). One-third of total average dissimilarity (42.1
%) observed among winter assemblages was driven by two taxa, A. eutrophilum (Avg.Dis =
16.8 %) and N. lanceolata (Avg.Dis = 21.3 %). Greater dissimilarity of winter assemblages

was associated with increasing NO3 - N (= 0.44, p = 0.001).

Spring showed stronger clustering of diatom assemblages than winter, though there
were no trends associated with 2Rn concentration (Fig. 2.7c). Four taxa contributed three-
quarters of the average dissimilarity (50.0 %) in spring. With A. eutrophilum (Avg.Dis = 35.2
%) contributing at least 3-times as much to dissimilarity as 4. pediculus (Avg.Dis = 12.5 %),
C. placentula (Avg.Dis = 11.0 %) or P. frequentissimum (Avg.Dis = 12.9 %). BIOENV
analysis showed that increasing NOs3™ - N, specific conductivity, and mean daily temperature
range were associated with greater dissimilarity in autumn diatom assemblages (» = 0.25, p =

0.044).

For summer diatom assemblages, two-thirds of sites were clustered together, whereas
the other third was clustered together, though this clustering was not associated with *’Rn
concentration (Fig. 2.7d). Nearly half of average dissimilarity (54.2 %) was attributed to C.
placentula (Avg.Dis = 43.1 %), with an additional 20 % of dissimilarity contributed by A.
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pediculus. However, this dissimilarity was not associated with any of the measured

environmental variables (p > 0.05).
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Figure 2.8 nMDS using Bray-Curtis dissimilarity index displaying separation of diatom
assemblage relative abundance at 19 reaches of Kintore Creek in each season (a) autumn (stress
=0.16), (b) winter (stress = 0.14), (c) spring (stress = 0.13), and (d) summer (stress = 0.094)

relative to lowest to highest ???Rn concentration
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2.4 Discussion
2.4.1 Groundwater influence on stream biofilms

Our study found no evidence of associations between spatio-temporal variation in
groundwater inputs and stream biofilm communities, nor between groundwater inputs and
cellulose decomposition in the assessed headwater stream network. The findings of our study
are in contrast to several past studies that have shown that groundwater contributes to
ecological heterogeneity in streams through moderated water temperature (Tang et al. 2019),
maintenance of stream flow (Sear et al. 1999), as well as delivery of nutrients and other
chemical constituents to surface waters (Valett et al. 1994; Wyatt et al. 2008; Mejia et al. 2016).
However, unlike past studies we did not observe consistent or strong associations between our
indicator of groundwater input, ?’Rn, and spatio-temporal variation in key environmental
drivers such as stream water nutrients (nitrogen [N], phosphorus [P]), water chemistry, and
temperature. Thus, we hypothesize that groundwater inputs were not associated with spatial
heterogeneity in stream biofilms because variation in groundwater inputs was insufficient to
generate substantive variability in the key environmental conditions among the sampled

reaches.

The relative importance of groundwater inputs in modifying nutrient concentrations in
the stream reaches and thereby inducing spatial heterogeneity in stream biofilms in the
agricultural headwaters of Kintore Creek may have been limited by consistently high surface
water nutrient availability throughout the network. Indeed, with the exception of SRP in spring,

median concentrations of SRP and nitrate were up to 3-times greater and between 5- and 20-
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times greater, respectively, than nutrient saturation thresholds previously identified for benthic
algal growth in southern Ontario streams (i.e., 0.026 mg P L' for total P, and 1.06 mg N L!
for total N, Chambers et al. 2012). Similarly, surface water SRP and NO3™ - N concentrations
exceeded estimated thresholds for heterotrophic microbial activity in all seasons as previous
work have estimated thresholds (0.018 — 0.053 mg P L™! for SRP and 0.16 —3.03 mg N L! for
NOs™ - N; Rosemond et al. 2002; Ferreira et al. 2006; Gulis et al. 2006) for surface water
nutrient limitation of heterotrophic microbial activity in freshwater ecosystems. Consequently,
any additional nutrients added to the stream via groundwater inputs likely had limited effects
on biofilm activity and accumulation. Alternatively, some reaches may have received different
amounts of groundwater input among seasons. Indeed, varying groundwater input may explain
why correlations of NOs™- N and ?*’Rn were in opposing directions for summer (positive) and
autumn (negative). Preliminary analysis of shallow groundwater in the streambed along
Kintore Creek does indicate variability in nutrient groundwater concentrations between
reaches (C.E. Robinson, unpublished data). Additional work is thus needed to determine if
groundwater inputs are sufficient to generate localized differences in biofilms given the

enriched surface water nutrient concentrations.

We found no measurable within season effects of temperature on among site variation
in biofilm metrics. Across all reaches and seasons, temperature measures exhibited a limited
thermal gradient (less than 2 °C) and were not associated with spatial variation in groundwater
inputs (i.e., stream 2*’Rn concentrations). Some past studies have suggested that a warming of

at least 3 °C is required to consistently increase chl-a in warmer seasons (Godwin and Carrick
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2008; Ylla et al. 2014; Delgado et al. 2017). Likewise, previous work at global and reach scales
suggest that significant differences in organic matter breakdown are generally observed where
surface water temperatures differ from 4 — 5 °C (Griffiths and Tiegs 2016; Follstad Shah et al.
2017; Tiegs et al. 2019). Based on these limits, it is likely that groundwater mediated
differences in surface water temperature among sites in our study stream were too small to

elicit spatial heterogeneity in biofilms.

Our observations of limited temperature variation are in contrast with past studies that
have assessed the impacts of variable groundwater inputs among reaches (e.g., Griffiths and
Tiegs 2016; Tang et al. 2019). For example, Tang et al., (2019) found that groundwater input
in a reach moderated thermal regimes and was associated with greater benthic algal biomass,
whereas in reaches without groundwater, effects of seasonality were more evident. Likewise,
Griffiths and Tiegs (2016) found smaller diel temperature ranges at upstream reaches that were
strongly groundwater gaining. However, the moderated temperature effect dissipated at
downstream reaches where larger diel temperature ranges were associated with slower tensile
loss (Griffiths and Tiegs 2016). Our results thus suggest that prevailing surface water
conditions more strongly influenced stream water temperature in the headwater network of
Kintore Creek than did groundwater inputs limiting effects groundwater induced

environmental heterogeneity at the reach scale.

Our findings indicate that the amount of groundwater input occurring along a stream
reach may have less effect on benthic algal growth or organic matter breakdown in nutrient-

rich, agricultural stream networks than in previously assessed oligotrophic streams (e.g., Pepin
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& Hauer, 2002; Wyatt et al., 2008). The limited variability of measured environmental
conditions we observed among reaches within a season may have been due to thermal or
chemical effects of groundwater input being dissipated by cumulative upstream contributions
of surface waters. Indeed, in nutrient-poor streams, the influence of spatially variable
groundwater inputs on environmental conditions within the stream, has typically been detected
at a smaller scales (e.g., patch) and extrapolated to the reach (e.g. Wyatt et al., 2008; Mejia et
al., 2016). However, our study aimed to assess how groundwater inputs influenced ecological
variation among reaches within a stream network, and it appears that at this scale, dilution of
patch scale thermal effects and high surface water nutrient availability may overwhelm any
biologically meaningful differences. Therefore, the role of groundwater influence as a
contributor to environmental heterogeneity may be best identified where environmental

conditions are measured at a more localized patch scale.

Although we observed limited evidence that groundwater was affecting ecological
conditions in the headwater network of Kintore Creek it does not appear that it was because of
limited groundwater inputs to the stream. Indeed, the range of ?*’Rn concentrations we
measured in the Kintore Creek network (30 — 1177 Bq m™) exceeds that of past studies that
have equated observed radon values with significant inputs of groundwater using isotopes and
mass balance models. For example, Martinez et al. (2015), equated a >’Rn range of 200 — 715
Bq m™ with a groundwater contribution of 20 — 70 % to stream flow in headwater streams.
Similarly, Unland et al. (2013) observed ??2Rn concentrations varying from 52 to 604 Bq m™

for a river where groundwater was estimated to contribute up to 21% of river discharge under
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baseflow conditions. Moreover, Burrows et al. (2020) found that chl-a concentrations were
associated with variations in ?Rn concentrations similar to what we observed across the
Kintore Creek headwater network. However, care needs to be taken in inferring the magnitude
of groundwater discharge to the stream based on the stream 2*’Rn concentrations alone
because; 1) 2?Rn concentrations in groundwater vary with mineralogy near the stream, and; 2)
222Rn losses from the stream via gas evasion and decay relative to transport down the stream
vary with stream properties (e.g., stream gradient, width, depth). ?*’Rn evasion to the
atmosphere and its decay relative to its transport will also vary with stream properties (e.g.,
stream gradient). Indeed, studies conducted in groundwater receiving streams have reported a
wide range of 2?Rn values (e.g., 70 to 150 Bq m™ in Gleeson & Richter 2018, and up to 7800
Bq m? in Lefebvre et al. 2015). Overall, the measured **?Rn concentrations indicate that
Kintore Creek had significant variation in groundwater inputs throughout its headwater

network.

2.4.2 Seasonality

22Rn concentrations were found to vary seasonally with higher concentrations
observed in winter and spring compared to summer and autumn. Seasonal >’Rn have also been
observed in other temperate environment streams (e.g., Mullinger et al. 2007) and have been
attributed to changes in the height of the local water table. A higher groundwater table
facilitating tile drainage flow and higher groundwater discharge to the stream may explain the
larger winter and spring **’Rn concentrations in Kintore Creek because although sampling was

conducted under baseflow conditions in all seasons, stream flows were higher in spring and
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winter. Indeed, the higher measured ?>’Rn concentrations during winter and spring likely
resulted from the activation of these additional subsurface flow paths combined with the faster
transport of 2?Rn down the stream (higher flows) compared to the rates of 22Rn decay and gas

evasion.

However, the strong seasonal differences we observed in Kintore Creek biofilm
communities did not appear to be the result of changes in groundwater inputs but rather
network-wide control of stream temperature by seasonally associated variations in air
temperature. Indeed, the particularly large seasonal shift observed in biofilm biomass between
winter and the warmer seasons appeared to be due to cold winter surface water temperatures
that likely limited microbial activity. Our findings are concordant with past assessments of
biofilm communities that indicated reduced primary production and microbial activity in
winter (Francoeur et al. 1999; Brown et al. 2004). Moreover, seasonality also appears to have
been the primary determinant of chl-a accumulation in Kintore Creek during warmer seasons
as we found that greater chl-a was associated with increasing surface water temperatures in
warmer seasons, with peak chl-a occurring in summer. Seasonal shifts in autotrophic
taxonomic composition may have contributed to greater amount of chl-a accumulation during
warmer seasons in Kintore Creek as the algal component of the biofilm has been shown to
transition from diatom dominated assemblages in cooler seasons to more chl-a rich
cyanobacteria and green algae dominated assemblages in warmer seasons (Biggs 1996; Piggott

etal. 2015).
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Our assessment of diatom assemblages across four temperate seasons in an agricultural
stream network showed that composition varied among the seasons due to changes in relative
abundance of a small number of dominant taxa. The seasonal shifts in dominant taxa appeared
to reflect the suitability of autecological attributes for seasonal environmental conditions. Our
finding that seasonal shifts in diatom composition was limited to a small number of dominant
taxa is consistent with other multi-season assessments of diatom assemblages (Tang et al.
2016; Flinders et al. 2019; Snell et al. 2019). For example, winter diatom assemblages were
dominated by N. lanceolata, a high profile and motile taxon known to be common in temperate
winter assemblages due to its wide-ranging thermal tolerance and ability to move through the
biofilm matrix (Passy 2007; Hofmann et al. 2011; Shore et al. 2017; Snell et al. 2019).
Moreover, the high profile character of N. lanceolata may reflect resource (e.g light and/or
nutrients) scarcity or decreased grazing pressure (Passy 2007; Stenger-Kovécs et al. 2013;
Lange et al. 2016) often associated with winter conditions. In contrast, A. eutrophilum, a
pioneer species that is typically the first to colonize substrates (Ponader and Potapova 2007)
and can maintain its position due to resistance to dynamic flow because of its low profile
attachment (Rimet and Bouchez 2012; Ockenden et al. 2016), was dominant in spring, likely
reflecting dynamic stream flow conditions typical in spring in temperate environments. In
summer and autumn, C. placentula and A. pediculus were co-dominant. Both taxa are
epiphytic, with C. placentula generally preferring warmer surface waters (Jahn et al. 2009),
and A. pediculus typically observed in high surface water nutrient conditions (Rimet and
Bouchez 2012). The co-dominance of C. placentula and A. pediculus suggests that the

simultaneous seasonal increase in surface water temperature and likely increase of filamentous
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green algae in the biofilm matrix allowed for the proliferation of C. placentula and A. pediculus

in summer and autumn.

We found faster cellulose decomposition in warmer seasons compared to winter.
Reduced breakdown in association with colder temperatures is consistent with past studies (e.g.
Swan and Palmer 2004; Ferreira and Canhoto 2013; Griffiths and Tiegs 2016). Indeed, our
findings are comparable to those of Poisson and Yates (2022) who found that cellulose
breakdown was 0.57 to 1.15 % per day when winter stream temperatures were consistently
below 5 °C. However, unlike past studies, we observed that spring had the fastest cellulose
decomposition. Indeed, because summer had the greatest surface water temperatures, summer
would be expected to have the fastest breakdown rates due to enhanced microbial activity
(Chauvet and Suberkropp 1998; Griffiths and Tiegs 2016). A possible explanation for
increased breakdown in spring is that our spring sampling occurred prior to leaf-out. As such,
greater light availablity may have accelerated decomposition through increased algal priming
of the cotton strips (Howard-Parker et al. 2020). Additionally, the increased stream flows
observed in spring may have led to greater physical abrasion, further increasing cellulose
breakdown. Overall, our findings provide additional evidence of the role of seasonality in
driving temporal differences in cellulose breakdown in nutrient-rich, agricultral streams in

temperature ecosystems.

2.5 Conclusions

Our assessment of spatio-temporal heterogeneity in stream biofilms in an agricultural,

headwater stream network with varying groundwater inputs showed that seasonal variation
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was the overriding environmental control shaping biofilm communities and cellulose
decomposition. Indeed, our findings provide evidence of seasonal shifts in streams in
temperate ecosystems. These seasonal shifts in ecological response emphasize the importance
of including multi-season sampling in ecological monitoring frameworks to foster a stronger
understanding of ecological function across discrete and recurring seasonal conditions. Yet,
despite apparent variation in groundwater inputs among reaches within a season, our findings
do not support our hypothesis of correspondence between reach scale heterogeneity in
ecological condition and groundwater inputs. We postulate that variations in groundwater
influence among reaches may have been masked by cumulative upstream effects of
groundwater and surface water mixing in Kintore Creek headwaters. Consequently,
groundwater influence on biofilm communities and cellulose decomposition may be expressed

in a more local fashion than can be detected by reach scale measurements.
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3 Effects of groundwater inputs on algal assemblages and cellulose decomposition differ

based on habitat type in an agricultural stream

3.1 Introduction

Stream biofilms are an essential component of stream ecosystem structure and function
because of their role in biogeochemical processing of organic and inorganic materials
(Borchardt, 1996; Battin et al., 2003; Besemer, 2015). Stream biofilms are composed of
autotrophic and heterotrophic microorganisms that include algae, bacteria, and fungi (Besemer,
2015). The algal component of biofilms influences nutrient cycling in streams through uptake
and subsequent transformation and/or remineralization of nutrients, and generates primary
production that is a source of basal resources for higher trophic levels (Minshall, 1978;
Borchardt, 1996; Mulholland, 1996). Likewise, heterotrophic microorganisms in the biofilm
contribute to carbon cycling in streams through conversion of organic material into smaller
particles, as well as mineralization and assimilation into microbial biomass (Cummins, 1974;
Petersen & Cummins, 1974). Due to the critical functions biofilms perform in streams,
considerable effort has been made to identify environmental factors that influence biofilm
communities (e.g., biomass and diatom assemblage composition) and organic matter
breakdown (e.g., cellulose decomposition) (Biggs, 1995; Biggs et al., 1998; Lavoie et al., 2014;
Battin et al., 2016; Tiegs et al., 2019).

Environmental factors that have been found to be important determinants of stream
biofilm communities and organic matter breakdown include light, nutrients, water temperature,
water chemistry, and stream velocity (Stevenson, 1997; Royer & Minshall, 2003; Graga et al.,
2015). Further, these environmental factors act on biofilm communities and organic matter
breakdown at different spatial scales. For example, previous work has shown that surface water
nutrients, water temperature, and water chemistry can vary at the reach scale (Biggs, 1995;
Stevenson, 1997; Martinez et al., 2014; Graca et al., 2015). Stream velocity is a key
environmental factor that varies at the habitat scale (Biggs et al., 1998, 2005; Passy, 2007,
Webb et al., 2019). Surface water nutrient availability, water temperature, and water chemistry

can also be influenced by groundwater inputs at reach and habitat scales (Boulton & Hancock,
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2006; Boano et al., 2014). However, the extent that habitat type may modify the effect of
groundwater inputs and subsequently alter patterns in stream biofilm communities and organic
matter breakdown has not been well-studied.

In streams, groundwater inputs are often spatially heterogeneous due to varying
hydraulic gradients between groundwater and surface waters, as well as subsurface
hydrogeological structures that result in variable groundwater flow paths (Conant et al., 2019).
Within reaches, groundwater flow paths can be modified by hydrogeomorphic features
including sequences of faster stream velocity (i.e., riffle habitats) to slower stream velocity
(i.e., run habitats), with changing stream velocities and streambed topography resulting in
patchiness in groundwater inputs due to differences in hydraulic head (Harvey & Bencala,
1993; Brunke & Gonser, 1997). Additionally, heterogeneity in streambed permeability can
affect the connectivity patterns in groundwater — surface water exchange. For example, coarse
sediment typically allows for greater exchange, whereas finer sediment inhibits exchange
(Renard & Allard, 2013). Groundwater inputs can modify a stream’s environmental conditions
when the surface water and groundwater have different physical and chemical characteristics.
For example, depending on season, upwelling groundwater can have lower (summer) or higher
(winter) water temperature than surface waters (Krause et al.,, 2011). Alternatively,
groundwater can be more reducing compared to surface waters leading to redox gradients near
the groundwater — surface water interface that can affect the release and retention of nutrients
(Lewandowski et al., 2019; Vissers et al., 2023).

Changes in environmental conditions due to spatially heterogeneous groundwater
inputs have been linked to patterns in stream biofilm communities and cellulose
decomposition. At the reach and habitat scales, input of groundwater has been associated with
elevated primary production (Coleman & Dahm, 1990; Roy et al., 2011; Mejia et al., 2016;
Burrows et al., 2020). Further, past work has suggested that groundwater inputs can stimulate
cellulose decomposition by providing nutrient subsidies (Griffiths & Tiegs, 2016), but may
also reduce cellulose decomposition through stream cooling (Webb et al., 2019, Poisson &
Yates, 2022). Additionally, lower dissolved oxygen in groundwater inputs may also lead to

slower decomposition rates (Cornut et al., 2010). However, there has been limited work
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explicitly assessing how the impact of groundwater inputs on stream environmental conditions,
biota, and processes may differ among habitats (but see Burrows et al., 2020).

Within a reach, habitat type can generate environmental heterogeneity that could
modify the impact of groundwater inputs and associated patterns in stream biofilm
communities and cellulose decomposition (Webb et al., 2019; Burrows et al., 2020). Habitat
type is often defined by relative stream velocity, where fast moving water is associated with
riffles and slower moving water is associated with runs and/or pools (Jowett, 1993).
Differences in stream velocity have been shown to alter biofilm communities and organic
matter processing. For example, faster stream velocity produces increased shear stress, which
is an important driver in determining which taxa establish in algal assemblages (Biggs &
Hickey, 1994; Biggs et al., 1998). Rates of organic matter processing are also enhanced by
faster stream velocity due to greater physical abrasion (Clapcott & Barmuta, 2010). Further,
physical differences between habitat types have been associated with spatial heterogeneity in
groundwater input. In riffles, a sudden steepening of the slope of the streambed results in faster
stream velocities, but can also create a pressure differential at the streambed surface along the
riffle driving surface water to downwell at the start of riffles and upwell at the end of the riffle
(i.e., a hyporheic flow path) (Harvey & Bencala, 1993). This hyporheic flow across the riffle
can result in groundwater inputs being restricted to the end of the riffle or beginning of the
adjacent run, and to the edges of the stream. In contrast, for a run, the streambed topography
and slope are more muted, resulting in lower stream velocities and limited pressure
differentials, and thus limited hyporheic flow to restrict groundwater inputs (Dent et al., 2001).

Our study compared stream biofilm communities and cellulose decomposition in riffle
and run habitats in reaches with high, moderate, and low groundwater inputs and determined
if impacts of groundwater input were habitat dependent. We also assessed if environmental
variables modified by groundwater inputs were associated with habitat scale patterns in biofilm
communities and cellulose decomposition. We hypothesized that differences in groundwater
inputs and subsequent changes in environmental conditions would result in heterogeneity in
biofilm biomass and composition and cellulose breakdown among reaches with varying

groundwater inputs. Our results provide insight into the role of groundwater inputs as a driver
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of biofilm communities and cellulose decomposition, and how habitat type may constrain the

impacts of groundwater inputs.
3.2 Methods

3.2.1 Study area and site selection

Our study used a hierarchical design to assess the role of groundwater in generating
environmental variation at reach and habitat scales, and if that variation is a driver of ecological
heterogeneity in stream biofilm communities (biomass and diatom assemblage) and cellulose
decomposition. This study was conducted in three headwater reaches in Kintore Creek,
southern Ontario, Canada (Fig. 3.1a, b). Kintore Creek experiences a temperate climate, with
mean annual low and high air temperatures of - 6.0 °C and 20.2 °C, respectively, and average
annual precipitation of 1069.5 mm (Environment and Climate Change Canada, 2010). Land
use in the Kintore Creek catchment is predominantly agricultural (80 %), with forest (12 %)
and residential (4 %) uses comprising smaller portions (Agricutlure and Agri-Food Canada,
2020). Crop cover in the catchment consists of soybean, corn, and alfalfa, and many fields are
tile drained. Surficial geology in the catchment varies in permeability in association with
glacial deposits of tills (low permeability) to sands and gravels (high permeability) (Ontario
Geological Survey, 2010).
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Figure 3.1 Locations of study area in North America (a) and the Kintore creek catchment in
southern Ontario (b). Placement of high (HG; filled triangle), moderate (MG; filled square),
and low (LG; filled circle) groundwater reaches in western headwater branch of the
agriculturally dominated Kintore Creek catchment are indicated in panel c. (Catchment
boundaries/stream network in Forsyth et al., 2016; Land use/cover in Agricutlure and Agri-

Food Canada, 2020)

Reaches assessed in this study were selected based on differences in groundwater input
identified using radon-222 (**Rn, Bq m™). ?*?Rn is widely used as a tracer for identifying
groundwater inputs as *?’Rn concentrations are typically orders of magnitude higher in
groundwaters compared to receiving surface waters, where it undergoes gas evasion and decay
(Cook, 2013). A single surface water sample was collected above and below each reach using
4 L amber glass bottles and analyzed for 2??Rn less than 4 hours after collection using RAD7
electronic radon detectors with the big bottle accessory (Durridge, USA).

A steady state 2*’Rn mass balance model was then used to estimate net groundwater
discharge across each stream reach based on the in-stream 2?2Rn concentrations (Table 3.1).

The model is based on Atkinson et al. (2015) and considers *’Rn inputs to the stream from
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groundwater and 2*’Rn losses due to gas evasion (Appendix B1., B2.). The mass balance model
results were used to identify three reaches with varying groundwater inputs: 1) high
groundwater reach (hereafter HG); 2) moderate groundwater reach (hereafter MG), and; 3) low
groundwater reach (hereafter LG) (Fig. 3.1¢). HG is approximately 45 m in length, whereas
MG and LG were about 50 m in length. LG is approximately 20 m downstream from MG.
Stream water chemistry and nutrient conditions were measured in each reach. Soluble
reactive phosphorus (SRP) and nitrate - nitrogen (NO3™-N) were measured at three locations in
each reach (top, middle, end) three times (beginning, middle, end) during the experiment. SRP
was analyzed using a Flow Injection Analysis automated ion analyzer (FIA) (Lachat
QuikChem, QC8500 FIA Automated Ion Analyzer, LDL 1 ug L™!). NO5™-N was analyzed using
liquid chromatography (HPLC) (Thermo Scientific Dionex Aquion Ion Chromatography
System with Dionex AS-DV autosampler, LDL 0.25 mg L!). pH and specific conductivity
were measured at 5 locations in each habitat mid-way through the experiment using a handheld
Y SIprobe (YSI, Professional Plus). Aside from differences in the groundwater inputs, the three
selected reaches showed little variability among most environmental conditions with the
exception of channel substrate. HG substrate was generally gravel and sand, substrate in MG
was primarily cobble and gravel, whereas at LG the streambed was primarily finer sediment
(clay and fine sand). All reaches had open canopies, with surface water nutrients, pH, and
specific conductivities (uS cm™') comparable among the reaches during the deployment period

(Table 3.1).

Table 3.1 *’Rn and mean =+ standard deviation of stream water chemistry and nutrient
conditions in study reaches during deployment. **’Rn Above and *’Rn Below indicate **’Rn
concentration above the reach and below the reach, respectively. Groundwater discharge is for

entire reach and was calculated using the ?Rn mass balance model.

Environmental Parameter HG MG LG
Radon
222Rn Above (Bq m™) 1183 295 679
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?22Rn Below (Bq m™) 1121 679 782
Groundwater discharge (m*d' m™) 7.1 2.7 1.0

Water Chemistry

SRP (ug P L) 25.5+3.0 37.6+3.5 38.4+4.7
NOs-N (mg N L) 49+0.6 34410 33412
pH 8.07+£0.01 8.02 £0.01 8.02 £0.01
Sp. conductivity (uS cm™) 644 + 1.6 644.1+ 0.9 642.5+0.5

3.2.2 Sample Collection and Processing

This study was conducted from July 3™ to August 6™, 2019. Within each reach,
sampling locations were established in two riffles and two runs. Riffles and runs were
distinguished based on differences in stream velocity (m/s) and depth (cm). Within each habitat
unit, five locations in the middle of the channel along the length of the habitat unit were

selected for assessment of algal biofilms and cellulose decomposition.

3.2.2.1 Biofilms

To provide a consistent surface for stream biofilm accumulation, we sampled biofilms
using standardized artificial substrates (unglazed ceramic tiles; 21.24 cm?each, sensu Steinman
et al., 2007). Three tiles were inserted into a tile holder, then the tile holder was affixed to a
brick anchor using cable binders. To secure the tile holder and its brick anchor, the brick was
buried in the streambed while ensuring the tile holder ‘lip” was placed approximately 2 cm
above the streambed. Tile holders were placed at each of the five positions within each habitat
unit and were incubated for 26 or 27 days. For each position, two tiles were sampled for
biomass (one tile each for chlorophyll-a [chl-a] and ash-free dry mass [AFDM]) by scraping
all biofilm material from entire tile surface using a toothbrush. Because diatoms have shown
strong responses to changes in water quality (e.g., nutrients, pH, salinity) (Lavoie et al., 2014),

we sampled the third tile for diatom assemblages. Samples for diatom analysis were preserved
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with Lugol’s iodine (~1% v/v), and biomass samples were placed on ice and stored frozen until
chl-a and AFDM analyses.

Diatom samples were prepared for enumeration by acid digestion in 5 mL of 100%
(v/v) nitric acid for 15 h to remove organic matter, ensuring visible diatom frustules. To
complete digestion, 1 mL of hydrogen peroxide 30 % (v/v) was added to each sample, then
tubes were immersed in a hot water bath at 60 °C for 1 h. Once cooled to room temperature,
samples were centrifuged for 10 minutes at 5500 rpm and the acid supernatant was discarded
and pellets retained. Deionized water was added to rinse pellets and this step was repeated until
the supernatant was above a pH of 6. Naphrax® (refractive index: 1.74; Brunel microscopes
Ltd., Wiltshire, UK) was used to mount diatom frustules on microscope slides. Lastly, diatom
assemblages were enumerated at a 1000x magnification using an Olympus BX51 Upright
Compound Microscope equipped with differential interference contrast optical components. A
minimum of 400 diatom valves per sample were enumerated and identified to species level,
where possible, following Lavoie et al. (2008) and Bey & Ector (2013).

Frozen chl-a samples were thawed and then filtered onto Whatman GF/C filters. Filters
were submerged in 10 mL of 90% ethanol in 50 mL centrifuge tubes. A hot ethanol, non-
acidification extraction was done by inserting centrifuge tubes into an 80 °C hot water bath for
7 min. The chl-a concentration for each sample was determined using a Turner Designs Trilogy
Fluorometer (Model: 7200€000). If maximum detection limits (> 75 pg/mL) were exceeded,
then extracted liquid was diluted. We calculated chl-a accumulation by dividing chl-a
concentration by number of days incubated in the stream to standardize samples.

Frozen AFDM samples were thawed prior to analysis. Upon analysis, samples were
filtered through pre-ashed Whatman GF/C filters and dried at 105 °C for at least 12 h. For
determination of organic mass, the filtered and dried samples were then weighed. Samples
were then ashed in a muffle furnace at 550 °C for 1 h. After cooling to room temperature, ashed
filters were weighed to determine mass loss on ignition. Because of high levels of silt/clay in
the samples, samples were then re-wetted and dried for a minimum of 12 h at 105 °C. The

samples were then weighed to correct for water loss due to the presence of clay and other
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minerals. To standardize samples, we calculated biofilm growth rate by dividing AFDM by

number of days incubated in the stream.

3.2.2.2  Cellulose Decomposition

We used the cotton-strip assay (CSA; Tiegs et al., 2013) to measure cellulose
decomposition. Cotton strip preparation, deployment, and retrieval followed Tiegs et al.
(2013). Cotton strips were made using Fredrix-brand unprimed 12-oz. heavyweight cotton
fabric, Style #548 (Fredrix, Lawrenceville, GA, USA) by producing 2.5 cm x 8 cm strips, with
3 mm of frayed ‘fuzz’ on the length of the fabric strip.

Ten cotton strips were randomly assigned to each position. Five cotton strips were
attached to the tile holder using cable binders, so they laid flat on the surface of the streambed.
The remaining five strips were buried at 10 cm depth in the streambed sediment. Both surface
and subsurface cotton strips were incubated for 14 days.

Immediately after retrieval, strips were immersed in a tray containing 70 % ethanol for
7 minutes to sterilize the strip, halting microbial activity. Once sterilized, strips were carefully
brushed to remove excess debris and sediment. Sterilized and cleaned strips were laid flat and
fully covered in folded aluminum foil, then placed on ice in a cooler until we returned to the
lab. Strips were then dried at 40 °C for 24 h in the lab, which was then followed by evaluation
of tensile strength.

Tensile strength, defined here as the force required to break the strip, was measured for
each strip using a tensiometer and motorized test stand (Force Gauge, Model M3-100). Using
methods outlined by Tiegs et al. (2013), equal lengths of the strip were positioned in the
tensiometer grips (Mark-10 brand, Model #MG100). Next, strips were pulled at a constant rate
of 2 cm/min until peak tension, identified as when the strip ripped, was reached. To determine
percent loss of tensile strength, mean tensile strength of reference strips were compared to
measured tensile strength of incubated strips. To ensure comparability between reference and
stream incubated sample strips, reference strips were deployed in a mock field experiment. In
the lab, reference strips were saturated in distilled water, then immersed in 70 % ethanol for 7

minutes and gently brushed. Reference strips were dried at 40 °C for 24 h, and the tensile
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strength of the reference strip was measured. Tensile strength was measured for each sample
strip, which was then used to calculate percent tensile loss per day using Eq.2 (sensu Tiegs et

al., 2013).

(Tensile Strength®Ff — Tensile StrengthSAMP) 100
Tensile Strength™"" X

Incubation time

% tensile loss per day =
(Eq. 2)

3.2.2.3 Environmental characterization

Surface water temperature and stream velocity were measured in each habitat unit.
Near-streambed water temperature was measured at 10-minute intervals using temperature
loggers (HOBO Pendant, Onset, USA) that were anchored at the streambed surface in the
center of each habitat unit for the duration of the deployment period. However, the loss of the
temperature logger in one riffle in HG resulted in the loss of temperature data for that habitat
unit. Mean daily temperature range (°C) and mean daily temperature (°C) were calculated from
near-streambed water temperature measurements during the deployment period. Mean daily
temperature range was calculated by computing daily maximum and minimum temperatures
for each deployment day, then these values were averaged over the incubation period. Mean
daily temperature was calculated as the sum of the daily mean temperature divided by days in
the deployment period (sensu Benfield et al., 2017). At each tile holder, stream velocity (m/s)
(Hach FH950 Portable Velocity Meter, Hach Ultra Analytics) was measured at the streambed.

Subsurface streambed temperature mapping was conducted on July 5%, 2019 in HG and
on July 16", 2019 in MG and LG. Streambed subsurface temperature can be used as a proxy
for groundwater flux with temperature differences between subsurface streambed temperature
and stream surface water temperature able to identify areas of groundwater input (Kalbus et
al., 2006). Typically, larger temperature gradients (i.e., near-streambed surface water
temperature — subsurface streambed temperature) indicates greater groundwater input. For the
streambed temperature mapping, streambed temperature readings were taken at 0.3 m intervals

across the stream width, with measurement transects every 1 m along the reach. Subsurface
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streambed temperature was measured at 10 cm depth below the streambed using a high-
accuracy thermometer (Hanna HI98509 Checktemp® 1 Digital Thermometer). For each
transect, near-streambed surface water temperature was measured once in the centre of the

stream.

3.2.3 Data Analysis

We used generalized linear models (GLMs) to detect effects of groundwater input and
habitat on biofilm biomass (i.e., chl-a accumulation and biofilm growth rate). We also applied
GLMs to assess four diatom assemblage metrics: taxa richness, proportion of the three most
abundant taxa (% dominant), taxa evenness, and density of diatoms. Density of diatoms was
estimated by correcting the diatom counts in accordance with the proportion of the sample
processed to reach 400 valves. The processed sample proportion was measured by the volume
of sample used to produce the slides and the number of fields of view necessary to reach the
target count of 400 valves.

For all models, fixed effects were groundwater input (three levels: HG, MG, and LG)
and habitat (two levels: riffle and run) and their interaction (groundwater input x habitat).
Separate GLMs were used to test for differences (o = 0.10) in biomass and diatom assemblage
metrics. Tukey’s post-hoc tests were performed on significant GLM analyses to identify
pairwise differences between factor levels. We used a = 0.10 for our GLMs to offset risk of
Type I and Type II errors due to the combined effects of small sample size (n = 10 per habitat
type) and inherent variation of biofilm biomass and diatom assemblage metrics in streams.
Analyses were completed in R (version 4.0.5) using the stats package (R Core Team, 2020)

and taxa evenness was calculated using the vegan package (Oksanen et al., 2020).

Linear mixed effects models (LMEMs) were used for analyses of streambed and
subsurface % tensile loss per day due to the nested structure of our data. For LMEMs, strip
position nested within habitat and reach was set as a random effect. Fixed effects were the
same as for the GLMs used to analyze the biofilm metrics. Significant LMEM analyses were
then further investigated using GLMs to identify patterns in groundwater input, habitat, and

their interaction. LMEMSs were computed in R (version 4.0.5) with /me4 and ImerTest packages
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(Bates et al., 2015; Kuznetsova et al., 2017), using Satterhwaite’s method to estimate degrees
of freedom and p-value for fixed effects. GLMs were processed in R (version 4.0.5) using the
stats package (R Core Team, 2020).

Spatial patterns in diatom assemblage composition among groundwater input and
habitat units was assessed using non-metric multidimensional scaling (nMDS) on relative
abundance data. Relative abundance data included taxa that accounted for at least 2 % relative
abundance in at least one sample in any reach, and was subsequently Hellinger transformed
(Legendre & Gallagher, 2001). A two-dimensional nMDS was performed using Bray-Curtis
distance with a maximum of 1000 iterations or until two convergent solutions were found.
Analyses were completed with PRIMER software package (version 7.0 with PERMANOVA+,
Primer-E Ltd., Plymouth, UK; Clarke & Gorley, 2015).

A two factor permutational analysis of variance (PERMANOVA) was performed to
compare variation in diatom assemblage composition in response to the fixed factors of
groundwater input (HG, MG, and LG) and habitat unit (run, riffle). If diatom assemblage
composition in reach or habitat or their interaction were identified as significantly different (a
= 0.10), we then used similarity percentages (SIMPER) routine to identify taxa which
contributed most to dissimilarity among reaches and habitats. Analyses were conducted with
PRIMER software package (version 7.0 with PERMANOV A+, Primer-E Ltd., Plymouth, UK;
Clarke & Gorley, 2015).

To evaluate the association of environmental conditions (i.e., mean daily temperature
range [°C], mean daily temperature [°C], tile depth [cm], and stream velocity [m/s]) with
spatial patterns in biofilm biomass (chl-a accumulation and biofilm growth rate) and cellulose
decomposition we used partial least squares (PLS) regression. Separate PLS analyses were
conducted for biofilm biomass and % tensile loss per day on the streambed surface. PLS
regression can be used to identify associations between predictor (environment) and response
(ecological) variables, and is a useful tool when predictors are highly correlated, and there are
many predictors relative to observations (Wold et al., 2001; Carrascal et al., 2009). For both

% tensile loss per day on the streambed surface and biofilm biomass environmental predictor
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variables (X: mean daily temperature range [°C], mean daily temperature [°C], tile depth [cm],
and stream velocity [m/s]) were used to produce a set of components (PLS loadings) that
maximize variance explained for % tensile loss per day and biofilm biomass (chl-a
accumulation and biofilm growth rate) (Y), constructed using simultaneous decomposition of
X and Y matrices (Eriksson et al., 2013). Cross-validated goodness of prediction (Q?) was used
to assess model performance, where goodness of prediction (Q*> 0.097) is computed as the
difference between predicted and observed values using a tenfold cross-validation method with
999 iterations. The total explanatory capacity of the PLS model is defined as the sum of
explanatory capacity (R?Y) for each component, and only components that account for 10 %
or more of the variation in response (Y) variables were retained. Variable importance
projection (VIP) scores were used to assess the influence of each predictor (X) variable, and
only predictors with a VIP score greater than one were considered important for explaining
response (Y) variables. Using a biplot, the direction of association between predictor and
response variables was assessed using resultant loadings. PLS analyses were done in R (version
4.0.3) using the plsdepot package (Sanchez, 2016).

We used a BIOENV (matching of biotic and environmental patterns; Clarke &
Warwick, 1994) to evaluate associations between measured environmental variables (mean
daily temperature range [°C], mean daily temperature [°C], tile depth [cm], and stream velocity
[m/s], pH, specific conductivity [uS/cm]) and diatom assemblage composition. Using a
Spearman rank correlation, the BIOENV computes the extent of the association between two
(dis)similarity matrices, resulting in pairs of samples where similar environmental variables
are associated with similar diatom assemblage composition (Clarke & Warwick, 1994). To
create the biotic matrices for the diatom assemblage composition we used Bray-Curtis distance
on Hellinger transformed relative abundance data for taxa that comprised at least 2 % of
relative abundance in a minimum of one sample in a given reach. Environmental matrices were
constructed using Euclidean distance on normalized environmental variables (Clarke &
Warwick, 1994). Analyses were conducted with bioenv function and significance was tested
using mantel function with 999 permutations using environmental distances extracted from

bioenv results (vegan package, Oksanen et al., 2020).
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3.3 Results

3.3.1 Environmental conditions

Subsurface streambed temperatures in both runs and the upper riffle of the HG reach
were typically between 16 and 18 °C, with some patches of cooler water (14 — 16 °C; Fig.
3.2a). The lower HG riftfle was cooler with temperatures largely between 14 — 16 °C, with
small areas as low as 12 °C). The upper run in the MG reach had uniform subsurface streambed
temperature of 14 — 16 °C, whereas the two riffles (10 to 18 °C) and more downstream run (12
— 16 °C) had more spatially variable subsurface streambed temperatures (Fig. 3.2b). The LG
reach had the warmest subsurface temperatures that were typically greater than 16 °C (Fig. 3.

2¢).
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Figure 3.2 Subsurface (10 cm) streambed temperatures (°C) for three reaches in Kintore Creek,
Ontario, Canada receiving high (HG, a), moderate (MG, b), and low (LG, c) inputs of
groundwater. The temperature surface was generated by kriging interpolation. Cross symbols
identify temperature measurement locations. Black circles show tile placement in runs, black

triangles show tile placement in riffles.

The temperature gradient (stream surface water temperature — subsurface streambed
temperature) in the HG reach increased from the top to bottom of the reach (Fig. 3.3a). The
upper run temperature gradients were between 1 and 3 °C, the upper riffle and lower run ranged
from 1 to 7 °C, whereas the lower riffle was typically between 5 and 9 °C. The temperature

gradient of the upper run in the MG reach was consistently between -1 and 1 °C (Fig. 3.3b). In
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contrast, the lower run and both riffles were patchier, exhibiting areas of lower (1 — 3 °C) and
higher (5 — 7 °C) temperature gradients. Throughout the LG reach, the temperature gradients
were typically between 1 and 3 °C, with small patches of larger temperature gradients (3 — 5
°C) in the upper riffle and lower run (Fig. 3.3a).
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Figure 3.3 Temperature gradient between surface water and subsurface streambed temperature
(°C) (i.e., stream surface water temperature - subsurface streambed temperature) for three
reaches in Kintore Creek, Ontario, Canada receiving high (HG, a), moderate (MG, b), and low
(LG, ¢) inputs of groundwater. The temperature surface was generated by kriging interpolation.
Cross symbols identify temperature measurement locations. Black circles show tile placement

in runs, black triangles show tile placement in riffles.
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Across all riffle habitats, stream velocity in runs (0.120 + 0.059 m/s) was about 60 %
of that of riffles (0.217 + 0.096 m/s) (Fig. 3.4a). MG had the fastest mean stream velocity in

riffles and slowest in runs. Runs (15.8 £ 5.6 cm) were typically deeper than riffles (11.4 +2.5

cm) across all reaches (Fig. 3.4b), with LG having the smallest depths for both habitats and the

smallest difference between runs and riffles (~3 cm on average).
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Figure 3.4 Bar plots (mean + one standard deviation) of (a) stream velocity (m/s) and (b)

stream depth (cm) for riffle (n = 10) and run (n = 10) habitats in three sampled stream reaches

(high groundwater reach [HG], moderate groundwater reach [MG], and low groundwater reach

[LG]) in Kintore Creek, Ontario.

Across all reaches and habitats, mean daily surface water temperature ranges and mean

daily surface water temperatures were within approximately 2.5 °C and 2 °C, respectively (Fig.

3.5). The greatest mean daily temperature range for both habitats was observed in HG (Fig.

3.5a). Mean daily temperature was the lowest in HG for both habitats (Fig. 3.5b).
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Figure 3.5 Bar plots (mean + one standard deviation) of (a) mean daily temperature range (°C)
and (b) mean daily temperature (°C) of stream water temperature for riffle (n = 10) and run (n
= 10) habitats in each study reach (high groundwater reach [HG], moderate groundwater reach

[MG], and low groundwater reach [LG]) in Kintore Creek, Ontario.

3.3.2 Reach and habitat effects on biofilms and cellulose decomposition

The GLM assessing spatial patterns in chl-a found the interaction of reach and habitat
was significant (F2,54=2.66, p = 0.08) (Fig. 3.6a). Tukey’s post-hoc tests showed three-times
greater accumulation in runs than riffles in HG (p = 0.07). Similarly, chl-a accumulation in
runs at MG was approximately five-times greater than in riffles (p = 0.01). However, no
differences were found between chl-a accumulation in riffles and runs at LG (p = 0.99).

The GLM on biofilm growth rate identified a significant interaction of groundwater

input and habitat (F2,54=2.64, p = 0.08) (Fig. 3.6b). Runs in HG had biofilm growth rates more
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than double that of riffles (p = 0.04). Similarly, runs in MG had biofilm growth rates more than
three-times greater than riffles (p = 0.02). In contrast, runs in LG had biofilm growth rates that
were not different than those in riffles (p = 0.99).

The PLS regressions for biomass metrics (chl-a accumulation and biofilm growth rate)
resulted in an interpretable model (Q? = 0.277) with one component. The component explained
45 % of the variance of the environmental variables and 34 % of the variance in biological
variables. The component organized sites based on variation in stream velocity (VIP = 1.12)
and depth (VIP = 1.38). Depth was positively associated with chl-a accumulation and biofilm
growth rate. Conversely, stream velocity was negatively associated with chl-a accumulation
and biofilm growth rate. Run samples from HG were located towards the positive end of the

axis. All other samples were clustered in the center-left of the axis.
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Figure 3.6 Bar plots (mean =+ one standard deviation) of (a) chl-a accumulation (ug cm™ day™')
and (b) biofilm growth rate (ug cm™ day™!) for riffle (n = 10) and run (n = 10) habitat units in
each study reach (high groundwater reach [HG], moderate groundwater reach [MG], and low

groundwater reach [LG]) in Kintore Creek, Ontario.
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3.3.3 Diatom Assemblages

Fifty-four diatom species were observed across all reaches and habitat units. The three
most abundant taxa Achnanthidium eutrophilum (Lange-Bertalot 1999) Lange-Bertalot (20 %),
Amphora pediculus (Kiitzing) Grunow (14 %), and Cocconeis placentula (Ehrenberg) (52 %)
accounted for 86 % of total abundance across all reaches. Total taxa richness in HG was 33 in
runs and 29 in riffles. At MG, richness was 22 in runs and 22 in riffles. From riffles to runs, C.
placentula abundance decreased by two-thirds and A. eutrophilum abundance increased by
about a third. In LG, total taxa richness was 25 in runs and 25 in riffles. Both riffles and runs
in LG were dominated by C. placentula.

GLM analyses of taxa richness, % dominant, taxa evenness, and density of diatoms
showed differing responses to the effects of groundwater input and habitat (Fig. 3.7). For taxa
richness, there was a significant interaction of groundwater input and habitat (F124=5.98,p =
0.005) (Fig. 3.7a). However, there were no differences between habitats in HG (p = 0.29), MG
(p = 0.13), or LG (p = 0.87). For % dominant, there was also a significant interaction of
groundwater input and habitat (F124=3.81, p=0.03) (Fig. 3.7b). There were more % dominant
taxa in runs compared to riffles in MG (p = 0.04), but no difference in HG (p = 0.99) or LG (p
=0.99). Analysis of taxa evenness showed a non-significant interaction term (p = 0.68), and
no effect of habitat (p = 0.35), but there was a difference among groundwater input levels (F224
=445, p=0.02) (Fig. 3.7¢c). Taxa evenness was greater in HG compared to MG (p = 0.014),
but there were no differences between HG and LG (p = 0.63) nor MG and LG (p = 0.12).
Diatom slide density had a significant interaction of groundwater input and habitat (Fi24 =
4.07, p=0.02) (Fig. 3.7d). Diatom density was greater in run than in riffle habitats in HG (p =
0.006) and MG (p = 0.06), but there was no difference between habitats in LG (p = 0.99).
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Figure 3.7 Barplots (mean + one standard deviation) for (a) taxa richness (b) % dominant (c)

evenness and (d) density of diatom for riffle (n = 10) and run (n = 10) habitat units in three

study (high groundwater reach [HG], moderate groundwater reach [MG], and low groundwater

reach [LG]) in Kintore Creek,

Ontario.
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Ordination of relative abundance of diatom assemblages showed that diatom
communities in riffles and runs in HG clustered separately from those in MG and LG (Fig.
3.8). A two factor PERMANOVA showed a significant interaction between reaches of varying
groundwater input and habitat (pseudo-F(2s54) = 2.10, p = 0.03). A post-hoc pairwise
comparison of habitats with groundwater input showed that diatom assemblages in riffles and
runs differed significantly in HG (p = 0.005) and MG (p = 0.006), but not in LG (p = 0.28). C.
placentula abundance decreased by a third from riffles to runs, whereas A. eutrophilum
abundance increased from negligible (< 2 %) in riffles to a quarter of total abundance in runs.

SIMPER analysis indicated that nearly three-quarters of total average dissimilarity
(32.3 %) between runs and riffles in HG were attributed to six taxa: C. placentula (22.3 %), A.
eutrophilum (14.4 %), A. pediculus (14.2 %), Reimeria sinuata (W. Gregory) Kociolek &
Stoermer (6.0 %), and Planothidium frequentissimum (Lange-Bertalot) Lange-Bertalot (5.6
%). In MG, total average dissimilarity between runs and riftles was 36.0 %, with five taxa: A4.
eutrophilum (20.2 %), C. placentula (19.0 %), A. pediculus (12.5 %), P. frequentissimum (9.9
%), and Cocconeis pediculus (Ehrenberg 1838) (5.7 %) contributing two-thirds of total average
dissimilarity. BIOENV analysis showed that depth and pH were positively correlated (» =
0.504, p = 0.001) with dissimilarity among diatom assemblages (Fig. 3.8).
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Figure 3.8 nMDS ordination plot using Bray-Curtis dissimilarity index showing separation of
diatom assemblage relative abundance based on reach and habitat (stress = 0.12) with
significant (» = 0.504, p = 0.001) environmental variables vectors overlaid. Reaches are
represented by shape where triangles are high groundwater reach (HG), squares are moderate
groundwater reach (MQ), and circles are low groundwater reach (LG). Habitats are represented

by open shapes for riffles and closed shapes for runs.
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3.3.4 Cellulose Decomposition

Across all reaches and habitats, mean % tensile loss per day (% tensile loss day™)
at the streambed surface was 1 to 2 % per day faster than in the subsurface (Fig. 3.9). The
LMEM assessing differences in % tensile loss day™ at the streambed surface showed a
significant interaction between groundwater input and habitat (Fip4 = 12.59, p < 0.001).
Subsequent GLMs showed that rates of % tensile loss day™ in riffles were 1.15-times faster
than runs (p < 0.001). Rates of % tensile loss day™! in riffles in HG were 10% faster than runs
in HG (p = 0.002). Similarly, in MG rates of % tensile loss day™! in riffles a third faster than
runs (p = 0.006). However, % tensile loss day™!' did not differ between riffles and runs in LG
(p = 0.50).

The PLS analysis for streambed surface % tensile loss produced an interpretable model
(Q*=0.272) comprised of one component. The component accounted for 44 % of the variance
in environmental variables with stream velocity (VIP = 1.01), mean daily temperature range
(VIP =1.22), and mean daily temperature (VIP = 1.18) retained. The component also explained
34 % of the variance in streambed surface % tensile loss day™'. Stream velocity, mean daily
temperature range, and mean daily temperature were positively associated with surface %
tensile loss day!. In HG and MG, riffle samples were typically clustered on the positive end
of the axis. Runs from all reaches and riffles from LG tended to cluster in the center and center-
left of the axis.

The LMEM on subsurface tensile loss showed no interaction between groundwater
input and habitat (F224=0.18, p = 0.84), as well as no effect of habitat (Fi 4= 0.69, p = 0.42)
(Fig. 3.9a). There was an effect of groundwater input (F224 = 3.74, p = 0.04), such that
subsurface tensile loss was faster at HG than at either MG (p = 0.02) and LG (p = 0.002) (Fig.
3.9b). There was no difference in subsurface tensile loss between MG and LG (p = 0.70).
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Figure 3.9 Bar plots (mean + one standard deviation) for (a) surface cellulose decomposition
(% tensile loss day™) for riffle (n = 50) and run (n = 50) habitats, and (b) subsurface cellulose
decomposition (% tensile loss day™) for riffle (n = 30) and run (n = 30) habitat units in three
study reaches (high groundwater reach [HG], moderate groundwater reach [MG], and low

groundwater reach [LG]) in Kintore Creek, Ontario.
3.4 Discussion

3.4.1 Habitat specificity of groundwater effects on stream biofilms

Biofilm biomass, diatom assemblage composition, and cellulose decomposition
differed among reaches in Kintore Creek with greater chl-a accumulation and biofilm growth
in reaches receiving moderate and high groundwater inputs. Greater biomass in groundwater
receiving reaches is consistent with past findings from a range of stream ecosystem types. For
example, in an alluvial river in northwestern Montana groundwater input was typically
associated with increased chl-a concentration and biofilm biomass (Stanford et al., 1994;

Whyatt et al., 2008). Similarly, algal biomass in an alpine stream was greater downstream of a
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groundwater spring (Roy et al., 2011). Likewise, groundwater inputs promoted algal
production in the Fitzroy River, Australia (Burrows et al., 2020). Past work has also found
evidence that groundwater inputs influence diatom assemblage composition. Indeed, Roy et al.
(2011) and Stevenson et al. (2009) both observed stream reaches with significant groundwater
inputs to exhibit compositionally distinct diatom assemblage composition compared to stream
reaches not receiving groundwater. Additionally, past work has shown that groundwater inputs
are associated with slower cellulose decomposition rates in warmer seasons (Griffiths & Tiegs,
2016; Poisson & Yates, 2022). However, unlike many past studies, our study found that effects

of groundwater were habitat specific.

Many of the ecological endpoints assessed in our study were indicative of an interactive
effect of groundwater input and habitat. Indeed, we found that runs in reaches with moderate
to high groundwater input had 2-3 times greater chl-a accumulation and biofilm growth rates,
as well as greater diatom density than associated riffles. Likewise, diatom composition shifted
in dominant taxa from C. placentula in riffles to A. eutrophilum in runs. Finally, we found that
rates of tensile loss at the streambed surface (but not buried) were greater in the reach with
high groundwater inputs. Thus, it appears that stream biofilm communities at the streambed

experience effects of groundwater inputs differently based on habitat type.

Habitat specific manifestation of groundwater effects is consistent with known
groundwater — surface water exchange patterns (i.e., upwelling and downwelling) in riffles and
runs. At the beginning of riffles, downward pressure has been shown to result in surface water
downwelling, followed by groundwater upwelling at the end of the riffle or start of the
subsequent run (Thibodeaux & Boyle, 1987; Harvey & Bencala, 1993). Thus, groundwater
inputs may have been suppressed in riffles but expressed in runs, leading to the habitat specific
outcomes we observed. However, as suppression of groundwater inputs to riffles is not fully
supported by the subsurface temperature measures, other microscale factors (e.g., chemical
constituents, redox) may also be important in determining the observed ecological patterns that
manifested at the habitat scale. Future work that directly captures the amount and

characteristics (e.g., nutrient concentrations) of upwelling groundwater are thus needed to
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validate the role of habitat type as a modifier of groundwater — surface water exchange patterns

and provide a mechanistic link between groundwater input and stream biofilm communities.

Although biological patterns matched expected associations between habitat type and
effects of groundwater inputs, these differences also corresponded to patterns of stream
velocity in the groundwater receiving reaches. As stream velocity has been well-demonstrated
to influence algal biomass, diatom assemblage composition, and cellulose decomposition
(Horner et al., 1990; Biggs & Gerbeaux, 1993; Biggs & Hickey, 1994; Biggs et al., 1998; Tiegs
et al., 2009; Webb et al., 2019), it is possible that velocity may have partially accounted for the
patterns we observed. Indeed, a modifying role of stream velocity on groundwater inputs was
reported by Burrows et al. (2020) who suggested that greater environmental stability in areas
of slower velocity coupled with enhanced delivery of resources (e.g., chemical constituents,
nutrients, and thermal effects) via groundwater input cumulatively acted to enhance algal
biomass accumulation. Differences in stream velocity may have also impacted diatom
community composition, as diatoms have shown varying preferences to velocity (Van Dam et
al., 1994; Passy, 2007). Conversely, faster velocities and greater sheer stress in riffles
compared to runs may more rapidly dissipate the effects of groundwater inputs close to the
streambed surface (Storey et al., 2003). Cumulative effects of stream velocity and moderate to
high groundwater input are also consistent with the patterns of cellulose decomposition we
observed as the increased velocity and associated enhancement of physical breakdown may
have further accelerated decomposition in riffles (Tiegs et al., 2009; Webb et al., 2019).
However, it is unlikely that the observed biological patterns were solely because of velocity.
We base this conclusion on our finding no biological differences between habitat types in the
low groundwater reach, despite this reach exhibiting similar velocity patterns to the moderate
and high groundwater reaches. Our results suggest that the role of stream velocity is, at most,
subsidiary to that of groundwater, and therefore additional studies are needed to test hypotheses

regarding the apparent cumulative effects of groundwater input and stream velocity.
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3.4.2 Groundwater modified environmental drivers of stream biofilms

Although we detected a relationship between stream biofilm metrics and groundwater
input, we did not observe associations between measured stream environmental parameters
that can be modified by groundwater and the observed ecological heterogeneity. The lack of
association between ecological endpoints and measured environmental parameters in reaches
of Kintore Creek is in contrast with past studies in low nutrient streams (i.e., <5 ug P L' SRP,
< 0.50 mg N L' NOs™-N) that have suggested that groundwater inputs were associated with
greater benthic algal biomass and heterotrophic microbial activity (Wyatt et al., 2008; Roy et
al., 2011; Fellman et al., 2014; Griffiths & Tiegs, 2016; Megjia et al., 2016; Burrows et al.,
2020). The difference in our results compared to past studies may be due to reaches in our
study having more or similar amounts of nutrients in the surface water compared to
groundwater inputs (C. Robinson, unpublished data). Likewise, we found that mean daily
temperature of stream water at the bed was 18 °C and varied by approximately 2 °C across all
reaches and habitats, despite indications from temperature mapping of significant groundwater
flux in the high and moderate groundwater reaches. As previous work has suggested that
differences in temperature need to be at least 3 °C and 4 — 5 °C, to impact chl-a and cellulose
decomposition, respectively (Godwin & Carrick, 2008; Griffiths & Tiegs, 2016; Delgado et
al., 2017; Follstad Shah et al., 2017), it appears groundwater inputs were insufficient to affect
stream biota through control of stream temperatures. Indeed, the lack of among reach variation
in nutrients and temperature suggests that impacts of groundwater inputs may have been

masked by prevailing surface water conditions.

Streambed temperature mapping of the three reaches of Kintore Creek indicated
patchiness in groundwater input within the high and moderate groundwater reaches. However,
the observed spatial patterns of groundwater inputs were not detectable at the reach or habitat
unit scales with the approaches we used to measure to environmental conditions where biofilms
were sampled. Thus, it appears that in Kintore Creek, effects of groundwater inputs may have
been rapidly dissipated at the streambed — surface water interface. Alternatively, the ecological

response observed in groundwater receiving reaches may have been due to unaccounted
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environmental differences among reaches rather than groundwater inputs. However, this
second explanation is unlikely as we found that reaches with high and moderate groundwater
input showed similar ecological patterns. Rather, our findings of biological variation among
reaches, without associations to reach scale environmental conditions, suggest that stream
biofilm communities and cellulose breakdown may have been more strongly linked to
microscale environmental conditions at the stream water — biofilm interface. However,
measuring environmental conditions at such microscales is a methodologically challenging
endeavor and was beyond the scope of this study. Future studies using novel methods to capture
environmental conditions at the stream water — biofilm interface are thus needed to further our
understanding of the role of groundwater inputs in structuring stream communities and

processes.

3.4.3 Effect of burial on cellulose decomposition

We observed strips on the streambed surface generally had faster breakdown rates than
strips buried in the substrate; a finding consistent with past studies (Boulton & Quinn, 2000;
Claret et al., 2001; Cornut et al., 2010). Slower subsurface cellulose breakdown in the
streambed has been attributed to reduced physical abrasion, as well as lower temperature and
dissolved oxygen limiting heterotrophic activity in the hyporheic zone (Strommer & Smock,
1989; Malard & Hervant, 1999; Crenshaw et al., 2002; Cornut et al., 2010). The differences in
decomposition between the streambed surface and subsurface highlight the need for
measurement of both surface and subsurface decomposition to fully describe rates of organic

matter processing in streams.

For subsurface cellulose breakdown, we found that the reach with high groundwater
input was associated with faster subsurface cellulose breakdown compared to the moderate and
low groundwater reaches. Our results are in contrast to past work that suggest that higher
groundwater inputs would slow subsurface decomposition due to cooler water temperatures
and lower dissolved oxygen (Stérba et al., 1992; Boulton & Foster, 1998; Franken et al., 2001).
A potential explanation is that greater groundwater — surface water exchange in the high

groundwater reach may have stimulated heterotrophic decomposers in the streambed through
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greater access to key biogeochemical resources (e.g., DOC, nutrients). However, because we
did not sample subsurface conditions (e.g., dissolved oxygen) aside from temperature, our
study is limited in explaining the observed patterns. Thus, future studies should focus on
investigating the controls of organic matter breakdown in the subsurface when varying amount

of groundwater is present.

3.5 Summary

We found that the ecological response to groundwater input manifested in specific
habitat types and varied depending on the biological measure. In reaches receiving moderate
to high groundwater inputs, biofilm biomass was greater in runs, and streambed cellulose
breakdown was faster in riffles. However, ecological patterns were not associated with our
measurements of surface water temperature or nutrient availability, suggesting that some
controlling factors were not measured (e.g., chemical characteristics of upwelling
groundwater), or that impacts of groundwater inputs may have dissipated rapidly at the
streambed interface, and thus were not captured by our environmental measurements. Indeed,
we suspect that the effect of groundwater inputs may be limited to streambed surface interface,
where biofilms experience and interact with the stream environment. Future work on the effect
of groundwater inputs on stream biofilm communities and cellulose decomposition in enriched
streams should focus on assessments in multiple habitat types and environmental

measurements at the stream water — biofilm interface.
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4 Influence of groundwater upwelling on patch scale patterns of stream biofilm

communities and cellulose decomposition in an agricultural stream reach

4.1 Introduction

Spatial heterogeneity of stream environmental conditions observed at the reach scale
can be viewed as an aggregation of heterogeneity at smaller spatial scales, hereafter referred
to as patch scale (Pringle et al., 1988; Townsend, 1989). Environmental heterogeneity at the
patch scale can result from variations in stream velocity, water temperature, and water
chemistry, among other factors (Thorp et al., 2006, 2008). Environmental variation amongst
patches can also be driven by groundwater — surface water exchange through the streambed
(Brunke & Gonser, 1997; Boano et al., 2014). Indeed, groundwater inputs can modify surface
water nutrient availability, water temperature, and water chemistry at centimeter to meter
scales (Schilling et al., 2017; Earon et al., 2020). Where differences in physical and chemical
properties between groundwater and surface waters are substantive these small-scale variations
in environmental conditions may influence spatial patterns in biotic processes and assemblages

(Boulton & Hancock, 2006; Boano et al., 2014; Irvine & Lautz, 2015).

Benthic stream biofilm communities consist of microbial autotrophs and heterotrophs,
that include algae, bacteria and fungi that are attached to the streambed. Biofilm communities
are highly sensitive to changes in local environmental conditions (Besemer, 2015; Battin et al.,
2016). Indeed, environmental variability within reaches have been shown to influence biofilm
communities and organic matter processing (Gulis & Suberkropp, 2003; Webb et al., 2019;
Risse-Buhl et al., 2020; Banks et al., 2023b). Heterogeneity in environmental factors at
multiple spatial scales can influence biological patterns in streams (Palmer & Poff, 1997).
Within a reach, variability in habitat and microhabitat conditions can influence patch scale
heterogeneity in biofilms (Stevenson, 1997; Royer & Minshall, 2003; Graga et al., 2015).
Indeed, past work has shown that stream velocity can vary between habitat types (i.e., riffle,
runs) and near-bed velocities can generate heterogeneity in biofilms (Biggs et al., 1998, 2005;
Battin et al., 2003). Further, Cardinale et al., (2002) showed that within a riffle, physical

heterogeneity in streambed sediments had significant impacts on primary productivity and
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respiration in biofilms through alteration of stream velocity. However, in a study of diatom
community assemblage, Passy, (2001) found only a third of variability in was explained by
measured environmental and spatial variables, primarily stream velocity, suggesting that other
factors may be contributing to variation in diatom communities. Similarly, unexplained
variance in decomposition across multiple spatial scales has been observed. For example, more
variance was found to be explained at the litter bag and habitat scale, rather than larger (i.e.,
watershed, segment, reach) scales (Tiegs et al., 2009; Tonin et al., 2018). Though smaller
scales tend to contribute the most variance explained, Tonin et al., (2018) found, while nearly
a third of total variance was unexplained. Likewise, Tiegs et al., (2009) over half of the
variance remained unexplained by measured environmental variables. The consistent findings
of unexplained variation across various components of the biofilm suggest that there are
unmeasured environmental factors contributing to heterogeneity in biofilm. Heterogeneity in
stream biofilm communities has been associated with groundwater inputs at multiple scales
(i.e., spatial and temporal) across stream ecosystems (Valett et al., 1994; Wyatt et al., 2008;
Stevenson et al., 2009; Tang et al., 2019; Banks et al., 2023a).

Within reaches, at both habitat and patch scales, groundwater input can alter
environmental conditions in receiving surface waters (Brunke & Gonser, 1997; Dent et al.,
2001; Boano et al., 2014). Groundwater influenced changes to environmental conditions at
smaller (i.e., habitat) scales has been shown to generate heterogeneity in biofilm communities
(Pepin & Hauer, 2002; Roy et al., 2011; Mejia et al., 2016; Burrows et al., 2020; Banks et al.,
2023b). Locations of groundwater upwelling has been repeatedly associated with greater
primary production and differences in algal community composition (Coleman & Dahm, 1990;
Roy et al., 2011; Bolpagni & Laini, 2016; Mejia et al., 2016; Burrows et al., 2020). Areas of
groundwater upwelling in a reach have also been suggested to enhance organic breakdown by
providing nutrient subsidies to heterotrophic microbial decomposers (Griffiths & Tiegs, 2016).
Conversely, cooler upwelling groundwater has been associated with reduced activity of
heterotrophic microbes and slower cellulose decomposition during warm seasons (Webb et al.,

2019, Poisson & Yates, 2022). Slower decomposition rates have also been associated with low
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dissolved oxygen where groundwater is upwelling (Cornut et al., 2010). Further, differences
in stream velocity within a reach have been shown to modify the effects of groundwater on
biofilm communities (Burrows et al., 2020; Banks et al., 2023b). However, to date, there has
not been an investigation of the role of groundwater input in influencing biological response
at the patch scale. Past work on associations between groundwater input and biofilm
heterogeneity have largely been performed at the reach scale, and currently there is limited
understanding of how heterogeneity in the biofilm at patch scales may be linked to within reach

variation in the amount of groundwater upwelling.

Our study goal was to assess the response of stream biofilm communities (i.e., biomass
and diatom composition) and organic matter breakdown (i.e., cellulose decomposition) to a
gradient of groundwater upwelling at the patch scale within a reach. We identified locations of
groundwater upwelling, and assessed if there was an association between environmental
conditions to biofilm communities and cellulose decomposition. We hypothesized that
variation in groundwater upwelling and consequent modification of surface water
environmental conditions at the patch scale would explain spatial heterogeneity in biofilm
communities and cellulose decomposition. Our results further enhance our understanding of
patch scale dynamics of environmental heterogeneity generated by groundwater input and the

response of stream biofilm communities and organic matter processing.
4.2 Methods

4.2.1 Study area and site selection

The study was conducted in a headwater reach of Kintore Creek, southern Ontario,
Canada (Fig. 4.1a, b). The studied reach is characterized by having a straight and entrenched
channel with an average channel width of 2.0 m, the presence of habitat features (i.e., riffles
and runs), and no canopy cover. Kintore Creek experiences mean annual low and high air
temperatures of - 6.0 °C and 20.2 °C, respectively, with an average annual precipitation of
1069.5 mm (Environment and Climate Change Canada, 2010). Land use in the Kintore Creek

catchment is primarily agricultural (80 %), with forest (12 %) and residential (4 %) uses
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encompassing smaller areas (Agriculture and Agri-Food Canada, 2020). Crop cover is
typically row crops of soybean and corn, as well as alfalfa, and many fields have subsurface
tile drainage. Surficial geology varies in permeability because of glacial deposits of sand and

gravel across the catchment (Ontario Geological Survey, 2010).

n
® N
I % =" 'Fﬂ?
a) = b)
Lake
Huron z
o )
e _ ./ Lake =
\ | ' Ontario - %
.‘. Q
\ " , )
' AT
-l; = PPN W
,’%_A i /
2 ; ) =
‘1 o] / Lake § Water 5
(_A - > Erie Agriculture i :,Q
=3 - Forest ‘3
: ,/ Exposed Land / Barren
/ - Urban
o ¥ sl Shrubland
iy e e [ eees— ] 1]
PG {777 wetiand 0 1.5 3
Ll Ll
81°4'0"W 81°2'0"W

| i £ A
| Direction of flow i

Figure 4.1 Location of study area (a) indicated by a black square in Great Lakes Region of
North America (inset). Land use in the Kintore Creek headwaters in southern Ontario (b).
Aerial photo of the studied reach (c) in the western headwater branch of Kintore Creek overlaid
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with sampling locations (circles) (Catchment boundaries/stream network in Forsyth et al.,

2016; Land use/cover in Agricutlure and Agri-Food Canada, 2020)

A 35 m reach of the western branch of Kintore Creek was selected for this study based
on existence of high-resolution streambed temperature mapping conducted by Robinson et al.
(2022). Spatial streambed temperature mapping is a widely used, quantitative proxy for
groundwater flux because groundwater is typically cooler than receiving surface waters in
warm seasons (Kalbus et al., 2006). Spatial streambed temperature mapping was conducted
during baseflow by Robinson et al. (2022) on July 2™, 2020 using transects across the stream
width at 1 m offsets in the studied reach. At each transect, Robinson et al. (2002) measured
subsurface streambed temperature approximately every 0.2 m across the stream width at 0.1 m
depth in the streambed subsurface. Stream surface water temperature was measured once in
the center of the stream for each transect, allowing for stream water - subsurface temperature
gradient (i.e., stream surface water temperature minus subsurface streambed temperature) to

be calculated at each point in the transect.

We used the resultant streambed temperature mapping from Robinson et al., (2022) to
select 50 sampling locations that captured the full range of subsurface streambed temperature
and full range of subsurface temperature gradients (Fig. 4.2a, b). In the studied reach,
subsurface (0.1 m) streambed temperature was lowest in the upper section and warmer in the
mid- and downstream sections of the reach (Fig. 4.2a). The coldest subsurface temperature was
14.0 °C and the warmest was 20.1 °C, with median temperature of 17.9 °C. Stream water -
subsurface temperature gradient (°C) tended to have larger ranges (> 2.0 °C) in the upstream
and downstream sections and smaller differences (< 2.5 °C) between the midstream section of

the reach (Fig. 4.2b).

A one-year investigation into shallow sediment porewater (0.1 - 0.4 m depth) along this
same reach by Vissers et al. (2023) revealed groundwater in upwelling areas was typically
under oxic, suboxic or nitrate-reducing redox conditions. These coincided with median SRP
concentrations < 30 pg/L. and nitrate-N concentrations generally of 5-15 mg/L, which was
typically less than and greater than the stream water concentrations, respectively. Porewater in
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areas with no upwelling groundwater or with downwelling conditions was generally under
more reducing redox conditions and had low nitrate-N and often much higher SRP

concentrations than the stream.
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Figure 4.2 (a) Subsurface (0.1 m) streambed temperatures and (b) stream water - subsurface
temperature gradient for the 50 sampling locations the studied 35 m headwater reach of Kintore
Creek in Ontario, Canada. Direction of flow is left to right. The temperature surface was
generated by kriging interpolation using spatial streambed temperature mapping from

Robinson et al. (2022)

4.2.2 Sample Collection & Processing

Stream sampling was conducted from August 5 to September 3™, 2020. At each
sampling location, diatom taxonomy, biofilm biomass (chlorophyll-a [chl-a] and ash-free dry
mass [AFDM)]), and cellulose decomposition at the streambed surface and buried in the
streambed subsurface (0.1 m) were assessed. Environmental variables were also characterized
at each sampling location. We measured streambed water temperature continuously and

surface water chemistry and nutrients once during our study.
116



4.2.2.1 Environmental Characterization

We measured streambed water temperature and surface water chemistry at each
sampling location (n = 50). Streambed water temperature was measured at 15-minute intervals
using temperature loggers (HOBO Pendant, Onset, USA) for the duration of deployment
beginning on August 5% and 6™ 2020 for 26 or 27 days, respectively. At each location,
temperature loggers were anchored on the tile holders using cable binders so that loggers lay
flat on the streambed surface. Using the streambed temperature measurements, we calculated
mean daily streambed temperature (°C), hereafter streambed temperature, and mean daily
streambed temperature range (°C), hereafter streambed temperature range. Streambed
temperature was computed using the sum of the mean daily temperature divided by days in the
incubation period (sensu Benfield et al. 2017). Using daily maximum and minimum
temperature for each deployment day, we calculated daily streambed temperature ranges,

which were averaged for each location over the deployment period.

Water samples were taken at each sampling location on August 20, 2020. Samples
were collected at the streambed surface for analysis of the dominant bioavailable forms of
nitrogen and phosphorus (i.e., nitrate - nitrogen [NO3™-N]) and Soluble Reactive Phosphorous
[SRP], respectively). Both NO3s™-N and SRP samples were filtered using a 0.45-um cellulose
acetate filter. NO3™-N samples were then frozen until analysed using a liquid chromatography
(HPLC) (Thermo Scientific Dionex Aquion lon Chromatography System with Dionex AS-DV
autosampler, LDL 0.25 mg L' for NO3-N). SRP samples were placed in the fridge and
analyzed using Flow Injection Analysis automated ion analyzer (FIA) (Lachat QuikChem,
QC8500 FIA Automated Ion Analyzer, LDL 1 pg L' for SRP) within 24 hrs of collection
(AWWA, 2004). Using a handheld YSI probe (YSI, Professional Plus), we measured pH and

specific conductivity at the streambed for each location at the beginning of deployment.

We measured stream velocity (Hach FH950 Portable Velocity Meter, Hach Ultra
Analytics) on three different days (August 12", 19", and September 1%, 2020) at the streambed
for each of the 50 sampling locations. We then calculated the mean of the stream velocity

measurements at each sampling location.
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A single instantaneous measurement of photosynthetically active radiation (PAR) (LI-
1500, Photometric sensor LI-210R) at each sampling location at the surface of the water on a
sunny day with no cloud cover (August 13, 2020) within a 30-minute span at mid-day. We
also measured stream depth at each sampling location on August 5 or 6™ using a ruler to

determine depth from the center of the tile holder to the stream water surface.

Using a Trimble® Catalyst™ DA2 GNSS (Trimble Geospatial) with centimeter
accuracy, we measured the position of sampling locations and marked points every 1 m on the
left and right banks of the stream channel to the wetted width. We measured each position for
15 seconds, generating multiple (20 — 50) latitude and longitude points. In post processing, we
then averaged the measurements of latitude and longitude to generate a position for each
sampling location and the left and right banks stream channel. We generated the stream channel
shape by measuring the location of the wetted width of the stream on the left and right banks
of the channel (points) and tracing the stream channel (polyline). We then overlaid the point
and polyline spatial data with the aerial photo of the reach and interpolated the stream channel

shape.

4.2.2.2  Cellulose Decomposition

Cellulose decomposition was measured using the cotton-strip assay (CSA; Tiegs et al.
2013). Cotton strips were produced from Fredrix-brand unprimed 12-o0z. heavyweight cotton
fabric, Style #548 (Fredrix, Lawrenceville, GA, USA). Each cotton strip was 2.5 cm x 8 cm
with 3 mm of frayed ‘fuzz’ on the length of the fabric strip.

We randomly assigned six cotton strips to each sampling location. Three cotton strips
were laid flat on the streambed surface and attached to the tile holder using cable binders.
Cotton strips on the streambed surface were deployed on August 5™ or 6% 2020 for 13 days.
We buried the other three strips at 0.1 m depth in the streambed on August 4, 2020, and strips

were incubated for 28 or 30 days.

After retrieval, strips were sterilized in the field by submersing in a tray containing 70

% ethanol for 7 minutes, stopping microbial activity. After sterilization, strips were gently
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brushed to remove sediment and debris. Next, strips were laid flat and folded into aluminum
foil and placed in a cooler on ice until return to the lab. In the lab, strips were dried at 40 °C
for 24 h. Following drying and cooling to room temperature, tensile strength was measured as

an indicator of cellulose decomposition.

Tensile strength is the force required to break the strip, and was measured using a
tensiometer and motorized test stand (Force Gauge, Model M3-100), following Tiegs et al.
(2013). Equal lengths of the strip were placed in tensiometer grips (Mark-10 brand, Model
#MG100) and were pulled at a constant rate of 2 cm/minute until peak tension was reached.
Peak tension is defined here as when the strip rips. Percent loss of tensile strength was
calculated by comparing mean tensile strength of 50 reference strips to measured tensile
strength of incubated sample strips. Reference strips were deployed in a mock field experiment
in the lab, which involved strips being saturated in distilled water, and processed as incubated
strips. Reference strips were immersed in 70 % ethanol for 7 minutes, followed by gentle
brushing and placed in a drying oven for 24 h at 40 °C. Tensile strength of the reference strips
were then measured. For each sample strip, tensile loss was measured and then percent tensile

loss per day was calculated using Eq.3 (sensu Tiegs et al. 2013).

Tensile Strength®EF — Tensile StrengthSAMP
Tensile Strength™""

Incubation time

)XIOO

% tensile loss per day =

(Eq. 3)

4.2.2.3 Biofilm Sampling

We used standardized artificial substrates (unglazed ceramic tiles; 21.24 cm? each) to
ensure a consistent surface for stream biofilm accumulation (sensu Steinman et al. 2007). Three
tiles were placed in a tile holder, then the tile holder was secured to a brick anchor with cable
binders. Next, the brick was buried in the stream with the tile holder ‘lip’ approximately 2 cm
above the streambed, securing the brick anchor and tile holder. Tile holders were placed in
each sampling location (n = 50) on August 5™ and 6™ 2020 and incubated for 26 or 27 days.
Upon retrieval, tiles were sampled by scraping the entire tile surface with a toothbrush. The
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toothbrush was thoroughly rinsed using stream water between each sampling location.
Biofilms from one tile was used for each of diatom taxonomy, chlorophyll-a (chl-a), and ash-
free dry mass (AFDM). Diatom taxonomy samples were preserved using Lugol’s iodine (~1%
v/v), and both chl-a and AFDM samples were put on ice immediately after collection, and

subsequently stored frozen pending chl-a and AFDM analyses.

Diatom taxonomy samples were prepared using acid digestion in 5 mL of 100% (v/v)
nitric acid for 15 h, which removed organic matter and ensured visible diatom frustules. To
complete the acid digestion process, 1 mL of hydrogen peroxide 30 % (v/v) was added to each
sample, followed by immersion of tubes in a hot water bath at 60 °C for 1 h. After incubation
in the hot water bath, samples were then cooled to room temperature. Once samples reached
room temperature, samples were centrifuged at 5500 rpm for 10 minutes. Following each
centrifugation, pellets were retained, and the acid supernatant was discarded. Deionized water
was used repeatedly to rinse the pellets until the supernatant had a pH above 6. To mount
diatom frustules on microscope slides, Naphrax® (refractive index: 1.74; Brunel microscopes
Ltd., Wiltshire, UK) was used. An Olympus BX51 Upright Compound Microscope equipped
with differential interference contrast optical components at 1000x magnification was used to

enumerate diatom assemblages.

Chl-a samples were thawed and filtered through Whatman GF/C filters. 10 mL of 90
% ethanol was then poured into 50 mL centrifuge tubes. Filters were then fully submerged in
ethanol in the centrifuge tubes. A hot ethanol, non-acidification extraction method was
completed by placing centrifuge tubes in an 80 °C hot water bath for 7 minutes. A Turner
Designs Trilogy Fluorometer (Model: 7200e000) was used to measure chl-a concentration in
each sample. Extracted liquid was diluted if maximum detection limits (> 75 pg/mL) were
surpassed. To standardize chl-a in each sample, we calculated chl-a accumulation by dividing

chl-a concentration by number of days incubated in the stream.

Frozen AFDM samples were thawed and filtered onto pre-ashed Whatman GF/C filters.
After filtering, samples were dried at 105 °C for at least 12 h and weighed. Filters were then
ashed at 550 °C for 1 h in a muffle furnace and cooled to room temperature. Ashed filters were
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then weighed to determine mass loss on ignition. Our study reach has high levels of silt/clay
and were corrected for water loss due to the presence of clay and other minerals by re-wetting
and drying for a minimum of 12 h at 105 °C. After cooling to room temperature, samples were
re-weighed. Samples were then standardized to biofilm growth rate by dividing AFDM by

number of days incubated in the stream.

4.2.3 Data Analysis

Multiple linear regression was used to analyze the association between environmental
variables (Table 4.1) and tensile loss (i.e., streambed surface and subsurface cellulose
decomposition) and biofilm biomass (i.e., chl-a accumulation and biomass growth rate). Prior
to regression analysis, we checked statistical assumptions (normality and heteroscedasticity)
using standard graphical methods (Quinn & Keough, 2002) and outliers were tested for using
Tukey’s Interquartile Range (IQR, Dhana 2017). We found that measured environmental
variables, tensile loss, and biofilm biomass fit the assumptions of regression analysis.
However, two outliers were identified in the chl-a accumulation using Tukey's IQR method

and were further assessed during model development.

We generated linear models using the function glmmTMB from the glmmTMB package
(Brooks et al., 2017). For our regression analyses, we excluded some measured environmental
variables. We omitted SRP, streambed temperature, stream depth, pH, and specific
conductivity because of limited variation amongst sampling locations (Appendix C1.). We also
omitted stream water - subsurface temperature gradient because it was highly correlated with
subsurface temperature (Appendix C2.). Thus, we conducted our multiple linear regression
using the following environmental variables: NO3-N, streambed temperature range,
subsurface streambed temperature, PAR, and stream velocity. We hypothesized that indicators
of groundwater upwelling, such as greater concentrations of NO3™-N, smaller surface water
temperature ranges, and groundwater input would be associated with faster tensile loss and
greater biofilm biomass. We also predicted greater values of PAR would be associated with
greater biofilm biomass. Lastly, we expected that faster stream velocity would be associated

with faster tensile loss and lower biofilm biomass.
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For our analysis of chl-a accumulation and biofilm growth rate, we used all possible
combinations of the retained environmental measures (Table 4.1). For analysis of surface
tensile loss, we removed all models that included PAR as the CSA assesses heterotrophic
microbial activity. For buried tensile loss, only subsurface streambed temperature was used as
it was the only variable measured in the stream subsurface (Table 4.2). We did not include
interactions or higher-order terms in our models as we are limited by a relatively small sample

size and therefore the number of models we can generate.

We evaluated a priori models following an information-theoretical approach outlined
by Burnham & Anderson (2002), Anderson (2008), and Burnham et al. (2011). We used model
selection by the Akaike Information Criterion corrected for small sample sizes (AICc). AICc
is used to identify the best model of a series of candidate models developed a priori. In AIC,
the model with the smallest AIC. value is considered the best explanatory model relative to
other competing candidate models. However, models within 7 AIC. units of the best
explanatory model are considered plausible, with the predictor variables in those models likely
containing relevant information (Richards, 2005; Anderson, 2008). If multiple plausible
models were identified, we calculated model-averaged parameter estimates (i.c., slope),
unconditional standard errors, and 85% unconditional confidence intervals of each parameter
in the models to determine important parameters (Burnham & Anderson, 2002; Anderson,
2008; Arnold, 2010; Mazerolle, 2016). Parameter estimates with 85% unconditional
confidence intervals that overlapped zero are considered ‘pretending’ parameters and all
models that included these parameter(s) were removed (sensu Anderson, 2008). We then re-
ran and re-ranked models by their AIC. values and model weight using AICcmodavg package

in R (Mazerolle, 2016).

We conducted visual assessments of residuals from the best models to identify possible
spatial autocorrelation. If we found indications of spatial autocorrelation (i.e., clustering of
residuals), then we re-ran the regression analysis including spatial position as a predictor
variable. To generate the spatial position variable, we used the coordinates (latitude and

longitude) of sampling locations to compute distance downstream from all upstream points
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using Euclidean distance. We then applied the asymmetric eigenvector mapping (AEM)
framework where and used a Principal Components Analysis (PCA) to represent between site
distances. Scree plots were used to identify the important components and site scores of those
components were considered the metric of spatial position. (Blanchet et al., 2008). The PCA

was performed using the prcomp function in the stats package in R (R Core Team, 2020).

Table 4.1 A4 priori stream biofilm biomass, surface tensile loss, and buried tensile loss models
for locations in a reach in Kintore Creek, Ontario. Model parameters are NO3-N (NO3™-N),
stream velocity (Velocity), Photosynthetically Active Radiation (PAR), surface water

temperature range (°C range), and subsurface streambed temperature (Subsurface °C). The

ordinate intercept is indicated by .

Model Model Parameters Model Structure
No.
1 NOs-N BL(NO5-N) + B2(I)
2 Velocity B1(Velocity) + B2(I)
3 PAR B1(PAR) + B2(I)
4 °C range B1(°C range) + p2(I)

5 Subsurface °C

6 NOs™-N + Velocity

7 NO;-N + PAR

8 NOs5-N + °C range

9 NO;3™-N + Subsurface °C
10 Velocity + PAR

11 Velocity + °C range

12 Velocity + Subsurface °C
13 PAR + °C range

14 PAR + Subsurface °C

B1(Subsurface °C) + B2(1)

BI(NO5-N) + B2(Velocity) + B3(I)
BI(NO5-N) + B2(PAR) + B3(I)
BI(NOs-N) + B2(°C range) + B3(1)
B1(NOs-N) + B2(Subsurface °C) + B3(I)
B1(Velocity) + B2(PAR) + B3(I)
B1(Velocity) + B2(°C range) + B3(I)
B1(Velocity) + B2(Subsurface °C) + B3(I)
B1(PAR) + B2(°C range) + B3(I)

B1(PAR) + B2(Subsurface °C) + B3(I)
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15

16

17

18

19

20

21

22

23

24

25

26

27

28

29

30

Null

Global

°C range + Subsurface °C

NOs™-N + Velocity + PAR

NO;s™-N + Velocity + °C range
NOs™-N + Velocity + Subsurface °C
NOs-N + PAR + °C range

NOs™-N + PAR + Subsurface °C
NO;-N + °C range + Subsurface °C
Velocity + PAR + °C range
Velocity + PAR + Subsurface °C
Velocity + °C range + Subsurface °C
PAR + °C range + Subsurface °C

Velocity + PAR + °C range +

Subsurface °C
NOs™-N + Velocity + PAR + °C range

NOs™-N + Velocity + PAR + Subsurface
°C

NOs5™-N + Velocity + °C range +
Subsurface °C

NO3™-N + PAR + °C range + Subsurface
°C

Intercept only

NOs5™-N + Velocity + PAR + °C range +

Subsurface °C

B1(°C range) + B2(Subsurface °C) + B3(I)

BI(NO5-N) + B2(Velocity) + B3(PAR) + B4(I)
BI(NO5-N) + B2(Velocity) + B3(°C range) + P4(I)
BI(NO5-N) + B2(Velocity) + B3(Subsurface °C) + p4(I)
BI(NO5-N) + B2(PAR) + B3(°C range) + P4(I)
BI(NOy-N) + B2(PAR) + B3(Subsurface °C) + B4(1)
BL(NOy-N) + B2(°C range) + p3(Subsurface °C) + B4(I)
B1(Velocity) + B2(PAR) + B3(°C range) + B4(1)
B1(Velocity) + B2(PAR) + B3(Subsurface °C) + B4(I)
B1(Velocity) + B2(°C range) + B3(Subsurface °C) + B4(I)
BI(PAR) + B2(°C range) + B3(Subsurface °C) + P4(I)

B1(Velocity) + B2(PAR) + B3(°C range) + f4(Subsurface °C) + B5(I)

BL(NO5-N) + B2(Velocity) + B3(PAR) + B4(°C range) + B5(I)

B1(NOs-N) + B2(Velocity) + B3(PAR) + B4(Subsurface °C) + B5(I)

BI(NOs-N) + B2(Velocity) + B3(°C range) + B4(Subsurface °C) +
()
BI(NOs-N) + B2(Velocity) + B3(°C range) + B4(Subsurface °C) +
B5(I)
pL(1)

B1(NOs-N) + B2(Velocity) + B3(PAR) + B4(°C range) +
B5(Subsurface °C) + po6(1)
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Table 4.2 A priori buried tensile loss for sampling locations in a reach in Kintore Creek,
Ontario. Model parameters are subsurface streambed temperature (Subsurface °C). The

ordinate intercept is indicated by 1.

Model Model Parameters Model Structure
No.

1 Subsurface °C B1(Subsurface °C) + f2(I)
Null Intercept only B1(1)

Dissimilarity in diatom assemblage composition among sampling locations was
assessed using non-metric multidimensional scaling (nMDS) on relative abundance data.
Relative abundance data included taxa with a relative abundance of > 2 % in at least one sample
and was Hellinger transformed prior to analysis (Legendre & Gallagher, 2001). A two-
dimensional nMDS was performed using Bray-Curtis distance with a maximum of 1000
iterations or until two convergent solutions were found. Analyses were completed in R (version

4.0.5, R Core Team, 2020) using the vegan package (Oksanen et al., 2020).

We used BIOENV (matching of biotic and environmental patterns; Clarke & Warwick
1994) to evaluate associations between selected environmental variables (i.e., NO3™-N, surface
water temperature range, subsurface streambed temperature, PAR, and stream velocity), and
diatom assemblage composition. A BIOENV computes the extent of the association between
two dissimilarity matrices, outputting pairs of samples where similar environmental variables
are correlated with similar diatom assemblage composition (Clarke & Warwick 1994). We
used the Bray-Curtis distance was calculated for the nMDS, construct biotic matrices.
Environmental matrices were generated using Euclidean distance normalized environmental
variables and the spatial position variable (Clarke & Warwick 1994). For our analysis, we used
a Spearman rank correlation to evaluate the association between biotic and environmental

matrices. Analyses were conducted using bioenv function and the mantel function with 999
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permutations using environmental distances extracted from bioenv results was used to test for

significance (vegan package, Oksanen et al., 2020).
4.3 Results

4.3.1 Environmental conditions

Median SRP was 42.2 ug P L! and varied between 40 ug P L' and 44.5 ug P L across
the reach, (Fig. 4.3a). Median NOs™-N was 8.1 mg N L', with about half of sampling locations
were within = 1 mg N L (i.e., 7.0 — 9.0 N L") with minimum NOs™-N concentration was 2.1
mg N L (Fig. 4.3b). We did not observe a spatial pattern for either SRP or NOs-N (Fig. 3a,
3b)

Streambed temperatures and streambed temperature ranges had ranges of 1.2 °C and
5.1 °C, respectively (Fig. 4.3c, d). The lowest mean streambed temperature (17.2 °C) was in
the upper section of the reach and warmer temperatures (18.5 to 19.0 °C) were throughout the
mid- and downstream sections of the reach (Fig. 4.3¢). Throughout the reach streambed
temperature ranges were typically between 2.5 and 3.5 °C with greater ranges generally found

in the downstream portion of the reach (Fig. 4.3d).
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Figure 4.3 Sampling locations (n = 50) of (a) SRP, (b) NO3™-N, (c¢) streambed temperature,
and (d) streambed temperature range of the studied reach in Kintore Creek, Ontario, Canada.
Circles indicate sampling locations, and shading corresponds to measured value. Direction of
stream flow is left to right. Sampling locations are overlaid on the subsurface (0.1 m) streambed
temperature. The subsurface (0.1 m) streambed temperature surface was generated by kriging

interpolation using spatial streambed temperature mapping from Robinson et al. (2022)
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Stream velocity showed sequences of faster and slower velocity across the reach, where
areas of faster velocity corresponded to riffles and areas of slower velocity corresponded to
runs (Fig. 4.4a). Median stream velocity was 0.078 m/s and ranged from 0.002 m/s to 0.205
m/s. Stream depth ranged from 5.0 to 17.5 cm (median = 11.7 cm) and was generally shallower
in the upper section of the reach (i.e., 5.0 — 10.0 cm), and deeper in the lower section (i.e., 10.0
— 15.0 cm) (Fig. 4.4b). We observed little variability in pH (median = 8.1; range = 0.37) and
specific conductivity (median = 615 uS/cm; range = 36 uS/cm) across the sampling locations
(Fig. 4.4c, d). Median PAR was 1691 pmol/s/m? with a range of 314 pmol/s/m? with no clear
spatial pattern (Fig. 4.4e).

128



a) Stream Velocity

21.0

19.0

17.0

15.0

13.0

e) PAR

1600 1650 1700 1750 1800

Figure 4.4 Sampling locations (n = 50) of the studied reach in Kintore Creek, Ontario (a) stream

velocity, (b) stream depth, (c¢) pH, (d) specific conductivity, and (e) photosynthetically active
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radiation (PAR) overlaying subsurface (0.1 m) temperature. Circles indicate sampling
locations, and shading corresponds to measured value. Direction of stream flow is left to right.
Sampling locations are overlaid on the subsurface (0.1 m) streambed temperature. The
subsurface (0.1 m) streambed temperature surface was generated by kriging interpolation using

spatial streambed temperature mapping from Robinson et al. (2022)

4.3.2 Tensile loss and algal biomass

Mean % tensile loss per day at the streambed surface was approximately 2-times faster
than in the subsurface (Fig. 4.5a, b). Tensile loss on the streambed had a median % tensile loss
day! of 5.2, with a range of 2.8 % tensile loss day™' (Fig. 4.5a). Subsurface tensile loss was
slower in the upper section of the reach where subsurface streambed temperature was lower.
In the upper section, subsurface tensile loss was typically below 2 % tensile loss day™!, with a
slowest rate of 0.9 % tensile loss day™! (Fig. 4.5b). Subsurface tensile loss in the downstream
section was generally greater than 2.5 % tensile loss day!, with a maximum rate of 6.1 %

tensile loss day™!.

a) Streambed Tensile Loss 21.0

19.0
| I 7 i 05 day”)
4.0 45 5.0 55 6.0
17.0
15.0

T (©» tensile loss day™") 13.0

1.5 2.0 25 3.0 35

Figure 4.5 Sampling locations (n = 50) of (a) streambed surface tensile loss, (b) buried tensile

loss overlaying subsurface (0.1 m) streambed temperature of the studied reach in Kintore
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Creek, Ontario, Canada. Circles indicate sampling locations, and shading corresponds to
measured value. Direction of stream flow is left to right. Sampling locations are overlaid on
the subsurface (0.1 m) streambed temperature. The subsurface (0.1 m) streambed temperature
surface was generated by kriging interpolation using spatial streambed temperature mapping

from Robinson et al. (2022)

Streambed surface tensile loss was best predicted by a model consisting of stream
velocity (Model 2; Table 4.3). Although more complex models (Models 12, 11, 6, 18, 24, 17,
Global) had support (i.e., within 7 AIC. units), model-averaging results showed that standard
errors for the additional parameter estimates had 85% confidence intervals that overlapped
zero and were thus discarded. Stream velocity was positively associated with streambed
surface tensile loss (model-averaged parameter estimates + SE: 8.79 + 0.02) that explained

38% of variation (R%q = 0.38).

Table 4.3 Comparison of a priori models predicting streambed surface tensile loss for 50
sampling locations in a reach of Kintore Creek, Ontario, using corrected Akaike Information
Criteria corrected for small sample sizes (AIC:). Only models within 7 AIC. units of the best
model are shown. Supporting variables for model selection included change in AIC. (A AIC,),

log-likelihood (Log[L]), and model weight ().

Model number  AIC. A AIC. Log(L) i

2 88.3 0.0 -40.91 0.37
12 89.8 1.4 -40.45 0.18
11 90.3 2.0 -40.70 0.14
6 90.5 22 -40.82 0.12
18 91.8 3.5 -40.24 0.06
24 92.0 3.7 -40.32 0.06

17 92.6 4.2 -40.59 0.04
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Global Model 94.2 5.8 -40.10 0.02

Null Model 111.3 23.0 -53.52  <0.01

We found that the regression of buried tensile loss and subsurface temperature had
support and the null model has little support (Table 4.4). Visual assessment of the residuals of
the top model for buried tensile loss indicated that there was spatial autocorrelation in sampling
location and buried tensile loss. Therefore, we re-ran models with the spatial position (i.e., site
scores) included in the analysis. In our spatially corrected modeling (Table 4.4), we found that
Model 1, which only contained spatial position (site scores), was the best model. However, the
corrected global model (site scores + Subsurface °C) was less than 2 AIC. units from Model
1, and therefore could not be excluded (Table 4.4). Model-averaging results indicated that
subsurface streambed temperature and spatial position (site scores) were both informative
parameters. Spatial position (site scores) was negatively associated with buried tensile loss
(spatial position model-averaged parameter estimates = SE: -0.01 + 0.002) and subsurface
streambed temperature was positively associated with buried tensile loss (subsurface
streambed temperature model-averaged parameter estimates = SE: 0.09 + 0.06) which

explained 59 % of variation (R%j= 0.59).

Table 4.4 Comparison of tested models for predicting buried tensile loss for 50 sampling
locations in a reach of Kintore Creek, Ontario, using corrected Akaike Information Criteria
corrected for small sample sizes (AIC.) showing models within 7 AIC. units of the best model.
Supporting variables for model selection included change in AIC. (A AIC.), log-likelihood
(Log[L]), and model weight ().

Model number AIC. A AIC. Log(L) i

1 73.7 0.0 -33.61 0.53
Global Model 74.0 0.2 -32.54 0.47
Null Model 115.7 42.0 -55.72  <0.01
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Chl-a accumulation (pg cm™ day!) and biofilm growth rate (ug cm? day!) both
showed no clear pattern across the studied reach (Fig. 4.6a, b). Further, we generally observed
chl-a accumulation to positively correspond to biofilm growth rates. Median chl-a
accumulation was 0.05 pg cm™ day™! with minimum and maximum accumulation of 0.001 and
0.27 ug cm™ day™!, respectively (Fig. 4.6a). We found that two locations were outliers, one in
the upstream (0.27 pg cm2 day™!) and one further downstream (0.25 pg cm™ day™!), which was
over 40 % greater than the next highest location. Biofilm growth rate ranged from 0.0002 to
0.0315 pg cm? day™! with a median rate of 0.0063 pg cm day™! (Fig. 4.6b).

a) Chl-a Accumulation 21.0

19.0
I T (g cr? day-)
0.05 0.10 0.15 0.20 0.25
17.0
b) Biofilm Growth Rate
15.0

[ T (g cr day) 13.0

0.006 0.012 0.018 0.026 0.032

Figure 4.6 Sampling locations (n = 50) of (a) chl-a accumulation (ug cm™ day™'), and (b)
biofilm growth rate (ug cm day™') overlaying subsurface (0.1 m) streambed temperature (°C)
of the studied reach in Kintore Creek, Ontario, Canada. Circles indicate sampling locations,
and shading corresponds to measured value. Direction of stream flow is left to right. Sampling
locations are overlaid on the subsurface (0.1 m) streambed temperature. The subsurface (0.1
m) streambed temperature surface was generated by kriging interpolation using spatial

streambed temperature mapping from Robinson et al. (2022)
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We used all measured locations for chl-a accumulation in our initial modelling.
However, we found that the two locations with high levels of chl-a accumulation (0.27 and
0.25 pg cm? day™"), that were identified as outliers based on Tukey's IQR method, appeared to
be having a strong influence on modelling results. We found that chl-a accumulation was best
predicted by a model that included stream velocity, streambed temperature range, and
subsurface streambed temperature. We found that streambed temperature range and subsurface
streambed temperature were positively and negatively associated with chl-a accumulation,
respectively. We predicted that streambed temperature range would be negatively associated
with chl-a accumulation, thus our model is contrary to our prediction. Further investigation
revealed that the locations of high chl-a accumulation two locations with the largest streambed
temperature range. Further, these locations were outlying points with respect to subsurface
temperature, our proxy of groundwater input (Appendix C3.). Therefore, we excluded these

two locations from our modelling.

Chl-a accumulation was best predicted by a priori Model 2 (Table 5), which included
one environmental variable, NO3™-N. The model with the second highest support (Model 6)
also had one environmental variable, stream velocity. More complex models (Model 24) and
models with single environmental variables (Model 10, 12, 13) models had support (i.e., within
7 AIC. units; Table 5). Using model averaging, we found that NO3;™-N, PAR, streambed
temperature range, and subsurface streambed temperature had 85% confidence intervals that
overlapped zero and were thus discarded. Based on our analysis of best and competing models,
we found the most support for Model 6, which explains 53% of variation and included stream
velocity as an environmental driver. Stream velocity was positively associated with chl-a
accumulation (model-averaged parameter estimates £ SE: 0.79 £ 0.11 and 0.64 = 0.94,

respectively).

Table 4.5 Comparison of tested models for predicting chl-a accumulation for 48 sampling
locations in a reach of Kintore Creek, Ontario, using corrected Akaike Information Criteria

corrected for small sample sizes (AIC.) showing models within 7 AIC. units of the best model.
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Supporting variables for model selection included change in AIC: (A AIC.), log-likelihood
(Log[L]), model weight (wj), and the adjusted R? (R?,).

Model Number AIC. A AIC. Log(L) Wi

2 -176.6 0.0 91.59 0.25
6 -175.1 1.5 92.02 0.12
10 -174.9 1.8 91.89 0.10
12 -174.8 1.8 91.88 0.10
11 -174.6 2.0 91.78 0.09
18 -173.8 2.8 92.63 0.06
16 -173.2 3.4 92.32 0.05
24 -173.0 3.7 92.20 0.04
22 -172.9 3.7 92.18 0.04
17 -172.9 3.7 92.15 0.04
23 -172.7 3.9 92.07 0.04
28 -171.7 4.9 92.87 0.02
27 -171.5 5.2 92.76 0.02
26 -171.0 5.6 92.52 0.01
30 -170.8 5.8 91.59 0.01
Null -134.7 41.9 74.39 <0.01
Global -135.0 41.7 73.20 <0.01

Our evaluation of a priori models for biofilm growth rate indicated that Model 2 (Table
4.6), consisting of stream velocity, was the best model. We also found support for models (10,
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6,16, 12,23 18 and 27 where A AIC. differed by <2 AIC.units per additional parameter (Table
4.6). However, NOs-N, PAR, surface water temperature range, and subsurface streambed
temperature all had 85 % confidence intervals overlapping zero. Thus, all candidate models
containing these parameters were discarded, and Model 2 containing stream velocity was
retained. Stream velocity was positively associated with biofilm growth rate (model-averaged
parameter estimates = SE: 0.09 + 0.02) and explained 39% (RZ.qj = 0.39) of the variation in

biofilm growth rate.

Table 4.6 Comparison of tested models for predicting biofilm growth rate for 50 sampling
locations in a reach of Kintore Creek, Ontario, using corrected Akaike Information Criteria
corrected for small sample sizes (AIC.) showing models within 7 AIC. units of the best model.
Supporting variables for model selection included change in AIC. (A AIC.), log-likelihood
(Log[L]), model weight (wj), and the adjusted R? (R?.gj).

Model Number AIC. A AIC. Log(L) Wi

2 -378.3 0.0 192.39 0.21
10 -377.6 0.7 193.23 0.15
6 -377.0 1.3 192.95 0.11
11 -376.3 1.9 192.62 0.08
16 -376.2 2.1 193.78 0.08
12 -375.9 2.3 192.40 0.07
22 -375.8 2.5 193.58 0.06
23 -375.1 3.1 193.25 0.04
17 -374.9 33 193.14 0.04
18 -374.7 3.6 193.02 0.04
27 -374.2 4.0 194.09 0.03
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24 -373.9 4.3 192.66 0.02

28 -373.6 4.6 193.78 0.02
26 -373.2 5.0 193.58 0.02
29 -372.6 5.7 193.26 0.01
Global -371.5 6.7 194.11 0.01
Null -354.5 23.8 179.4 <0.01

4.3.3 Diatom assemblage patterns and drivers

Fifty-one diatom taxa (most identified to the species level) were enumerated across all
sampling locations. Taxa richness varied among locations, with minimum and maximum
taxonomic richness of 6 and 25, respectively. Four taxa contributed 86 % of total relative
abundance: Achnanthidium eutrophilum (Lange-Bertalot) Lange-Bertalot (10 %), Amphora
pediculus (Kiitzing) Grunow (36 %), and Cocconeis placentula Ehrenberg (30 %), and
Planothidium frequentissimum (Lange-Bertalot) Lange-Bertalot (10 %).

Ordination of the diatom assemblages showed no clear trend based on location within
the reach (Fig. 4.7a). BIOENV analysis showed that stream velocity was positively correlated
with dissimilarity among diatom assemblages (» = 0.336, p = 0.001; Fig. 4.7a). We found that
Nitzschia dissipata (Kiitzing) Rabenhorst (NDIS), Nitzschia amphibia (Grunlow) (NAMP),
Rhoicosphenia abbreviata (Agardh) Lange-Bertalot (RABB), Gomphonema parvulum
(Kiitzing) (GPAR) were associated with faster velocity, and A. pediculus (APED), Navicula
lanceolata (Agardh) Ehrenberg (NLAN), and Sellaphora pupula (Kiitzing) Mereschkowksy
(SPUP) were associated with slower velocity (Fig. 4.7b).
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Figure 4.7 nMDS ordination plot using Bray-Curtis dissimilarity index for the relative
abundance of diatom assemblages for each sampling location in a reach of Kintore Creek,
Ontario, Canada (stress = 0.14) with stream velocity vector overlaid (» = 0.336, p = 0.001). (a)
Shows site scores, which are represented by circles. Shading of circles darkens with increasing

distance to downstream. (b) Species scores are shown with selected diatom taxa labelled
4.4 Discussion

4.4.1 Lack of groundwater modified environmental conditions

We predicted that groundwater input would generate patch scale variation in surface
water temperature and nutrient availability at the streambed in the headwater reach of Kintore
Creek. Indeed, the groundwater template in the studied reach showed differences in subsurface
temperature and stream water - subsurface temperature gradient (Robinson et al., 2022).
However, we did not find variability in environmental drivers modified by groundwater inputs.
Our findings are in contrast to past work has shown that underlying patterns in subsurface
temperature is a robust predictor of shallow groundwater flux into the streambed (Conant,
2004; Kalbus et al., 2006; Fleckenstein et al., 2010; Boano et al., 2014; Rau et al., 2014; Irvine
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& Lautz, 2015). This discrepancy may be due to low amounts of groundwater input entering
the surface water at the patch scale in our study. In the studied reach, Robinson et al., (2022)
found that vertical hydraulic head differences, a direct measurement of direction, but not
magnitude, of groundwater flux (Conant et al., 2019), suggest patterns in groundwater flux
consistent with patterns shown by subsurface temperature. Our findings suggest that there was
likely variation in groundwater flux throughout the reach, however, groundwater inputs may
have been rapidly diluted by greater volumes of surface water, thus any environmental
variation generated by groundwater may have been overwhelmed. For example, in areas of
groundwater upwelling in the studied reach, porewater SRP was typically approximately 14
pg P L (mean = 14 + 6 ug P L), which is about a third of surface water SRP (~ 42 ug P L),
though we observed little variation in surface water P concentrations (i.e., < 5 pg P L),
Alternatively, there may not have been a substantial variability between water temperature and
nutrient availability between surface water and groundwater, thus no variation in
environmental conditions was generated. Indeed, we found that, across all sampling locations,
streambed temperatures varied by approximately 1.2 °C, suggesting limited thermal effects of
groundwater inputs. Similarly, during our study we found that areas of groundwater flux had
concentrations of porewater NO3-N was similar to NO3™-N in the surface water (~8.0 mg N L
). Our findings suggest that the amount of and/or chemical and physical properties (i.e.,
nutrients, temperature) of groundwater entering the stream was likely insufficient to generate

patch scale environmental variation of any magnitude.

4.4.2 Groundwater effects on stream biofilms at the streambed

In our study, the lack of environmental variation likely explains the lack of biological
association with patterns in groundwater input. Our findings are in contrast to past work that
have shown that groundwater inputs can alter surface water conditions, and subsequently
generate heterogeneity in biofilm communities. For example, greater algal biomass has been
consistently associated with point measurements of groundwater inputs (Wyatt et al., 2008;
Mejia et al., 2016). Likewise, the composition of diatom assemblages have been shown to be

altered by differences in groundwater inputs at the reach scale, where habitat type may be a
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modifying factor (Roy et al., 2011; Burrows et al., 2020; Banks et al., 2023b). Differences in
cellulose decomposition at the streambed have been associated with groundwater inputs,
however the directionality of the association varies. Cooler groundwater inputs have been
shown to slow decomposition (Webb et al., 2019; Poisson & Yates, 2022). However, additional
resource subsidies from groundwater inputs throughout a reach may stimulate heterotrophic
microbial activity (Griffiths & Tiegs, 2016; Banks et al., 2023b). In our study, the lack of
response of biofilm communities at the streambed to groundwater inputs was likely driven by

no observed variation in environmental variables modified by groundwater.

We found that the ecological heterogeneity we observed at the streambed in the studied
reach in Kintore Creek was primarily associated with variation in stream velocity. Stream
velocity has been regularly associated with patterns in stream biofilm communities and organic
matter processing at the patch scale (Poff, 1997; Stevenson, 1997; Graga et al., 2015). For
example, consistent with past work, we found that faster velocity was associated with faster
streambed cellulose decomposition, likely attributed to increased physical abrasion (Tiegs et
al., 2009; Webb et al., 2019; Banks et al., 2023b). We also found that faster biofilm growth
rate and greater chl-a accumulation were both associated with faster stream velocity. In our
study, the fastest velocity was 0.2 m/s, which is within the range where there is enhanced
delivery of resources (e.g., surface water nutrients) to the biofilm with limited sloughing due
to shear stress (Biggs et al., 1998; Battin et al., 2003; Arnon et al., 2010). Similarly, we found
that diatom community composition differed based on stream velocity, a finding consistent
with past studies (Biggs et al., 1998; Passy, 2001, 2007; Jamoneau et al., 2018). In line with
past work, we found that most taxa co-occurring with faster velocities tended to be motile or
low profile, likely due to the greater shear stress associated with faster stream velocity (Pringle,
1990; Passy, 2007). Conversely, we found that taxa at slower velocities tended to be motile or
high profile, which may be due to the mobility of the taxa moving to more suitable habitats,
high profile taxa accessing resources (light, nutrients) above the biofilm matrix, or exclusion
from locations with faster velocity (Dodds, 1992; Larned et al., 2004; Passy, 2007). The lack

of variation in environmental factors modified by groundwater and the variation in stream
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velocity likely resulted in our findings that biofilm communities at the streambed were driven

by stream velocity.

4.4.3 Groundwater effects on subsurface cellulose decomposition

We found that groundwater upwelling was associated with slower subsurface cellulose
breakdown. Our findings are consistent with past work showing slower organic matter
processing in the streambed substratum has been attributed to lower temperature, which slows
heterotrophic activity (Strommer & Smock, 1989; Malard & Hervant, 1999; Crenshaw et al.,
2002; Cornut et al., 2010). In our study, we used cooler subsurface temperatures as an indicator
of groundwater upwelling. In the studied reach, we found slower subsurface decomposition in
areas of cooler subsurface temperatures, suggesting that during warmer seasons carbon
processing in the substratum may be slowed. As our study was conducted in summer when
groundwater is typically cooler than surface water, future work should assess if patterns in
subsurface breakdown reverse in cooler seasons, as surface water is typically cooler than
groundwater in cold temperate seasons (Kalbus et al., 2006). Furthering our understanding of
controls on organic matter processing in the streambed substrate will provide greater insights

into environmental drivers of carbon cycling in shallow streambeds.

4.5 Summary

We found that ecological response at the streambed did not consistently match the
groundwater template in the studied reach in Kintore Creek and we did not observe an
association with biofilm communities and groundwater input, with the exception of chl-a
accumulation. Rather, we found that environmental variation generated by stream velocity
across the sampling locations emerged as the main factor in determining biofilm communities
and cellulose decomposition at the streambed. We did find greater benthic chl-a biomass was
associated cooler subsurface temperatures, our indicator of groundwater upwelling. Our
findings may be due to rapid dilution of groundwater effects by surface water conditions, or
because of limited differences in nutrient concentration between the groundwater and surface

water. In the subsurface, slower cellulose decomposition was associated with cooler subsurface
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temperatures, suggesting that carbon cycling may be slowed in the cooler subsurface patches.
areas where there are patches of cooler subsurface. Future work assessing the effect of
groundwater inputs on stream biofilm communities and cellulose decomposition at the patch
scale should include a more extensive gradient of groundwater flux and environmental

measurements at the stream water — biofilm interface.
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5 General Conclusion
5.1 Thesis Overview
5.1.1 Summary

This thesis used a multi-scaled approach to assess the role of groundwater input as a
driver of spatial and temporal heterogeneity in stream biofilm communities (i.e., biomass and
diatom composition) and organic matter processing (i.e., cellulose decomposition). At the
largest scale in this study, I assessed if variability in the magnitude of groundwater input
influenced patterns of biofilm communities and cellulose decomposition among reaches over
four temperate seasons (Chapter 2). At the within reach scale, I compared biofilms in riffle and
run habitats among reaches with high, moderate, and low groundwater inputs to determine if
the effects of groundwater input on stream biofilm communities and cellulose decomposition
were habitat dependent. Additionally, I assessed if environmental drivers modified by
groundwater input were associated with patterns in biofilm communities and cellulose
decomposition at the habitat scale (Chapter 3). At the smallest scale in this thesis, the patch
scale, I assessed the response of stream biofilm communities and cellulose decomposition at
patches exhibiting a gradient of groundwater upwelling. I further tested whether there was an
association between environmental conditions to biofilm communities and cellulose

decomposition (Chapter 4).
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5.1.2 Chapter 2: Intra-annual patterns in biofilm communities and cellulose
decomposition in a headwater stream network with spatially variable

groundwater inputs.

The role of groundwater in modifying surface water environmental conditions and the
associations to heterogeneity in stream biofilm communities and organic matter processing at
large spatiotemporal scales in nutrient-rich streams is not well-understood. Few studies have
examined groundwater influence among reaches in a nutrient-rich stream network through all
temperate seasons in streams (but see Griffiths and Tiegs 2016; Tang et al. 2019). Further, in
temperate regions, groundwater is often the primary contributor to streamflow to baseflow in
the winter and summer months, therefore groundwater influence is likely to vary over an
annual cycle (Boulton & Hancock, 2006; Bertrand et al., 2012). Additionally, past work in low
nutrient and/or alluvial streams have regularly identified the influence of groundwater on
primary productivity and organic matter processing (e.g., Pepin & Hauer, 2002; Wyatt et al.,
2008; Griffiths & Tiegs, 2016; Mejia et al., 2016). My work addresses this key knowledge gap
by assessing the role of groundwater in influencing spatial and temporal patterns of biofilm

communities and organic matter processing in a nutrient-rich headwater stream network.

To assess how variation in the magnitude of groundwater input among reaches in a
nutrient-rich stream network in may influence patterns in stream biofilm communities and
cellulose decomposition, I measured biofilm communities (i.e., biomass and diatom
assemblage composition) and organic matter processing (i.e., cellulose decomposition) in
reaches over four temperate seasons. The results showed a lack of association between

groundwater input and biofilm communities and organic matter processing in each of the
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temperate seasons assessed (autumn, winter, spring, summer). These results suggest that at the
reach scale, any nutrient or temperature effect of groundwater input may have been masked by
surface water conditions. The findings of this study suggest that regardless of magnitude of
groundwater inputs, cumulative upstream mixing of groundwater and surface water likely
masked any reach scale environmental heterogeneity associated with groundwater input.
Seasonality was found to be the primary factor driving diatom assemblage composition and
rates of organic matter processing. Dominant taxa in the diatom assemblage composition
shifted with season, following ecological preferences of the taxa. Organic matter processing
was slower in winter compared to warmer seasons, however, I found spring had the fastest
breakdown rates. These findings highlight the value of multiple season assessments of stream
biofilm communities and cellulose decomposition to identify recurring seasonal shifts in

ecosystem conditions of temperate streams.

5.1.3 Chapter 3: Effects of groundwater inputs on algal assemblages and cellulose

decomposition differ based on habitat type in an agricultural stream.

The modifying role that habitat type (i.e., runs, riffles) may have in altering
groundwater input, and subsequent effects on stream biofilm communities and organic matter
processing can provide insights into stream ecosystem functioning. Currently, there is a lack
of work that explicitly assesses the modifying role of habitat type on groundwater input to
nutrient-rich streams, and how this may alter stream environmental conditions, biota, and

ecological processes (but see Burrows et al., 2020).
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My research addresses this gap by comparing biofilm communities (i.e., biomass and
diatom assemblage composition) and organic matter processing (i.e., cellulose decomposition)
in riffle and run habitats in reaches with high, moderate, and low groundwater inputs, and
identifying if effects of groundwater input were dependent on habitat type. I further assessed
the association of environmental variables modified by groundwater inputs to habitat scale
patterns in biofilm communities and cellulose decomposition. The results of the study showed
that in reaches with moderate and high groundwater inputs algal biomass, and different density
and composition of diatom assemblages in runs and riffles, however there was no difference
between habitats in the low groundwater reach. Likewise, faster streambed cellulose
decomposition in riffles than in runs was observed in reaches with moderate and high
groundwater input, with no difference in streambed cellulose decomposition in the reach with
low groundwater input. Subsurface cellulose decomposition in both habitat types was
significantly faster in the high groundwater reach. This result is in contrast to past work,
suggesting that cooler groundwater and lower dissolved oxygen concentrations would slow
subsurface decomposition (Stérba et al., 1992; Boulton & Foster, 1998; Franken et al., 2001).
This may be due to groundwater resources (e.g., DOC, nutrients) stimulating heterotrophic
activity in the streambed, however, this result suggests that future studies should investigate
the role of varying amounts of groundwater have in controlling subsurface organic matter
breakdown. These findings suggest that groundwater input may have been rapidly dissipated
or overwhelmed by surface water conditions. Thus, future efforts should focus on
characterizing upwelling groundwater (e.g., nutrient concentrations, temperature) to

mechanistically link habitat type as a modifier of groundwater — surface water exchange
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patterns to patterns observed in stream biofilm communities. Overall, the results of this study
highlight the co-varying effects of groundwater input and habitat type have in influencing in-

stream ecological response in nutrient-rich streams.

5.1.4 Chapter 4: Effects of groundwater input on patch scale patterns in stream biofilm

communities and cellulose decomposition.

Within a reach, environmental conditions can vary among habitat types, and at smaller
spatial scales within habitats, referred to here as patches (Pringle et al., 1988; Townsend, 1989).
Among patches, variation in surface water environmental conditions such as stream velocity,
water temperature, and nutrient availability can create a mosaic of patch habitat quality (Thorp
et al., 2006, 2008). Environmental heterogeneity at the patch scale has been found to influence
biofilm communities and organic matter processing (Stevenson, 1997; Royer & Minshall,
2003; Graga et al., 2015). Groundwater inputs can also contribute to heterogeneity in
environmental conditions where there are different physical and chemical properties between
groundwater and surface waters, where changes to surface water environmental conditions due
to groundwater input has also been associated with changes in biological response (Brunke &
Gonser, 1997; Boano et al., 2014). However, there is currently no work that has investigated

the patch scale association of groundwater input to biological response at the patch scale.

The findings of this work indicate that groundwater inputs among patches within the
studied reach did not generate environmental heterogeneity, despite the groundwater template
suggesting variation in groundwater inputs based on variation in subsurface temperature and

stream water — subsurface temperature gradient (Robinson et al., 2022). Rather than
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environmental drivers modified by groundwater input, this study found that environmental
variation among patches was driven by differences in stream velocity, further indicating the
lack of environmental heterogeneity driven by groundwater input. Indeed, biofilm biomass,
diatom composition, and streambed cellulose decomposition followed expected associations
with varying stream velocity at the patch scale (Poff, 1997; Stevenson, 1997; Graga et al.,

2015).

Subsurface cellulose decomposition was slower in patches with groundwater
upwelling, indicating that where there are groundwater flows in the shallow subsurface during
warmer seasons, carbon processing may be decreased. This work represents an initial
investigation into patch scale association of groundwater inputs to biological response. The
results of this study suggest that additional work, such as using a wider ranging gradient of
groundwater — surface water exchange and measuring environmental conditions at the stream
water — biofilm interface, will allow for further insights into the patch scale dynamics of

environmental variation and associated heterogeneity in biological response.

5.2 Research Implications and Future Work

This thesis presents a comprehensive, multi-scale approach to assessing the role of
groundwater inputs in generating heterogeneity in biofilm communities in nutrient-rich
streams. By integrating concepts of spatial and temporal scale from stream ecosystems
(Vannote et al., 1980; Frissell et al., 1986; Poff, 1997), stream biofilm communities
(Stevenson, 1997; Royer & Minshall, 2003), and groundwater — surface water exchange (Dent

et al., 2001; Kalbus et al., 2006; Boano et al., 2014; Conant et al., 2019), my work provides
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insight into the spatial scaling of the relationship of groundwater — surface water exchange and
stream biofilm community character. The results of this work highlight the: 1) importance of
landscape context of the stream ecosystem; 2) role of scale in detecting groundwater influence,

and; 3) implications for stream ecosystem monitoring.

5.2.1 Landscape Context

My work demonstrates that groundwater input may not necessarily lead to ecological
heterogeneity in an enriched agricultural stream ecosystem. An important finding from my
studies in an agricultural stream network is that when nutrients are higher in the surface
water than the groundwater, there will likely be heterogeneity in assemblages or increases in
productivity by stream biofilm communities. My findings are in contrast to previous work in
nutrient-poor streams where nutrient-rich groundwater has been shown to stimulate biofilm
productivity (e.g., Wyatt et al., 2008; Roy et al., 2011; Mejia et al., 2016; Burrows et al.,
2020). The discrepancy between the influence of groundwater input in the enriched surface
waters in agricultural stream network presented in this thesis compared to previous work in
nutrient-poor streams suggests that in enriched agricultural there may be a lack of
groundwater effects because nutrient thresholds for biota are met by surface waters, and/or
that groundwater may have lower nutrient availability than surface waters. Agricultural
streams are often enriched due to land use, combined with factors such as field run off, tile
drainage, and shallow groundwater — surface water exchange may contribute to the
dichotomy between the consistent results across scales in the agricultural stream network in

this thesis compared with past studies in nutrient-poor streams.
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5.2.2 Role of Scale

My work was the first to use multiple, hierarchical spatial scales to assess the role of
groundwater on patterns in stream biofilm communities. The multi-scale approach taken in
my work in an enriched agricultural stream network showed that stream biofilm community
response to groundwater input was scale dependent. At the largest scale in this thesis, among
reaches in the stream network over four temperate seasons, groundwater inputs were likely
masked by prevailing surface water conditions because there was no biologically meaningful
environmental variation among reaches within a given season. Similarly, at the smallest scale
in this thesis, the patch scale, environmental variation was driven by stream velocity, rather
than environmental variables that can be modified by groundwater (e.g., nutrients and
temperature). At the intermediate scale, among reaches with different levels of groundwater
inputs, I found that groundwater effects on biofilm communities were expressed in run
habitats; however, I was unable to associate heterogeneity in biofilm communities to
measured environmental variables. My work across multiple spatial scales in an enriched
agricultural stream network suggests that any potential environmental variation driven by
groundwater may not be readily detectable through conventional measures of water
chemistry, although there may be a biological response to groundwater input (i.e., observed
at the habitat scale). My findings are in contrast with past work in nutrient-poor streams
which has been conducted at individual scales in differing stream ecosystems (e.g., reach:
Tang et al., 2019, Burrows et al., 2020; habitat: Pepin & Hauer 2002; and patch: Wyatt et al.,
2008, Mejia et al., 2016) which have consistently observed effects of groundwater on

biological response that were associated with environmental variation driven by
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groundwater. The results of my work highlight both the importance of stream ecosystem type
(i.e., nutrient status) and spatial scale of measurement in detecting an association of

groundwater to ecological response.

5.2.3 Stream Monitoring

The multi-scale approach taken in this thesis can inform use or development of
monitoring tools. Although not the focus of this work, Chapter 2 highlights the important role
of seasonality on driving recurring seasonal shifts in diatom assemblage composition in
temperate stream ecosystems. Our findings suggest that if monitoring is done on an annual
basis, then monitoring should be conducted in a single season (e.g., late summer, Lavoie et al.,
2014) because otherwise the effects of watershed management activities/practices may be
masked by natural seasonal variation. Consideration of timing for biomonitoring should be
prioritized due to increasingly changing and unpredictable seasonal conditions as a result of

climate change.

222Rn concentrations were used to estimate groundwater inflows within a stream reach
based on a mass balance model, allowing for categorization of reaches (i.e., high, moderate,
and low) for a relative comparison based on groundwater input. Thus, *?Rn concentration as
a part of a mass balance approach to generate relative categorical comparisons to assess stream
biofilm communities may be a stronger tool for identification of reaches with groundwater

input than a gradient of >’Rn concentrations across reaches within a network.

The results of my studies also emphasized the key role of stream velocity as a modifier

of groundwater input, where groundwater influence is expressed in areas of slow velocity. My
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work is an important addition to the well-understood patterns in hydrogeomorphic features of
a stream, where patchiness in groundwater input is has been shown to be influenced by
differences in hydraulic head (Harvey & Bencala, 1993; Brunke & Gonser, 1997). However,
my work is the first to explicitly assess the role of habitat type (i.e., differing stream velocities)
in modifying stream biofilm community response to groundwater input (but see Burrows et
al., 2020). The findings of this study indicate that future studies are required to further explore
the relationship between stream velocity and groundwater input, and the association to stream

biofilm communities across a range of stream ecosystems.

5.3 Concluding Remarks

My work demonstrates that groundwater input may not necessarily manifest in
environmental heterogeneity that drives variation in biofilm communities in an enriched
agricultural stream ecosystem. In nutrient-poor stream ecosystems, groundwater has been
shown to be a modifier of surface water environmental conditions, which are associated with
variation biofilm community assemblages and processes. My work shows that groundwater
input does not necessarily influence surface water conditions in the same way across stream
ecosystem types, highlighting the importance of stream landcape context. These results will
contribute to improving our understanding of the role of groundwater in influencing biofilm

communities in differing stream ecosytems types and across spatial scales.
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Appendices

Appendix A

Appendix Al. Site location (E indicates East branch, W indicated West branch), distance to
source of branch, radon-222 (**’Rn) concentration for each season, canopy cover (%) and

discharge (m> s!) in summer

Distance to 2IRn - 2IRn - 2IRn - 2IRn - Canopy Discharge

Site X Y Source (m)  Autumn Winter Spring Summer Cover - (m3s1) -
(Bq m?) (Bq m?) (Bq m?) (Bq m?) Summer Summer

1E -81.0230 43.16314 2547 527 1176 515 311 82.75 0.044
2E -81.0277  43.16081 3099 704 962 492 232 82.75 0.081
3E -81.0272  43.15215 4464 203 1026 670 360 72.25 0.110
4E -81.0257  43.14457 6023 209 692 284 55 85.25 0.154
5E -81.0265  43.14300 6223 846 702 255 48 79 0.158
6E -81.0258  43.14069 6482 273 497 181 130 93.25 0.162
7E -81.0196  43.1297 7952 433 829 276 62 82.5 0.190
IW  -81.0558 43.16141 2597 337 553 445 30 89.5 0.008
2W  -81.0564 43.164 2900 530 682 460 124 86.75 0.013
3W  -81.0517 43.15618 3596 337 877 830 566 84.5 0.018
4W  -81.0508  43.1544 3810 261 768 808 412 85.25 0.024
5W  -81.0511 43.15083 4070 482 820 760 361 87 0.044
6W  -81.0508 43.15212 4217 424 614 602 358 81.5 0.020
TW  -81.0443  43.14645 4581 92 598 512 285 91.5 0.025
8W  -81.0485 43.14841 5012 91 776 668 198 89.5 0.032
9W  -81.0404 43.14371 5477 70 880 767 340 91.75 0.036
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10W  -81.032  43.13785 6464 349 868 228 89 0.050
11W  -81.0306 43.13587 6710 392 1082 724 79 0.048
12W  -81.0199  43.12903 8002 202 831 354 84.75 0.065
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Appendix A2. Significant (p < 0.05) Pearson product-moment correlations with Pearson

correlation coefficients (r) and p-values for: (a) Average degree day™! and ?*’Rn in spring; (b)

Mean daily temperature (°C) range and **’Rn in spring; (c¢) SRP (mg P L") and **’Rn in
summer; (d) NOs'N (mg N L) and ?**Rn in summer; (¢) pH and **Rn in summer, and; (f) NO5"

N (mg N L) and ?*Rn in autumn.
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Appendix B

Appendix B1. Radon-222 mass balance model

Groundwater discharge along each stream reach was estimated by applying a steady
state 222Rn mass balance model in which gas exchange and radioactive decay of *’Rn in the
stream was taken into account. Using this model, groundwater inflows (ggw, m*/m/d) along the

stream reaches were estimated via (Atkinson et al., 2015; Cook, 2013; Mullinger et al., 2007):

@, Loue — Cin) T Cin) _ kdwc, +rdwc,

CIgw B (ng - Cs)

where Cin and Coy are the 22*Rn activities measured at the downstream and upstream sampling
for the reach (Bq/m?), C;is the average **’Rn activity in the stream reach considering the
upstream and downstream activities (Bq/m?), Cyy is a representative >*Rn activity in the
groundwater, d and w are the average stream depth and width, respectively (m), Qs is the
average stream discharge (m>/day), A is the radioactive decay rate (0.181 day™') and & is the
reaeration coefficient (day™'). 2*’Rn loss due to evaporation was not included as it is not
expected to considerably affect the 2?2Rn concentrations in the stream (Atkinson et al., 2015).

Cqv was based on sampling of six shallow groundwater wells located within 20 m of Kintore

Creek (6700 £ 1400 Bq/m?).

The reaeration coefficient (k) defines the rate of degassing of 2?Rn across the air-water
interface and is related to stream turbulence. Following Atkinson et al. (2015), the following
empirical relationship which is a modification of the gas transfer model of O'connor and

Dobbins (1958) was used to calculate £:
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~ UO'S
k =9.301x 1073 <ﬁ>

where v is the average river velocity in the stream reach. Other empirical relationships were
explored to estimate k including that based on the gas transfer model of Negulescu and
Rojanski (1969), but the calculated groundwater inflow patterns were consistent regardless of
which relationship was adopted.

Appendix B2. Additional input information for *’Rn steady state mass balance model for
three reaches in Kintore Creek, Ontario, Canada receiving high (HG), moderate (MG) and low
(LG) inputs of groundwater.

HG MG LG
222Rn Above Reach (Bq m™) 1183 294 679
222Rn Below Reach (Bq m™) 1121 679 762
Average stream flow (m?/s) 0.041 0.010 0.015
Distance between sampling points (m) 174 191 210
Average stream depth (m) 0.15 0.11 0.12
Average stream width (m) 2.00 0.89 0.87
Average stream velocity (m/s) 0.14 0.10 0.15
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Appendix C

Appendix C1. Descriptive statistics (mean, standard deviation, coefficient of variation,
median, minimum, and maximum) for each of the environmental and biotic parameters.

Parameter Mean Stangrd Coeffl'me.nt of Median Minimum  Maximum
Deviation Variation
Environmental
Subsurface Temperature (°C) 17.7 1.6 0.09 17.9 14.0 20.1
SRP (ug/L) 42.2 1.1 0.03 42.2 40.0 445
NOs-N (mg/L) 7.2 2.0 0.3 8.1 2.1 10.4
Mean Daily Temperature (°C) 18.6 0.2 0.01 18.67 17.81 19.04
Mean Daily Temperature Range 293
(°C) 3.0 0.5 0.2 : 1.90 5.09
Stream Velocity (m/s) 0.082 0.050 0.617 0.078 0.002 0.205
Stream Depth (cm) 11.7 2.8 0.2 1.7 5.0 17.5
pH 8.17 0.07 0.008 8.17 7.91 8.28
Specific Conductivity (uS/cm) 615 6 0.009 615 593 629
PAR (umol/s/m?) 1667 75 0.04 1469 1469 1783
Biotic
Streambed Tensile Loss 5.0 0.7 0.1 52 3.3 6.1
Subsurface Tensile Loss 26 0.7 0.3 29 0.9 3.3
Chl-a Accumulation 0.07 0.06 0.93 0.05 0.001 0.27
Biofilm Growth Rate 0.0076 0.0067 0.8864 0.0063  0.0002 0.0315
o /\"? 2
— — = S c =
O ~ ol 5 |3 § g |<
~ | ~ =
o S o o |8 | % g @
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T © > = T © T © > (@] o~ e
5¢ | 2 . 8g |2g | £ 2E | 2
2o S GE | SE~ & 3 82 | x
S O 14 zZ Qo Q00O 5 = T O.g <
D= () = - = | W (%) o 0n = [aN
Subsurface
Temperature (°C) - - - - - - - - -
SRP (ug/L) 0.67 - - - - - - - -
NOs-N (mg/L) -0.21 | -0.24 - - - - - - -
Mean Daily
Temperature (°C) 0.69 0.56 | -0.11 - - - - - -
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Mean Daily
Temperature Range
(°C) 0.16 | 0.31 | -0.05 | 0.58

Stream Velocity (m/s) 0.05 | -0.09 | -0.01 | 0.19 0.07 - - - -

Stream Depth (cm) 0.37 | 0.37 | -0.05 | 0.36 0.14 -0.41 - - -
pH -0.34 | -0.46 | 0.28 | -0.20 | -0.01 | -0.18 | -0.02 - -
Specific Conductivity

(uS/cm) 0.15 | 0.15 | -0.13 | 0.03 0.00 | -0.12 | 0.26 | -0.54 -
PAR (umol/s/m?) 0.24 | 0.09 | 0.01 0.26 0.12 0.38 | -0.29 | -0.11 | -0.18 -

Appendix C2. Pearson correlation coefficient (r) between environmental variables where
significant (o = 0.05) correlations are bolded. “-” denotes duplicate data on upper diagonal and

13

” denotes correlation of a variable with itself.
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Appendix C3. Scatterplot of subsurface temperature (°C) and chl-a accumulation (pg cm™
day™!) with outlier locations identified using Tukey's IQR method in light blue, and all other

locations in dark blue.
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