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Abstract 

Extensive multidisciplinary research and improvements to instrumentation and 

workflows are continuously enabling new insights into the role of lipids in health and 

disease. As with other metabolites, the accurate analysis of lipids in biological samples 

requires robust and efficient analytical methodologies that enable reliable quantitation. 

Since its introduction in the 1990s, solid phase microextraction (SPME) has proven well-

suited for numerous applications in various scientific fields (environmental chemistry, 

forensics, clinical, and others) thanks to its many advantages and compatibility with 

different instruments. Despite being present on the bioanalytical landscape for a decade, 

SPME research aimed at lipids remains unusual and often qualitative. This thesis 

documents the development of three approaches for the analysis of lipids based on SPME 

coupled with different instrumental platforms, namely: liquid chromatography-mass 

spectrometry (LC-MS) (Chapter 2); mass spectrometry (MS) (Chapter 3), and Raman 

spectroscopy (Chapter 4). 

Chapter 2 details the development of an LC-MS platform, the analysis of sampling 

parameters crucial to SPME, the steps taken to determine the total concentration of 

glycerophospholipids in human plasma and strategies for the analysis of the free 

concentration of model lipids. The reversed-phase liquid chromatography (RPLC) method 

was applied to analyze exogenous lipids in human blood plasma. It was validated with 

respect to instrumental linearity and dynamic linear range, inter– and intra–day accuracy 

and precision, and limits of quantitation. The SPME method was optimized by 
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investigating several crucial parameters, including coating chemistry, extraction time, and 

desorption conditions. This proposed SPME-RPLC-MS/MS platform was utilized to 

construct matrix-matched calibration curves for the total concentration in four plasma lots, 

including NIST™ SRM® 1950 human blood plasma. Moreover, SPME probes were used 

to quantitate endogenous lipid compounds present in the NIST™ SRM® 1950 plasma 

using a standard addition approach, which resulted in good agreement with previous studies 

on this sample. Furthermore, the lipidome of NIST™ SRM® 1950 was qualitatively 

assessed via an untargeted approach using high-resolution mass spectrometry. The 

lipidome obtained using SPME, an unconventional technique, is in good agreement with 

previous studies. This chapter also proposes a simple approach for the calibration of free 

concentration of lipid metabolites using SPME devices and external calibration curves free 

of binding matrix components. To this end, this section evaluated a ‘standard generating 

vial’ to produce and maintain a stable free concentration in aqueous media. The standard 

generating vial employs a lipid laden PDMS film coated onto a carbon mesh acting as an 

analyte reservoir. These vials were evaluated regarding their equilibration time, short-term 

stability, and linearity attained at various spiking concentrations. Finally, this chapter 

briefly explores the binding between human serum albumin and two long-chain fatty acids 

using experimental and in silico approaches. This study took advantage of SPME’s 

extraction mechanism from the pool of unbound analytes; thus, the free concentration of 

fatty acids was measured with SPME fibres and used to construct Scatchard plots to 

estimate the binding affinities with human serum albumin. The mass uptake of fatty acids 

by the SPME probes under different kinetic conditions (static extraction, agitated 
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extraction, and agitated extraction with a binding matrix component) was validated by 

mathematical modelling using the COMSOL Multiphysics® software package. 

In Chapter 3, solid-phase microextraction is directly coupled to mass spectrometry 

(SPME–MS) for the analysis of glycerophospholipids in plasma while bypassing 

chromatographic separation. Coated blade spray (CBS), the initial SPME–MS technology 

surveyed, is a sword-like device that provides the sampling/pre-concentration capabilities 

of SPME devices while also serving as an ion source requiring minimal additional 

instrumentation. While lipid detection was easily achieved through the proper selection of 

modifiers, CBS’s geometry and ambient nature posed a challenge regarding lipids' fast and 

reproducible desorption. As an alternative, the flow-isolated desorption chamber of an open 

microfluidic interface (MOI)—the second SPME–MS technology assessed—was 

employed to study the desorption of lipids with virtually no evaporation. Substantial 

ionization/absolute matrix effects were detected for SPME–MS technologies, mirroring the 

phenomena observed in other MS-based lipid analyses.  

Chapter 4 presents a simple, proof-of-concept approach for the on-fibre detection of 

unsaturated lipids based on the direct coupling of SPME probes and Raman spectroscopy. 

The SPME protocol was optimized by investigating various parameters influencing 

extraction efficiency, including the coating chemistry, extraction time, extraction 

temperature, and washing solvent. Our findings show that the developed SPME–Raman 

method is suitable for detecting lipids enriched on the coating. A clear dependence is 

observed between the number of double bonds and the ratio of the Raman bands at 
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1655/1445 cm–1. Although additional studies are needed to establish how these double 

bonds contribute to the observed Raman bands, the proposed platform has great potential 

for fast profiling applications. 
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Chapter 1 Introduction 

1.1 Lipids 

Lipids have been somewhat historically overlooked from a biochemical perspective 

due to their high structural diversity and poor understanding of their biological functions. 

After all, defining lipids solely on their high solubility in non-polar compounds, as usually 

found in most high-school textbooks, are oversimplifications. The most accurate definition 

for lipids, encompassing the high diversity of molecular lipid structures, was recently 

coined by the chemists who formed the consortium of lipid metabolites and pathways 

strategy (LIPID MAPS)1. Lipids are small molecules, either hydrophobic or amphipathic 

(containing both hydrophobic and hydrophilic parts), which originated entirely or, in part, 

by carbanion-based condensation of thioesters (e.g., fatty acids) and/or by carbocation-

based condensation of isoprene units (e.g., prenols, sterols)1,2. This classification groups 

together individual molecular lipid species, viz. those with unique molecular structures, 

with those sharing chemical structural moieties. The LIPID MAPS consortium classifies 

lipids into eight categories, namely fatty acyls, glycerolipids, glycerophospholipids, 

sphingolipids, sterol lipids, prenol lipids, saccharolipids, and polyketides.2 Some examples 

of lipids belonging to these categories are shown in Table 1.1. In addition, lipids can be 

classified into classes within a lipid category. For example, lipid molecular species with a 

common glycerol backbone linked to an identical polar head group (e.g., choline, serine, 

or ethanolamine) belong to the same lipid class (e.g., phosphatidylcholines, 

phosphatidylserines, or phosphatidylethanolamines, respectively). Fatty acyls (FA) are the 

most known lipid category, which are synthesized by successive elongation steps of an 
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acetyl-CoA primer with malonyl-CoA groups. Glycerol is present in two categories: 

glycerolipids (GL) and glycerophospholipids (PL), which include a phosphate group 

esterified to one of the hydroxyl groups from glycerol. Sterol lipids and prenol lipids are 

synthesized through a shared pathway; however, their eventual structures differ 

considerably. Sphingolipids contain intriguing long chain sphingoid bases in their core 

structures. Saccharolipids, as a category, accounts for lipids with fatty acyl groups linked 

directly to a sugar backbone. Polyketides, the final category, is comprised by a diverse 

group of metabolites commonly found in plant and microbial sources.3 

Ever since the discovery of a biologically active phospholipid, the platelet-activating 

factor, unique biological roles of lipids have been recognized, other than their functions as 

sources of energy or as building blocks for membranes. It is now acknowledged the 

influence lipids have on cellular trafficking and activity of membrane proteins and signals.4 

For instance, it is very well known how long-chain fatty acids act as an energy source in 

the heart and skeletal muscle via a β-oxidative pathway, the sequential removal of two-

carbon units from the acyl chains.5 Hepatic β-oxidation provides ketone bodies to the 

circulatory system, which are another significant fuel for fasting periods, sustained 

exercise, or stress. Fatty acids also can be either converted to triglycerides or membrane 

phospholipids, depending on the tissue and its metabolic demand.  
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Table 1.1 Examples of six categories as proposed by LIPID MAPS consortium.6,7 

Categories Structure examples Examples of subclasses  

Fatty acyls, FA  

Hexadecanoic acid 

Fatty acids, Eicosanoids 

Glycerolipids 
 

1-Hexadecanoyl-2-(9Z-octadecenoyl)-sn-glycerol 

Monoradylglycerols Diradylglycerols 

Triglycerides, TG 

Glycero-

phospholipids, 

PL 

 

1-Hexadecanoyl-2-(9Z-octadecenoyl)-sn-glycero-3-

phosphocholine 

Glycerophosphatidylcholines, PC 

Glycerophosphatidylethanolamines, PE 

Glycerophosphatidylserines, PS 

Glycerophosphatidylglycerols, PG 

Glycerophosphatidylinositols, PI 

Sphingolipids 
 

N-(tetradecanoyl)-sphing-4-enine 

Sphingoid bases 

Ceramides 

Sterol lipids 

 

Cholesterol 

Cholesterol and derivatives 

Steroids 

Bile acids and derivatives 

 

Lipids are also well known for their role in cellular membranes, providing a 

hydrophobic barrier that protects cells from outside medium and helps to separate cellular 

compartments within the cell. Polar lipids, those with amphipathic properties, easily self-

associate in water-rich environments to reduce the total area of hydrophobic ends exposed 

to the water, resulting in overall energy-stable conformations such as micelles and, more 
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important to cells, bilayers. Properties of these polar lipids (such as the head group size, 

the acyl chain length and the degree of unsaturation) have apparent effects on membrane 

curvature, viscosity, and thickness. For instance, Figure 1.1 portrays the structure of the 

polar heads for a few glycerophospholipid classes and the possible existing bonds between 

phosphorylated glycerol and the fatty acyl moieties. Furthermore, there are specialized 

subdomains within cellular membranes, termed lipid rafts, where various signalling 

proteins are shown to anchor and partition.8 The fatty acyls of the phospholipids present in 

lipid rafts tend to be more highly saturated than those in the surrounding membrane. In 

addition, these lipid rafts how a higher content of sterols (mainly cholesterol in mammals) 

and sphingolipids and a lower amount of phosphocholines (PC), which results in liquid-

ordered domains, membrane rigidity;9 and the signature property of lipid rafts: insolubility 

in non-ionic detergents.10,11  



5 

 

 

Figure 1.1 Structural variety within glycerophospholipids class, with phosphatidylcholines 

and phosphatidylethanolamines being the common lipids found in cell membranes. Figure 

adapted from Han1 and the LIPID MAPS consortium website.2 

Lipids are also recognized as key inter- and intracellular signalling molecules for 

different processes. Polyunsaturated fatty acids serve as de novo sources for precursors for 

molecular messengers; for instance, derivatives of arachidonic acid, such as prostaglandins 

and lipoxins, are heavily involved in inflammatory responses.12,13 Sphingolipids are a 

prominent group of signalling bioactive lipids involved in numerous processes, in addition 

to being a very diverse lipid category on their own. Sphingosine and related sphingoid 

bases have roles in endocytosis, cell cycle and apoptosis by exerting effects on protein 

kinases, regulating responses related to inflammation, cell migration, and apoptosis.12 

Other regulatory molecules for a myriad of processes in mammalian nervous system, such 

as sleep, mood, appetite, and memory, are the endocannabinoids, a group of endogenous 

lipid-based neurotransmitters.14,15 
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Figure 1.2 A brief (and very much reduced) qualitative example of a lipidome showcasing 

the diversity of lipid subclasses found across mammal tissues.  CE, cholesteryl esters; TG, 

triglycerides; SM: sphingomyelins; DG, diacylglycerides; PC, phosphatidylcholines; FA, 

fatty acyls; PI, phosphatidylinositol; PA, phosphatidic acids; S1P; sphingosine 1-

phosphate; LPA, lysophosphatidic acid; Acyl CoA, acyl Coenzyme A. Figure adapted 

from Tumanov & Kamphorst.16 

The concentration of specific lipid compounds could differentiate healthy from disease 

states in several serious diseases. Extensive and upcoming evidence in biomedical research 

has shown the disruption of pathways of lipid metabolism in human diseases; for example, 

diabetes,17 asthma,18 atherosclerosis,19 Alzheimer’s disease,20 and many types of cancer. 

Therefore, lipid analysis has become necessary for both academic and clinical communities 

as an essential tool for disease research and has become a research field itself: Lipidomics.  

Lipidomics is a branch of the metabolomics field that has gained popularity with recent 

advances in analytical method development. Lipidomics is defined as “the full 

characterization of lipid molecular species and their biological roles concerning the 
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expression of proteins involved in lipid metabolism and function, including gene 

regulation.”21 In other words, lipidomics is about mapping the entire spectrum of lipids in 

a biological system, including the relation to other molecules of biological interest, to gain 

an understanding of biochemical mechanisms of lipid metabolism and lipid-associated 

diseases and to discover lipid biomarkers for disease diagnosis, prognostic monitoring, and 

as targets for therapeutic monitoring.22–24 For example, Figure 1.2 portrays eleven lipid 

species (not counting possible isomers) covering a wide range of polarities, with only two 

distinct acyl chains, derived from stearic and oleic acids. 

1.2 Instrumental platforms for lipid analysis 

Due to the vast diversity of lipids, lipidomic studies are very challenging analytical 

analyses and often require different approaches for comprehensive characterization. Mass 

Spectrometry (MS), nuclear magnetic resonance (NMR), and other spectroscopic 

approaches are examples of analytical disciplines used for lipidomic (and lipidomic 

adjacent) studies. Nonetheless, spectroscopic technologies present some drawbacks that 

limit their application, such as complicated spectra that demand the expert ability to obtain 

information, the inability to discriminate information of individual molecules in a complex 

mixture, and relatively low sensitivity compared to MS.25 At the same time, NMR 

spectroscopy has been used for the analysis of lipid extracts; nevertheless, its sensitivity in 

the high micro-molar to the milli-molar range is limited, and the signals are constricted to 

a small chemical-shift range.26 On the other hand, spectroscopic technologies help study 

dynamic biological processes and are great tools for visualization analysis, similar to mass 

spectrometric imaging.  
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Figure 1.3. Typical workflow for the analysis of lipids from biological samples. Adapted 

from Yang and Han.27,28 

A large part of the progress in lipidomics is linked to the development of mass 

spectrometry (MS) techniques; for instance, Figure 1.3 portrays a general MS-based 

workflow for the lipidomics analysis of biological samples. The direct infusion MS 

approach usually referred to as shotgun lipidomics, does not require any previous 

separation, offering an alternative technology with a less time-consuming nature. In 

shotgun lipidomics, whole lipid extracts are directly and continuously introduced into the 

mass spectrometer, with the possibility of analyzing a wide range of molecules with 

varying physicochemical properties (e.g., polarity, solubility, molecular weight, proton 

affinity) with concentrations over several orders of magnitude. Because of this, shotgun 

lipidomics became rather popular in studies requiring high throughput due to many 

samples, such as in clinical studies or large cohorts.24,29 
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Since ion suppression and ion enhancement are a matter of concern in shotgun 

lipidomics, the occurrence of matrix effects should be eliminated or minimized during 

optimization and validation. Internal standards (IS) are directly added to the raw extracts 

for quantitation effects and to assess matrix effects and efficiency. It is traditional for 

quantitative methods to use separation technologies such as gas chromatography (GC), 

liquid chromatography (LC), supercritical fluid chromatography (SFC) and/or capillary 

electrophoresis, as they are essential tools for the comprehensive analysis of complex 

samples. When these separation technologies are coupled to MS, the resulting hyphenated 

techniques can provide large amounts of information. Coupling LC to MS will avoid 

limitations due to direct infusion of the sample, e.g., ion-suppression effects due to 

molecules competing for ionization and detection of isomers and isobars. The separation 

of lipids in LC-MS-based analyses occurs (in a broad sense) either by lipid species or by 

lipid class, with reverse-phase liquid chromatography (RPLC) used for the former and 

normal-phase LC (NPLC) or hydrophilic liquid chromatography (HILIC) for the latter. The 

separation of lipids in RPLC is based on hydrophobicity; carbon chain length and degree 

of unsaturation play the most prominent roles. Species with longer acyl chains are eluted 

later than shorter chain lipids, and saturated structures are eluted later than their 

polyunsaturated analogues. On the other hand, NPLC and HILIC differentiate lipid classes 

based on their hydrophilic functionalities: their polar head-group classes. Then, parallel 

use of HILIC and RPLC chromatographic approaches is an alternative to achieve good 

comprehensive coverage. However, RPLC is used mainly due to lipids' substantially 

increased separation efficiency as the “intrinsic hydrophilic content of the lipidome is poor 
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compared to the hydrophobic content present.”30 In addition, RPLC columns have more 

widespread use in laboratories for analytes other than lipids. 

1.3 Extraction methods for lipids 

During sample preparation for lipidomics analysis, lipid extraction and removal of 

interfering molecules from complex matrices are paramount. Lipidome profile preservation 

throughout the sample handling processes must be strongly emphasized, as lipids are prone 

to degradation (i.e., oxidation, peroxidation, and hydrolysis). Nevertheless, degradation 

can be minimized physically and chemically. For instance, samples should be snap-frozen 

immediately after collection and stored at very low temperatures (−80 °C) to inhibit 

enzymatic activity and be thawed slowly. Addition of antioxidants, e.g., butylated 

hydroxytoluene, at low concentrations (ranging from 0.01 – 0.1% w/v, or 0.1 – 10 mM)31,32 

to the extraction solvents, or bubbling an inert gas (e.g., nitrogen) through the lipid extracts 

prior to storage, are strategies used to reduce degradation due to reactive oxygen species.31 

In lipidomics analysis, there is a global need to harmonize sample preparation 

procedures from sample collection to data processing.33 Liquid-liquid extraction (LLE) 

methods take advantage of the relatively high solubility of lipids in non-polar solvents for 

their extraction from biological samples, such as blood, tissue, or cell cultures. Different 

solvents used as extraction phases have been introduced for lipidomic analysis to increase 

lipid recovery, prevent analyte degradation, focus on the extraction of a specific lipid 

category, and minimize the use of toxic organic solvents. For instance, Matyash et al. 

introduced a mixture of methanol and tert-butyl methyl ether as a less-toxic alternative to 
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chlorine-containing organic solvents for the LLE step.34 Though, there are still some 

disadvantages for LLE for lipid analysis, namely the formation of emulsions, the need to 

reconstitute extracts into another solvent, and matrix effects for untargeted analysis.35,36 

On the other hand, there are other extraction methods used in the typical lipidomic 

analysis, other than LLE and solid phase extraction (SPE), which have been performed 

with high efficiency and comprehensive coverage, e.g., ultrasound-assisted extraction of 

fatty alcohols from olive leaves,37 pressurized fluid extraction (ethanol, in this case) of 

lipids from microalgae,38 and dispersive liquid-liquid microextraction of fatty acids in 

water samples.39 Solid-phase micro-extraction has too been used for targeted lipid analysis, 

namely of fatty acids in beer,40 low-volatility hydrocarbons in model solutions using 

polymeric ionic liquids,41 fatty acid profiling on human buccal mucosal cells,42 and 

quantification of polyunsaturated fatty acids in biological fluids.43 
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Table 1.2. Overview the various platforms available for lipid analysis. 

Analytical 

platform 
Key features Advantages Limitations Refs. 

GC-based 

GC–FID, 

GC–ECD, 

GC-MS 

GC-MS/MS 

Great resolution and well-understood. 

Quantitative  

Limited to volatile analytes. 

Derivatization may be required. 

Loss of biological information 

44 

LC-based 
RPLC 

HILIC 

May be able to separate isomers/isobars 

Soft ionization of analytes. Quantitative 

Low throughput. 

Sufficient knowledge required a priori 
45–47 

TLC  
Easy to use. Popular for preparative 

chromatography 
Time-consuming 48 

SFC  
Efficient separation of lipid classes 

Almost solvent-free 

Pressurized fluids 

Low availability of instruments. 
49 

Silver 

chromatography 

Coordination 

complex between 

silver and 𝜋 electrons 

Separation based on unsaturations (number 

of double bonds, cis/trans configurations, 

etc.) 

Bleeding columns. 

“Purple fingers” on users 
50–52 

Shotgun 

Tandem MS 

High Res. MS 

multidimensional 

Straight-forward; simple and fast; semi-

qualitative; quantitative 

Ion suppression, unable to differentiate 

isomers and isobars 
53–58 

MS imaging 
MALDI, 

DESI 

Various resolutions are available. 

Minimal preparations 
Prone to experience ion suppression 53,54,59,60 

Ion mobility 
IMS 

FAIMS 

High-resolution. May separate isomer/isobars 

without chromatographic separation. 

Recent technology, with limited 

instrument availability. 
61,62 

NMR 

spectroscopy 
NMR 

Non-destructive. 

Relatively easy data collection 

Deuterated solvents are required. 

Requires high-purity extracts. 

Multiple signals per compound/s 

63 

Raman 

spectroscopy 
Raman 

Non-destructive. Minimal sample prep. 

Structural information. 

Low sensitivity. 

Multiple signals per compound. 
64,65 

FID, flame ion detector; ECD, electron capture detector; TLC, thin layer chromatography; SFC, supercritical fluid chromatography; 

MALDI, matrix-assisted laser/desorption ionization; DESI, desorption electrospray ionization; IMS, ion mobility spectrometry; FAIMS; Field 

asymmetric Ion Mobility Spectrometry. 
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1.4 Solid phase microextraction: a brief summary  

Solid phase microextraction (SPME) was introduced in the early 1990s to overcome 

some limitations of conventional sample preparation techniques, such as LLE and SPE. 

SPME is a non-exhaustive extraction method which encompasses sampling, sample 

preparation and analyte enrichment/pre-concentration in one single step, thus reducing the 

number of analytical steps and, consequently, analytical error.66  

For analyte extraction, and SPME device, consisting of a small amount of extracting 

phase immobilized on a solid support (Figure 1.4), is exposed to a sample volume for a 

defined period. Analytes diffuse from the sample matrix to the extracting phase, where 

analytes are either absorbed within the extracting polymer or adsorbed in its surface. Figure 

1.4, shows the profile of analyte absorption onto the SPME coating over time. 

Determination of the amount of extracted analyte under appropriate comparable conditions 

leads to quantification. Calibration methods suitable for SPME, each one with its 

advantages and disadvantages, rely on principles of mass transfer of analytes. Additionally, 

to traditional calibration methods, i.e., external standard, internal standard, and standard 

addition, SPME calibration approaches also include equilibrium extraction, exhaustive 

extraction, and diffusion-based calibration.67,68 

On the other hand, there are other extraction methods used in lipidomic analysis, other 

than LLE and SPE, which have been performed with high efficiency and wide coverage, 

e.g., ultrasound-assisted extraction of fatty alcohols from olive leaves,37 pressurized fluid 

extraction (ethanol, in this case) of lipids from microalgae,38 and dispersive liquid-liquid 
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microextraction of fatty acids in water samples.39 Solid-phase micro-extraction has too 

been used for targeted lipid analysis, namely of fatty acids in beer,40 low-volatility 

hydrocarbons in model solutions using polymeric ionic liquids,41 fatty acid profiling on 

human buccal mucosal cells,42 and quantification of polyunsaturated fatty acids in 

biological fluids.43 

 

Figure 1.4 SPME sample preparation and analyte absorption over time. (A) Sample 

preparation scheme for SPME. 𝑉𝐹, fiber coating volume; 𝐾𝐹𝑆, fiber/sample distribution 

coefficient; 𝑉𝑆, sample volume; 𝐶𝑂, initial concentration of analyte in the sample. (B) The 

typical profile of analyte uptake in SPME devices. 𝑡50, time required for extraction of half 

maximum analyte; 𝑡95, time required for extraction of 95% maximum analyte.68 

Practical equilibrium times are assumed to be achieved when 95% of the equilibrium 

amount is extracted from the sample because actual equilibrium times would be infinitely 

long. One advantage of using sampling times near such times, 𝑡95, is the low relative error 

on the amount of analyte extracted compared to sampling on the steep slope in the kinetic 
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regime. Analysis performed prior to 𝑡95 require precisely timed extractions to minimize the 

relative error in the amount of analyte extracted. Nevertheless, extractions performed in 

the kinetic regime are faster and more real-life convenient. 

 𝐶𝑂𝑉𝑆 = 𝐶𝑆
∞𝑉𝑆 + 𝐶𝐹

∞𝑉𝐹 Eq. 1 

 
𝐾𝐹𝑆 =

𝐶𝐹
∞

𝐶𝑆
∞ 

Eq. 2 

 
𝑛 = 𝐶𝐹

∞𝑉𝐹 = 𝐶𝑂

𝐾𝐹𝑆𝑉𝑆𝑉𝐹

𝐾𝐹𝑆𝑉𝐹 + 𝑉𝑆
 

Eq. 3 

 𝑛 = 𝑛𝑒(1 − 𝑒−𝑎𝑡) Eq. 4 

Equation 4 is a non-linear equation describing the kinetics of analyte absorption and 

the relationship between analyte extracted, n, as a function of extraction time, the initial 

concentration of the analyte in the sample, 𝐶𝑂. The extraction rate is constant, 𝑎𝑒, refers to 

how fast equilibrium is attained and depends on volumes of extracting phase, sample 

volume, mass transfer and partition coefficients, and the surface area of the extracting 

phase.69,70 This mathematical description of kinetic uptake can, therefore, be used for 

quantification, as introduced by Chen & Pawliszyn.71,72 Equilibration time depends on the 

distribution constant, so the higher the affinity the analyte has for the coating, the longer 

the time to reach equilibrium.73 

A significant improvement in the application of SPME in biological samples is the 

introduction of polyacrylonitrile (PAN) based coatings, acting as a binding agent to 

immobilize coating particles. PAN-based coatings did not absorb proteins onto their 
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surface, proving biocompatible and preventing SPME fiber fouling.74 Overcoated SPME 

is another recent improvement in matrix–compatible coatings: the coating is embedded by 

a biocompatible protection layer, which prevents matrix attachment. These matrix-

compatible coatings developments have shown a balanced coverage of analytes extracted 

from complex matrixes, selectivity for small molecules, robustness to direct exposure to 

complex, untreated matrixes, and suitability for in vivo sampling.75–78 

 

Figure 1.5 Schematic depiction of analyte extraction from a sample with a binding 

component. Analyte extraction depends on its coating–sample distribution constant, 𝐾𝐹𝑆, 

and its binding constant with the matrix binding components, 𝐾𝑎. The binding constant is 

a relationship between the forward, 𝑘𝐹, and backward, 𝑘𝑟, binding reaction constants. 

Figure adapted from Αlam and Pawliszyn.79  

One key feature offered by SPME is its extraction from the pool of freely dissolved 

analytes.67 However, the kinetics of bound components in complex matrixes must be 

considered, as free–form extraction depends on the desorption kinetics from matrix 

components; a general depiction is shown in Figure 1.5. Hydrophobic compounds are 

typically heavily bound to the matrix, so their free concentration is low (e.g., fatty acids 

are bound by plasma albumin), yet total recoveries are relatively high because of their high 

affinity for the extracting phase. On the other hand, polar compounds are at a high free 

concentration in the sample due to light matrix-binding. Therefore, a proportionally higher 
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amount is extracted despite a lower affinity for the coating.70,79 These combined effects 

result in a balanced coverage of extracted analytes from a complex matrix.79   

1.5 Research objectives 

SPME has been applied for the analysis of lipid compounds, either as the primary 

analytes or as an analyte subgroup, in a variety of samples of biological or clinical interest, 

including cell cultures,80 human breast milk,81 beetle homogenates,82 rat brain,83–86 fish 

muscle tissue,87–89 a variety of cancer-related samples in/from human (such as ovarian,90 

lungs,91,92 urinary/bladder,93 breast carcinoma,93 gastric-related cancer,94 gliomas95). These 

semi-quantitative studies are examples of SPME’s latest niche application: –omics and 

clinical studies. AP. Birjandi et al.'s work on quantifying polyunsaturated fatty acids in 

plasma samples sparked research toward other quantitative applications of SPME for 

analyzing lipids in biological samples. 43 The research group has a broad objective of 

developing methods for (potential) SPME users. Previous studies suggest that SPME is a 

promising technique for quantitating polar lipids, but challenges exist when quantitating 

hydrophobic lipids. As such, the extraction and quantitation of polar lipids are more 

beneficial. The dissertation aims to prove SPME's quantitative capabilities for lipid 

extraction, aligning with SPME's drive for quantitative analysis of biological samples.  

This dissertation seeks to further this line of inquiry by studying extraction with SPME 

devices, specifically concerning lipid analysis. To this end, three SPME-based methods are 

used to assess their quantitative capabilities: SPME coupled to liquid-chromatography–

mass spectrometry (SPME-LC-MS), SPME directly coupled to mass spectrometry 
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(SPME–MS); and SPME coupled to Raman spectroscopy. Each of the chapters in this 

thesis, which respectively detail the SPME-based methods, supports the overall research 

objective: to appraise SPME as a viable method for sampling and quantitation of lipids in 

biological matrices.  

Chapter 2 details the approaches toward determining the total and free concentration 

of various lipids using SPME devices and LC-MS/MS as the analytical platform. First, an 

SPME method was optimized for total concentration by studying coating chemistry, 

extraction time, desorption solvent type and time. The selected method enabled the 

construction of good matrix-matched calibration curves using four lots of human plasma. 

Chapter 2 also details the free concentration determinations' approaches to estimate the 

binding affinity between human serum albumin and a polyunsaturated fatty acid. This 

approach involved the experimental determination of key parameters for SPME 

calibration, such as the partition coefficient and the active surface area for the SPME device 

with a solid sorbent. Then, mathematical modelling was used to validate the mass uptake 

profiles obtained experimentally under three distinct cases: static extraction, agitated 

extraction, and extraction with a binding matrix. 

Chapter 3 presents a method entailing the direct coupling of SPME and mass 

spectrometry. Here, two approaches for sample introduction to the mass spectrometer were 

considered: coated blade spray (CBS) and microfluidic open interface (MOI). Chapter 3 

intended to develop a viable method for quantifying glycerophospholipids in a shotgun 
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fashion. Both sample introduction approaches evaluated desorption solvent type and time, 

probe carryover, and absolute matrix effects. 

Chapter 4 documents the coupling of matrix compatible SPME fibers and Raman 

spectroscopy as a non-destructive approach. This proof-of-concept study examined the on-

fibre detection of unsaturated fatty acids, with the Raman shifts being assigned to motifs 

in the chemical structures of standards of polyunsaturated fatty acids (PUFAs) and 

triglycerides with PUFA acyl residues. The method evaluated coating chemistry, extraction 

time, extraction temperature, and the cleaning solvent aiming at intense Raman signals. 

The developed method was then applied to detect PUFAs with increasing numbers of 

double bonds in their structures. 
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Chapter 2 Towards the determination of total and free lipid 

concentrations 

Preamble 

This chapter contains an excerpt from a manuscript accepted for publication as a 

technical note to Analytical Chemistry. The manuscript is titled: “Standard generating 

water vial system for hydrophobic compounds” and was coauthored with Demet Dincel 

and Shakiba Zeinali and co-authored/supervised by Janusz Pawliszyn. The author of this 

thesis participated in all stages of the preparation of this manuscript (regarding 

phospholipid analysis): namely experimental planning and execution, data processing and 

curation, data analysis, manufacturing of devices, manuscript writing and submission. 

This chapter also contains a short excerpt from a manuscript entitled, “Investigation of 

binding of fatty acids to serum albumin to determine free concentrations: Experimental and 

in-silico approaches,” which was co-authored with Mohammad Huq and supervised by 

Janusz Pawliszyn (Analytica Chimica Acta, 2022, 1192: 339370.). Apart from the 

COMSOL calculations, which were performed by Mohammed Huq, the author of this 

thesis participated in all stages of the manuscript-preparation process: namely experimental 

planning and execution, data processing and curation, data analysis, manufacturing of 

extraction devices, manuscript writing, submission and replies to reviewers. 

This chapter is divided into three sub-chapters, each of which covers distinct 

applications of solid phase microextraction (SPME) devices for the analysis of lipids using 

liquid chromatography coupled to mass spectrometry (LC-MS) as the instrumental 
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platform. The sub-chapters highlight the versatility of the SPME technology to address the 

challenge of quantitating the total concentration of lipids in plasma (as shown in 

subchapter 2.1) and the challenges for the quantitation of free concentration (as shown in 

subchapters 2.2 and 2.3). Subchapter 2.1 features the study of experimental parameters that 

are relevant during the method development stage. Subchapter 2.2 addresses the challenge 

of determining the free concentration of hydrophobic compounds, using a few model 

bioactive lipids as analytes. This short subchapter entails the simple steps towards 

miniaturization of the extraction device in a non-depletive fashion, in addition to the initial 

evaluation of the standard generating vials as a viable strategy to generate external 

calibration curves. Finally, subchapter 2.3 addresses the study of the multi-phase equilibria 

between a fatty acid, a binding component, and the extraction device. In conclusion, these 

sub-chapters follow the overarching theme of lipid analysis using solid phase 

microextraction devices (and its fundamentals) and using LC-MS as the analytical 

platform. 
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2.1 Towards lipid total concentration with solid phase microextraction devices 

2.1.1 Introduction 

Lipids are indispensable biomolecules involved in numerous physiological functions, 

such as energy storage, insulation, signalling, and cell membrane structure. Several clinical 

disorders, such as obesity and insulin resistance,17 diabetes mellitus,17 and Alzheimer's 

disease,96 have been associated with alterations in lipid metabolism. The study of the total 

concentration of lipids in plasma gives crucial data about a person's metabolic health and 

is commonly employed in the clinical diagnosis of lipid-related disorders such as 

hyperlipidemia, cardiovascular disease, and obesity.17  

Lipoproteins (LPs) are highly dynamic, soluble protein-lipid complexes that transport 

lipids in vertebrates' circulation (and even in insects).97 LPs are synthesized in the liver, 

modified from precursor LPs, or assembled at cell membranes from existing cell lipids. 

LPs undergo enzymatic reactions of their lipid components, spontaneous and assisted lipid 

transfers, and soluble apolipoprotein transfer. LPs are commonly categorized based on their 

hydrated density (in descending order) into chylomicrons; very low-density lipoproteins 

(VLDL), low-density lipoproteins (LDL), and high-density lipoproteins (HDL). Their 

diameters correlate inversely with their density. Each type of lipoprotein has a unique 

composition of lipids, proteins, and enzymes, which allows it to perform specific functions 

in lipid transport and metabolism. The composition and relative levels of different 

lipoproteins in plasma can provide important information about lipid metabolism and 
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health status. Lipoproteins are key markers of cardiovascular health and dyslipidemia, and 

their levels can be tested in a regular blood test as part of a lipid profile.98 

However, not only are lipids exceedingly complex in composition and structure, but 

their concentration is also highly dynamic. The plasma lipidome is estimated to consist of 

over 500 distinct lipid molecular species with varying concentrations. 99 The headgroup 

and the kind of connection between the headgroup and acyl chains determine the classes 

and subclasses of lipids. The acyl chains vary in length (i.e., number of carbon atoms), 

unsaturation degree, and potential branching. These variations in lipid headgroup and acyl 

chain contribute to the vast number of distinct lipid molecular species, making it nearly 

impossible to fully characterize the whole lipidome by a single approach.  

Solid phase microextraction (SPME) is a relatively new and innovative technique that 

has gained recognition in the analytical field due to its simplicity, speed, and low sample 

consumption.100 Despite its growing popularity, the importance of proper lipid extraction 

and analysis techniques cannot be overstated, as variations in sample preparation can 

significantly impact the accuracy and reproducibility of lipid analysis results. The 

presented research, albeit short, investigates some parameters to be considered during a 

method development geared towards determination of the total concentration of lipids in 

plasma using SPME devices. The findings of this study may contribute to developing 

reliable and robust SPME-based lipid analysis protocols for use in clinical and research 

settings. 
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2.1.2 Experimental 

Materials, supplies, and standards 

LC–MS grade methanol (MeOH), isopropanol (IPA), acetonitrile (ACN), and water 

(H2O) were purchased from Fisher Scientific (Hampton, NJ, USA). LC–MS-grade formic 

acid, acetic acid, ammonium acetate (NH4Ac) were acquired from Sigma Aldrich 

(Oakville, ON, Canada). LC–grade acetone, mixture of hexanes, chloroform (CHCl3), 

polyacrylonitrile (PAN), N, N-dimethylformamide (DMF), and butylated hydroxytoluene 

(BHT) were acquired from Millipore-Sigma (Oakville, ON, Canada). 

Pooled human plasma (non-filtered, stabilized with K2EDTA) was obtained from 

BioIVT (NY, USA) and kept frozen at –80 °C until needed. Appropriate plasma aliquots 

were thawed over ice prior to each experiment, never allowing more than one freeze-thaw 

cycle. Lipid standards were purchased from Avanti Lipids (Birmingham, IL, USA). 

Individual primary stock standard solutions of individual lipids were prepared using 

chloroform and stored at –80 ° for up to 4 months, after which they were discarded and 

prepared anew. Working standard solutions were prepared weekly by sequential dilution 

using MeOH and stored at –80 °C. Instrumental calibration curves and quality control (QC) 

samples were prepared in the 0.1– 500 ng/mL range and at 25 ng/mL, respectively.  

Silica particles functionalized with octadecyl (C18, 40 µm and 5 µm particle size) and 

custom-made SPME C18-coated fibers (40 µm coating thickness) were a kind gift from 

Supelco (Oakville, ON, Canada). Commercial hydrophobic lipophilic balance particles 
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(Oasis HLB) were a kind gift from Waters Corporation. In-house HLB particles used were 

synthesized (not by the author) following the protocol published elsewhere.101  

Suspension of particles preparation and fabrication of SPME probes 

In-house preparation of SPME probes utilized either stainless-steel probes from 

Shimifrez Inc. (Concord, ON, Canada) or nitinol wire (SE508 alloy, 200 µm diameter) 

from Confluent Medical (Fremont, CA, USA) as the solid support. To manufacture the 

SPME probes, polymeric particles were deposited onto a solid support following a coating 

dipping procedure developed in our laboratory and reported previously.102 All probes 

underwent an etching process to increase the mechanical stability of the thin coating layer. 

For instance, stainless-steel probes (Shimifrez, ON, Canada) were chemically etched by 

submersing the probes in concentrated hydrochloric acid while being agitated at 90 rpm 

(60 min total); then, two washing steps with water and one with methanol were made 

(15 min each, 90 rpm); then dried in an oven at 120 °C for an hour. Contrary to the 

stainless-steel probes, nitinol wires (SE508 alloy, 200 µm diameter) were mechanically 

etched using 320-Grit sandpaper, quickly rinsed with methanol under agitation (30 min, 

1000 rpm), and allowed to air-dry. 

The coating for the SPME probes employed a suspension of sorbent particles – also 

referred to as a coating slurry. Briefly, the polyacrylonitrile (PAN) matrix-compatible 

binder was prepared by dissolving 2.5 g of PAN in 36.5 mL of N, N-dimethylformamide 

(DMF) – aided by heating to approximately 90 °C while stirring every 15 min, until 

complete dissolution. This binder was mixed with particles to obtain a 10% (w/w) 
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suspension (a coating slurry), vortexed at 2000 rpm for 10 min and left stirring overnight 

at 800 rpm with a magnetic bar.  

Each probe was coated initially using the binder solution (only PAN/DMF, sans 

particles) to create a thin (<0.5 µm thickness) coating, referred to as undercoating, intended 

to minimize direct interactions of the matrix with the solid support.103 Then, the coating 

was achieved via repeated dipping of the probe into the particle-containing slurry until the 

desired coating thickness was obtained. Desired thicknesses were achieved by varying the 

withdrawal speed and the number of layers. After each layer, the probe was allowed to air-

dry in a fume hood, then cured in an oven for 60 s at 125 °C.104 The coating thickness for 

the probes was measured using a digital micrometre (Uline, ON, Canada). The probes were 

cleaned (30 min, 100 rpm) with a solvent mixture (MeOH/ACN/IPA/H2O, 3/3/3/1, v/v) to 

remove impurities from handling and debris from fabrication, then kept immersed in fresh 

solution until needed. 

General procedure for extractions 

A typical sample preparation using the SPME probes involves five steps: probe 

cleaning; preconditioning the coating for extraction; extraction from the sample; a quick 

rinse step; and solvent desorption. First, an additional cleaning step using the same solvent 

mixture (MeOH/ACN/IPA/H2O, 3/3/3/1, v/v) with agitation at 1000 rpm for 30 min. For 

preconditioning, the probes were exposed for 30 min to MeOH/H2O (1/1, v/v) under 

agitation at 1000 rpm to activate the reverse-phase sorbent pores in the extracting phase 

prior to exposure to an aqueous sample. Then, the extraction occurred under vortex 
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agitation at 1000 rpm for a pre-determined period, ensuring all the coating was fully 

submerged in the sample. Then, a quick rinse step (3–5 s) in acetone/water (9/1, v/v) to 

dislodge loosely attached analytes/matrix components from the probes. Occasionally, lint-

free tissue was used to clean the probes with visible attachments further. Finally, the probes 

were desorbed in the solvent under agitation at 1000 rpm for 60 min. Unless specified 

differently for a particular experiment or section, the desorption solvent was composed of 

IPA/MeOH/H2O (45/45/10, v/v). The desorption solvent also contained 1 mM of butylated 

hydroxytoluene as an antioxidant, added as a precautionary measure to minimize any 

possible lipid peroxidation.105 

Liquid chromatography and (Targeted) Mass Spectrometry 

The chromatographic separation conditions used are described in Table 2.1, using the 

method by Monnin et al. as reference.106 Table 2.1 summarizes chromatographic conditions 

used for separation. Targeted experiments were carried out on a TSQ Vantage™ triple-

quadrupole mass spectrometer (Thermo Scientific, CA, USA) equipped with a heated ESI 

ionization source. Optimum collision energy and S-lenses conditions were determined for 

each compound via direct infusion of standards. Data processing was done using Trace 

Finder 4.1 from Thermo Scientific. The amount of lipids extracted in nanograms was 

determined based on instrumental calibration curves of target analytes spiked in neat 

desorption solvent in the 0.1–500 ng/mL range. 

Absolute relative matrix effects were evaluated according to the method proposed by 

Matuszewski et al.107 Concisely, if one depicts the peak areas obtained in neat solution 
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standards as 𝐴, and the corresponding peak areas for standards in blank plasma extracts 

spiked after extraction as 𝐵, then absolute matrix effects (AME) for analytes are estimated 

with the equation below (provided both 𝐴 and 𝐵  are spiked at the same concentration 

level). Hence, between 80 – 120 % AME values are regarded as minimal/no absolute 

matrix effects from the method; AME values higher than 120% are an indication of positive 

matrix effects causing ion enhancement by concomitant extraction of matrix components; 

and AME values under 80% represent negative matrix effects resulting from ion 

suppression from coextracted matrix components. 

 𝐴𝑀𝐸 = (𝐵 𝐴⁄ ) × 100 Eq. 5 

Qualitative glance for SRM® 1950 plasma using Liquid chromatography and high-

resolution mass spectrometry 

For the qualitative analysis of the standard reference material SRM® 1950, an untargeted 

approach with high-resolution mass spectrometry (HRMS) coupled with ultra liquid 

chromatography (UPLC). The chromatographic separation was carried out by Waters 

Acquity M-class UPLC system M-class system coupled to a Q-tof mass analyser Waters 

Xevo Q-Tof G2-S (Waters Corporation, Manchester, UK) with the conditions summarized 

in  

Table 2.2 for positive and negative ionization modes. Data acquisition was conducted 

using full scan mode in the m/z range 100–1000 and using MassLynx software (version 

4.1). The raw data files were converted into the mzXML using the MSconvert toolkit 

(ProteoWizard 3.0).108 The IPO109 package was applied for optimization of peak picking 

and retention time correction, followed by online-based XCMS110 package for peak 

extraction, filling, grouping, and alignment via the R script developed in-house. 87,111 The 

resulting list of features underwent filtering to discard peaks with significant variance and 
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artifacts from blank samples: Peaks exhibiting relative standard deviation in their intensity 

across all samples above 30%, as well as signal-to-noise under 5 (relative to blank 

desorption solvent samples and blank SPME probes samples) we discarded, as per the 

acceptance criteria. The xMSAnnotator Integrative Scoring Algorithm was used to 

annotate features based on retention time clusters, adduct formation, isotope patterns, 

and abundance, and pathway analysis.112 Then, these features were manually curated 

against databases such as LIPID MAPS6,7,113 and METLIN 113 to provide (realistic) 

identities. 

Table 2.1. LC-MS/MS parameters employed for targeted quantitation of lipid standards. 

Mass spectrometry conditions – Thermo TSQ Vantage ™  

Spray voltage 3.0 kV in positive mode 

Vaporizer temperature 300 °C 

Transfer capillary temp. 350 °C 

Sheath gas, arb 30 arb 

Auxiliary gas, arb 40 arb 

Sweep gas, arb 10 arb 

Dwell time 10 ms/ transition 

Liquid Chromatographic conditions – Thermo Vanquish Flex UHPLC 

Column Waters Acquity CSH® C18 1.7 µm, 2.1×75 mm 

Mobile phase A H2O/MeOH (6/4)  

Mobile phase B MeOH/IPA (2/8) 

Additives in + mode  1 mM acetic acid, 10 mM ammonium acetate 

Additives in – mode 0.05 % (v/v) acetic acid 

Flow rate 350 µL/min 

Column temperature 55 °C 

Samples temperature 5 °C 

Injection volume 10 µL 

Gradient [min, %B] 
0.0 min, 20%; 1.0 min, 20%; 4.0 min, 80%; 6.0 min, 95%; 

8.8 min, 95%; 8.9 min, 20%; 10 min, 20% 

 

Table 2.2. HPLC-HRMS parameters used in Waters Q-Tof for untargeted analysis. 

Xevo G2-S Spray voltage 1.2 kV 
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Q-ToF MS Cone voltage 40 V 

Source offset 80 V 

Capillary temperature 250 °C 

Source block temperature 100 °C 

Acquisition mode MS Sensitivity 

Scan time 250 ms 

Mass range 100 – 1000 m/z 

Lock Mass acquisition 
LeuEnk (m/z 556.2371 [M+H]+, m/z 556.2371 [M–H]–);  

scan time 50 ms, interval 30 s, 10 scans to average 

Mass Calibration 0.5 mM sodium formate; MS mode between 110–1000 m/z 

Waters 

UPLC 

M-class  

Column Waters Acquity CSH® C18 1.7 µm, 2.1×75 mm 

Mobile phase A H2O/MeOH (6/4, v/v)  

Mobile phase B MeOH/IPA (2/8, v/v) 

Additives in + mode 1 mM acetic acid, 10 mM ammonium acetate 

Additives in – mode 0.1 % (v/v) acetic acid 

Flow rate 300 µL/min 

Column temperature 55 °C 

Temperature autosampler 5 °C 

Injection volume 10 µL 

Gradient [%B] 
0.0 min, 20%; 2.0 min, 20%; 2.5 min, 50%; 14.0 min, 90% 

17.0 min, 95%; 17.1 min, 20%; 21.0 min, 20% 
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2.1.3 Results and discussion 

Liquid chromatography and mass spectrometry 

The target analytes were selected for method development based on their availability, 

aiming at ultimately covering multiple lipid classes of those likely to be found in plasma. 

Though, a certain focus was taken on glycerophospholipids (PL): the most abundant on a 

weight basis,99 and they drew the author’s scientific curiosity. Overall in this dissertation, 

the studied compounds represented few of the major categories, such as fatty acids 

(including saturated and poly-unsaturated), glycerolipids, and various 

glycerophospholipids subclasses, and offered a wide range of polarities, as inferred from 

their LogP values in the 6–20 range.2 Synthetic lipid standards were selected as these odd-

chained lipids (also referred to as exogenous lipids) portray fragmentation patterns that 

reflect naturally occurring lipids (i.e., endogenous lipids),24,59 while being rarely found in 

most biological samples. Shorthand lipid notation is used throughout the dissertation to 

refer to studied compounds.114 A complete list of lipid standards used is included in Table 

2.3. Choosing reverse phase column chromatography (RPLC) was preferred over other 

chromatographic separation, as the used of RPLC substantially increases the separation 

efficiency of lipids compared to normal phase or HILIC, as the intrinsic hydrophilic content 

of the lipidome is poor.30,31,115 The chromatographic method is based on a previous method 

intended for untargeted studies of lipids extracted from proxy brain tissue.106,116 By 

modifying the flow and solvent gradient, enough separation was obtained for the major 

lipid categories in a single 10-minute run. The method’s validation parameters are 

presented in Table 2.4.  
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Table 2.3. Standards employed in this study with their hydrophobicity expressed as LogP2, the monitored MS/MS transitions, 

and collision energy (CollE) in V. 

Lipid standard LogP m/z Precursor  m/z Frag. 1 [CE] m/z Frag. 2 [CollE] S lens (V) 

LPC 17:0 6.40 510.4 184.1 [16] 104.1 [23] 15 

LPC 16:0 6.01 496.4 184.1 [16] 104.1 [23] 15 

LPE 17:1 6.23 465.3 324.1 [19] – 17 

LPS 17:1 5.68 510.4 324.1 [19] – 17 

PC 15:0_15:0 11.26 706.5 184.1 [25] 464.3 [32] 19 

PC 16:0_16:0 (DPPC) 12.04 734.5 184.1 [25] 492.3 [32] 20 

PE 17:0_17:0 12.87 720.6 579.6 [15] 253.2 [25] 17 

PE 16:0_18:1 12.65 718.5 577.5 [15] 265.3 [27] 17 

PS 17:0_17:0 12.33 764.5 579.5 [25] 494.2 [34] 16 

PG 17:0_17:0 12.55 768.6 579.5 [24] 327.3 [27] 16 

TG 19:0_19:0_19:0  20.80 950.9 635.6 [24] – 19 

α-LA (FA 18:3-ω6) § 5.66 277.3 277.3 [5] 229.1 [24] 12 

LA (FA 18:2-ω3) § 5.88 279.3 279.3 [5] 231.1 [24] 12 

FA 13:0 § 4.38 213.2 213.2 [5] 169 [24] 12 

§ Negative ion mode. 

The MS/MS spectra for FA also included dehydration products [𝑀 − 𝐻 − 𝐻2𝑂]− with CV set at 15 V. 
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Table 2.4 Figures of merit for validation of LC-MS/MS method on TSQ Vantage. 

Standard LOD (ng/mL) LOQ (ng/mL) Dynamic range 
Precision, % 

Inter-day Intraday 

LPC 17:0 0.1 0.5 0.5 – 500 2 7 

LPC 16:0 0.1 0.5 0.5 – 500 2 3 

LPE 17:1 1.0 5.0 5 – 500 3 5 

LPS 17:1 1.0 5.0 5 – 500 2 6 

PC 15:0/15:0 0.05 0.5 0.5 – 750 2 3 

PC 17:0/17:0 0.05 0.5 0.5 – 700 3 4 

PC 19:0/19:0 0.05 0.5 0.5 – 750 2 4 

PC 16:0/16:0 0.05 0.5 0.5 – 750 2 3 

PE 17:0/17:0 0.5 1.0 1 – 750 3 6 

PE 16:0/18:1 1.0 5.0 5 – 500 4 7 

PS 17:0/17:0 0.5 1.0 1 – 750 3 7 

PG 17:0/17:0 0.5 1.0 1 – 750 3 7 

TG (19:0)3 1.0 5.0 5 – 500 6 10 

 

By tuning in the presence of the chosen mobile phases, in a 1:1 ratio by volume, the 

source settings for efficient ionization and subsequent fragmentation were obtained, as 

presented in Table 2.3. Ionization of PLs occurred primarily by formation of protonated 

adducts with typical fragmentation patterns based on their polar heads (e.g., neutral head 

loss for PE, PS and PG; phosphocholine ion formation for PC), and less intense fragments 

based on their fatty acyl moieties. In contrast, very hydrophobic lipids such as triglycerides 

and cholesteryl esters exclusively formed ammonium adducts. The ionization of fatty acids 

readily occurred via deprotonated adducts, yet they exclusively produced dehydrated and 

decarboxylated fragments. Analysis of unesterified fatty acids in samples of biological 

interest is typically carried out using derivatization strategies to increase their selectivity 

and sensitivity.117–119 Fatty acids were not further regarded as analytes for this subsection 

for two main reasons: (i) dehydration and decarboxylation fragments are typically 

disregarded in MS for their lack of specificity, which would have posed a problem for real 
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(complex) plasma samples without additional sample preparation steps; (ii) Birjandi et al. 

had already proposed a SPME-based study on the quantitation of (polyunsaturated) fatty 

acids from plasma samples using a LC-MS/MS platform using unfragmented deprotonated 

molecular ions.43 Instead, these fatty acids are used as model compounds for the study 

presented in sub-chapter 2.3. 

As lipids are known to lack water solubility; therefore, in instances where a sample is 

prepared in PBS, self-aggregation of lipids due to over–spiking is expected. The PBS 

samples are a mere simplification of the matrix complexity to study lipids, with the same 

pH and ionic strength as normal physiological conditions.120  Moreover, lipids are known 

to self-assemble into diverse configurations (e.g., bilayers, micelles, vesicles, liposomes, 

etc.) with varying degrees of order and molecular organization.121 For this thesis, these 

aggregates are referred to using the umbrella term ‘micelles’; their exact physicochemical 

nature was not investigated, as that was way outside the scope of the research; and assumed 

to not participate during SPME mass transfer, as SPME’s extraction is believed to occur 

via free concentration.66,68 

Coating selection, desorption conditions and carryover 

Coating selection is the classic initial part of SPME method development, as the SPME 

performance highly depends on the affinity between analytes and the extraction phase. Said 

affinity is represented by the SPME coating/sample matrix distribution constant, 𝐾𝑒𝑠, at 

equilibrium. Additionally, when selecting a coating for a complex matrix such as plasma, 

the affinity/selectivity of the coating towards possible matrix interferences should also be 
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considered.120,122 Considering this, C18 seems like the obvious choice for a coating that 

exhibits a high affinity towards hydrophobic compounds, as previously reported.116,120,123 

In addition, other studies conducted in the research group have indicated that hydrophilic-

lipophilic balanced (HLB) particles are efficient for extracting hydrophobic compounds.70 

Hence, HLB particles were also considered using two particular sources: Waters particles 

from a kind gift and in-house synthesized particles. Extraction took place for 90 min using 

SPME fibres (10 mm long, 40 µm thickness), from 1 mL of sample with exogenous lipids 

at 100 ng/mL. Figure 2.1A shows the amounts of lipids extracted by each tested coating 

type. For this set of analytes, HLB particles (regardless of origin/source) showed the 

highest performance towards polar lipids, such as lyso-glycerophospholipids, with lower 

recoveries towards more hydrophobic lipids, such as PLs and TGs. Nevertheless, C18 

showed a better coverage toward the more hydrophobic lipids in addition to slightly better 

reproducibility, thus it was selected moving forward. 
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Figure 2.1. (A) Comparison between three different coating chemistries for extraction of 

lipids from PBS (pH 7.4, 100 ng/mL). (B) Desorption solvent comparison between two 

solvent mixtures of different organic content ratio.  Mixture 1 was composed of methanol 

and isopropanol in equal volumes (MeOH/IPA, 1:1, v/v), while mixture 2 was composed 

of methanol, isopropanol and water (MeOH/IPA/H2O, 45/45/10, v/v/v). 

 



37 

 

 

Figure 2.2. (A) Carryover evaluation for the SPME probes used by carrying out a second 

(60 min, 1000 rpm) desorption step with both solvents evaluated in Figure 2.1B. The 

carryover is represented as the area ratio between the second and first desorption steps. 

(B) Desorption time profile constructed for selected lipid standards using desorption 

mixture 2, done under agitation at 1000 rpm. 

Then, two solution mixtures were compared in terms of the desorption performance of 

extracted lipids from C18-coated probes, as seen in Figure 2.1B. Ideally, a desorption 

solution should offer minimal carryover and be compatible with the LC conditions to 
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ensure good chromatographic separation and peak shapes. The carryover was assessed by 

performing a second desorption step from the probes, defined as the ratio of the amount 

desorbed in the second desorption step over the initial desorbed amount. The carryover for 

each solvent tested is plotted in Figure 2.2A. Mixture 2, containing 

isopropanol/methanol/water (45/45/10, v/v), was determined as the better-performing 

desorption solution regarding its reproducibility and carryover. While Mixture 1 showed 

similar desorption performance to Mixture 2, it also showed higher variability and 

significant carryover toward the relatively polar lysophospholipids. Following the selection 

of the desorption solvent, finding an optimum desorption time was the next step for the 

selected desorption solvent. Times in the 10 – 60 min range were studied, and results are 

shown in Figure 2.2B. Considering the high ratio of organic solvent, 90% by volume, fast 

equilibration between the extracted analytes in the SPME coating and the desorption 

medium was expected. However, the rate of desorption seems to increase greatly for lipids 

of higher hydrophobicity, alluding to their higher affinity towards the coating chemistry 

used. 

Spiking approach and extraction time 

While it is recommended for SPME method development to use ~1% volume of 

organic solvent for biological samples, the specifics on how to spike are analyte dependent. 

Furthermore, it is agreed that calibration approaches with SPME may be sensible to the 

kind of solvent used for spiking – methanol being the preferred choice for spiking of 

aqueous samples based on its similarity to water.120,124 However, lipid standards are 
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occasionally dissolved in chloroform, a much stronger organic solvent than methanol, 

which could disrupt/modify the sample even with spiking volumes below 1%.  

To this end, as described below, three ways of mixing a small amount of a lipid 

standards mixture (10 µL, 500 µg/mL in CHCl3) and a plasma aliquot (2.0 mL) were 

compared, and the results are shown in Figure 2.3. All spiked plasma samples were 

incubated overnight at 4 °C, then shaken gently (500 rpm, 30 min) the following day to 

temperate before performing any SPME extractions using C18 fibres (15 mm long, 40 µm 

thickness, 𝑛 = 5): 

I. Standard + plasma: a small volume (10 µL) of the standard was added directly 

into 2 mL of plasma. Turbidity is seen immediately around the pipette tip, 

suggesting localized protein precipitation. 

II. Plasma + Standard: 10 µL of the standard is added to the bottom of a glass 

vial, and rapidly 2 mL of plasma is added on top.  

III. Drying + Plasma: A small volume (10 µL) is added to a vial’s bottom, then 

the solvent is evaporated with a gentle nitrogen stream, followed by the addition of 

2 mL of plasma. 
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Figure 2.3. Comparison of three spiking approaches of exogenous, odd-chain lipids 

standards in human plasma.  

These three spiking approaches resulted in similar analyte recoveries from the plasma 

matrix, though approach III has the lowest standard deviation. The low deviation was 

attributed to the lack of strong-organic solvent, thus minimizing local protein precipitation, 

and maintaining sample integrity. While any spiking approach could seemingly be used, 

approach III was used onward as per its low deviation. In addition, approach III would 

allow spiking volumes over 1%, provided the organic solvent is duly evaporated. 

Undeniably, this comparison was carried out with SPME probes which would extract from 

the unbound pool of analytes; thus, as executed, this experiment fails to verify the binding 

of exogenous lipids to the matrix. Yet, compelling evidence exists to assume adequate 

binding by exchange of soluble monomers and from collisions,125,126 such as observed 

between micellar bodies 127 and among lipoproteins. 128  



41 

 

 

Figure 2.4. Extraction time profiles from plasma samples using C18-coated fibers for 

selected lipid analytes. (A) LPC 17:0; (B) LPE 17:1; C) PC 15:0_15:0; (D) PE 17:0_17:0; 

(E) PS 17:0_17:0; (F) TG (19:0)3. 

 

Keeping on with the coating chemistry, desorption condition and spiking approach 

selected, the SPME coating was selected, and the desorption conditions were carefully 
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optimized, other extraction parameters such as time and various agitation rates were studied 

using extraction time profiles (ETP). Extended extraction times allow improved sensitivity, 

and reduced variability, in addition to allowing the equilibrium-based quantitation 

approach. Extraction was performed on plasma samples, using a long-time frame to expect 

equilibrium to be achieved for all lipid species. The extraction time profiles were 

constructed using agitation at 1000 rpm, as convection conditions are known to 

significantly increase the mass transfer between the matrix and coating by effectively 

reducing the thickness of the boundary layer. Figure 2.4 shows the ETPs obtained for 

exogenous lipids in plasma. The more polar lysophospholipids required relatively short 

times (around 30 min) for equilibration, whereas more hydrophobic lipids took over an 

hour to equilibrate. Surprisingly, particularly for hydrophobic lipids (e.g., PL and TG), a 

second plateau was observed at very long extraction times (> 90 min). AP. Birjandi et al. 

had assigned this phenomenon to temperature-driven changes to the lipoprotein 

composition resulting from long periods of agitation.123 Similarly, Reyes-Garcés et al. had 

observed this behaviour for hydrophobics drugs and assigned it to the “complexity of the 

system”.124 From my perspective, continuous analyte uptake by the sorption phase implies 

that true equilibrium was not reached for hydrophobic lipids, due to their incredibly low 

solubility in aqueous media,129,130 and their (vastly) high affinities,68 towards the various 

lipid-carrier proteins in plasma. It is very likely that very hydrophobic lipids (such as 

triglycerides and cholesteryl esters, which are carried in the core of lipoproteins) present 

very slow desorption rates from these lipid-binding particles.131 Furthermore, 
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apolipoproteins B-100 and ApoA-II are determinants of cholesterol and triglyceride efflux, 

thus these could mediate their desorption into free-concentration.132 

Matrix modification, matrix effects and matrix-matched calibration  

In this study, a matrix-matched calibration was considered as an SPME quantitation 

strategy to estimate the total concentration of the odd-chain analytes. With matrix-matched 

calibration, the total concentration is calculated by spiking known quantities of analyte to 

a blank matrix that can mimic the studied sample. It is essential in SPME that the 

simulation of the sample matrix is adequately done since any changes in the sample (such 

as pH, ionic strength, or organic matter) may affect the degree of binding of analytes to 

matrix components. While a plasma sample free of lipids is unattainable, using a standard 

reference material presents a high-priced alternative. The SRM 1950®, a “normal” human 

plasma, was chosen as a viable choice to standardize the proposed SPME method.133 

SRM 1950® has been used comprehensively for various interlaboratory comparisons 

aiming at harmonizing measurements, methodologies, and nomenclature; creating 

consensus on expected physiological values; and recognizing areas needing 

improvement.33,99,134–136 In addition to SRM 1950®, other plasma lots were considered to 

assess the relative matrix effects for the proposed SPME methodology. 

However, preliminary experiments (results not shown) alerted of possible challenges 

to a simple matrix-matched calibration approach: first, the expected high (excessive) 

degree of binding between the matrix and the analytes places an additional constrain on the 

attainable limits of detection and quantitation for SPME,124,137–139 which is further 
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exacerbated by the limitation in sample volume available for costly samples (such as 

SRM 1950®) or clinically relevant samples (e.g., plasma samples from infants or elders). 

Second, the vast differences in concentration for distinct lipid classes make it difficult 

(if not impossible) to select single calibration levels to target various lipid classes 

simultaneously. While a “one-fits-all” tactic could work well,123 it would not be an 

appropriate representation of “normal/physiological” lipid levels in a plasma sample. 

Third, there are challenges associated with spiking lipid analytes to the plasma matrix, as 

described before. For example, methanol is preferred from its high solubility in 

water/aqueous media, yet most lipid standards are prepared in stronger solvents (such as 

chloroform) that rapidly cause localized changes in plasma during spiking (seen as a cloudy 

formation). Moreover, self-aggregation of lipids during spiking from localized hot spots 

may not mimic the matrix accordingly. 

Hence, two considerations were taken to estimate the total concentration via a matrix-

matched calibration in plasma. First, another SPME probe geometry was considered: the 

legacy fiber geometry and a coated blade, as an example of a thin-film device which offers 

a larger surface area for enhanced sensitivity an faster analyte uptake.69,101,124 Second, 

plasma ought to be modified with an organic solvent, a normal practice during method 

development, with the intention of increasing the free analyte concentration.140–143 This 

approach boosts the free concentration of the analytes, which promotes their extraction 

onto the SPME device. Nevertheless, the addition of solvent to a matrix causes additional 

challenges to the analyte extraction. If there is too much organic solvent, the analyte 
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partition may be driven onto the solvent-rich medium rather than the extractive particles 

due to a substantial drop in the partition coefficient, 𝐾𝐹𝑆, therefore reducing the amount 

extracted. Likewise, a low amount of solvent leads to a limited release of analytes and, as 

a result, low limits of quantitation. This approach is not viable for studies interested in the 

determination of binding parameters. 

 

Figure 2.5. Plasma modification with acetonitrile to artificially increase the free 

concentration of lipids, thus increasing the total amount recovered by SPME fibers. 

The results depicted in Figure 2.5 portrays the enhanced extraction of analytes with 

increasing ACN content (100 µL of plasma, 0–75 µL ACN, completing to 200 µL with 

PBS). However, Figure 2.6A showcases the absolute matrix effects stemming from the 

addition of 25 µL acetonitrile for extractions with fibers and blades. It is worth noting that 

SPME probes have minimal AMEs on extractions done from neat plasma (regardless of 

the geometry). While more lipids are extracted upon modification, significant AMEs are a 

by-product of said modification – a dilemmatic situation to increase the recovered amounts 
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by SPME probes in a timely, practical manner. The findings in Figure 2.6B portray the 

AMEs obtained for extractions using blades at different ACN ratios. The lowest ratio of 

ACN used/tested also resulted in the lowest induction of AMEs, though not for all tested 

analytes.  The observed AMEs indicated primarily ion suppression for lipid analytes from 

minor lipid classes in plasma such as LPE, LPS, PG, and PS. Conversely, positive matrix 

effects, indicating ion enhancement, were mainly observed on PCs, one of the most 

abundant lipid classes in plasma and other tissues. PCs are widely known to cause matrix 

and ionization effects in various MS-based analysis.107,144,145 In fact, additional steps for 

clean-up extracts to remove these zwitterionic species are part of workflows intended for 

quantitation of minor lipid species.145 Triglycerides were not significantly affected 

compared to glycerophospholipids, possibly from low overall solubility in ACN or other 

cofounding factor from matrix modification. 

Thus, matrix-matched calibration curves on plasma entailed two sequential extractions 

using different geometries: An initial extraction employing fibers (C18 coated, length 

10 mm, thickness 40 µm) done on neat plasma (100 µL, 60 min extraction at room 

temperature); followed by plasma matrix modification (adding 25 µL ACN and 75 µL 

PBS) and gentle agitation for 10 min; and finally, a second extraction employing thin-

coated blades (C18 coated, 10 mm long, 15 µm) done on modified plasma. In all cases for 

the matrix-matched calibration, four independent probe replicates were used for extraction. 
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Figure 2.6. Absolute matrix effects evaluated for extraction of exogenous lipids from 

human plasma. (A) Absolute matrix effects were obtained for extraction with SPME fibers 

upon plasma modification with acetonitrile. (B) Absolute matrix effects were determined 

for neat and modified plasma (at the lowest level, 25 µL ACN) using two SPME probe 

geometries:  fiber and coated blade. 

The best results were obtained for LPC 17:0 in terms of relative matrix effects obtained 

given that the slopes four different plasma lots exhibited relative standard deviation (RSD) 

values below 20% for extraction from neat plasma. Moreover, the calibration curves 
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obtained show linearity within the studied concentration range, 0.1–10 ppm, for the 

different plasma lots employed as seen in Figure 2.7.  Good results may be considered for 

the slopes constructed on modified plasma with RSD of 11% and 4% for the lower and 

upper ranges, respectively. However, there is a loss of linearity for this approach taken the 

linearity is dubious for calibration curves prepared from modified matrix. In conclusion, 

matrix modification coupled to extraction with blades seemed a viable option to increase 

the amount extracted from lipids, yet at the cost of AMEs, a tough compromise. The results 

by comparing this small sample set of plasma lots suggests the presence of relative matrix 

effects. Relatively small recoveries might be highly influenced by the high affinity 

hydrophobics have towards lipoproteins and possible micelle-like matrix components 

present in plasma, effecting large competition to the extracting phase, as observed by the 

small amounts recovered from neat plasma. While this venue, extraction from neat plasma, 

may be explored further for applications, immense efforts are required to understand from 

the dynamics of mass transfer taking place between distinct lipid compartments (i.e., bound 

pools of lipid analytes) and the coating phase. Additionally, plasma composition is too 

variable between individuals (influenced by factors such as gender, age, race, etc.) and 

even within the same individual (i.e., varying levels of lipoproteins with diet and circadian 

rhythm). Thus, the best (and perhaps the easiest) path to improve the obtained findings is 

having a plasma homogenization step, to minimize inter-sample variability and increase 

the free concentration of lipids. Similar approaches had been used for highly bound 

analytes, such as immunosuppressants in whole blood.140,146 
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Figure 2.7. Matrix matched calibration curves for exogenous lipid, LPC 17:0. 

(A) Extraction from SRM® 1950 plasma using SPME fibers; (B) Extraction from other 

plasma lots using SPME fibers; (C) Extraction from ACN-modified SRM® 1950 plasma 

using SPME blades; (D) Extraction from ACN-modified plasma lots using SPME blades; 

(E) Lower range for the matrix-matched calibration curves from all plasma lots using 

blades; (F) Upper range of calibration curves for all plasma lots using blades. 
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Figure 2.8. Matrix matched calibration constructed for exogenous, very hydrophobic 

lipids in various plasma samples. (A) Extraction of PC 15:0_15:0 from neat plasma using 

SPME fibers, (B) Extraction of PC 15:0_15:0 from modified plasma using SPME blades, 

(C) Extraction of PE 17:0_17:0 from modified plasma using SPME blades, (D) Extraction 

of TG (19:0)3 from modified plasma using blades. 

Nevertheless, extraction of very hydrophobic compounds from plasma using SPME is 

feasible but significantly more complex. For instance, the matrix–matched calibration 

curves obtained for PC 15:0_15:0 from various sources of plasma, presented in Figure 

2.8Figure 2.7A, suggest the presence of relative matrix effects, as suggested by the 

different amounts extracted in the upper range of exogenous lipid spiked. However, these 

relative matrix effects can be minimized by introducing a matrix-modification step, as 

shown in Figure 2.8B. Though, including a matrix-modification step may cause losses of 
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linearity for other lipids present in the sample, as resulting for exogenous PE 17:0_17:0 

and TG (19:0)3 as shown in Figure 2.8C and Figure 2.8D, respectively. 

Parameters as polarity and the affinity of an analyte for the matrix binding components 

(e.g., the distinct lipoprotein classes) and the extraction phases should be considered. 

Regarding the polarity, it is especially important to emphasize that highly polar compounds 

typically display shorter equilibration times from their low affinities to the SPME coatings. 

Within the current set of analytes, polar lipids such as lyso-phospholipids (and presumably 

fatty acids and other single-chained lipids) are behaving as polar analytes would, with 

higher affinities instead. Efficient convection conditions, such as faster agitation 

conditions, enable for a decrease in the thickness of the boundary layer, which accelerates 

the mass transfer process occurring from the sample matrix.  

𝑡𝑒𝑞 ≅ 𝑡95% =
𝛿𝐾𝐿

𝐷𝑆Γ𝑚𝑎𝑥
 

Eq. 6 

Equation 6 shows equilibration time for SPME as a function of the distribution constant 

(𝐾), the thickness of the SPME coating (L) and the boundary layer (𝛿), the diffusion of the 

analyte through the sample (𝐷𝑆), and the coating capacity (Γ𝑚𝑎𝑥).137,147 Within this frame 

of reference, when extractions are performed close to equilibrium (as intended in this 

thesis), the amount of analyte collected is mostly determined by the analyte’s distribution 

constant. In contrast, diffusion of analytes plays a bigger role if extraction process is 

interrupted far from equilibrium. Membrane lipids such as phospholipids are known to 

exhibit fast lateral diffusion in layers (monolayers, bilayers, membranes).148 However, 
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studies directed at understanding the dynamics of compounds at the oil−water interface are 

exceptionally rare.149 Negishi et. al found that diffusion of phospholipids at a water/oil 

interface seems to be determined by the oil viscosity.150  While protein-attachment and co-

extraction of interferences by SPME devices is relatively uncommon for other small 

molecules; one could even consider some lipids as interferences to themselves – 

particularly phospholipids. Clearly any adoption of a matrix-modification step would need 

careful consideration to ensure analyte stability without negatively impacting additional 

extraction parameters derived from the modified chemical environment. The affinity to the 

sorbent coating may be severely impacted in the modified matrix’s chemical makeup, 

resulting in this strategy has been exploited to increase sorption selectivity. Other examples 

of matrix modifications which could be used for increased selectivity in lipid analysis could 

include changes in pH (e.g., fatty acids, acid trace phospholipids, sphingolipids); changes 

to the ionic strength (i.e., phosphoserines for tissues); volume (e.g., dilution of undesired 

concomitant polar co-extractants); or even a sample derivatization step. These approaches 

could potentially lead to a broader applicability of SPME for lipids/lipidomics studies 

before the urge for harmonization excludes SPME even further. 

Standard addition curves were also prepared for the SRM® 1950 plasma sample for a 

few available endogenous lipids to further explore the quantitative capabilities of SPME. 

The total concentration for these endogenous lipids is estimated using the calibration 

curves parameters (i.e., slope and intercept), and are compared to those reported by 

Quehenberger et al. for NIST™ SRM® 1950 plasma.151 The best results among these 
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endogenous lipids were attained for LPC 16:0, the most polar lipid: Figure 2.9 portrays the 

standard addition curves for the extractions with SPME fibers from neat plasma and SPME 

blades from modified plasma. The concentration of LPC 16:0 was estimated as 

13.31 (±1.15) µg/mL and 10.67 (±1.07) µg/mL for the fiber and blade approaches, 

respectively, which are in good agreement with 14.8 (±2.3) µg/mL as reported by 

Quehenberger et al. Similarly, the standard addition curves for the endogenous 

phospholipids PC 16:0_16:0 and PE 16:0_18:1 using the SRM® 1950 plasma is shown in 

Figure 2.10. While these compounds are extracted from neat plasma using SPME fibers, 

the lack of linearity shows a clear drawback by this sample preparation approach, as 

discussed previously. Estimation of the total concentration was only feasible from the 

matrix modified curves, for instance a concentration of 9.05 (±0.95) µg/mL was obtained 

for PC 16:0_16:0 compared to the reported value of 8.39 (±0.43) µg/mL. On the other 

hand, for PE 16:0_18:1, the concentration estimated in the sample using the curve from 

SPME blades results in 15.73 (±1.59) µg/mL, which drastically overestimates the reported 

value of 4.27 (±0.13) µg/mL. It would be improper to directly compare these results with 

those reported by Quehenberger et al., as the experimental conditions used differ vastly in 

both studies; yet the author's findings are reasonably consistent for polar phospholipids. 
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Figure 2.9. Standard addition curves prepared in SRM® 1950 plasma sample for the 

endogenous lipid, lyso-palmitoylphosphatidylcholine, LPC 16:0. (A) Extraction using 

SPME fibers from neat plasma. (B). Extraction using SPME blades from modified plasma. 
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Figure 2.10. Standard addition curves for two endogenous glycerophospholipids prepared in plasma SRM® 1950 using fibers 

(from neat plasma) and SPME blades (from modified plasma). (A) Extraction of PC 16:0_16:0 from neat plasma. (B) 

Extraction of PE 16:0_18:1 from neat plasma. (C) Extraction of PC16:0_16:0 from modified plasma. (D) Extraction of 

PE 16:0_18:1 from modified plasma  
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In summary, SPME has provided extraction in a quantitative fashion for lipids, as 

displayed using matrix-matched calibration and standard-addition curves for selected 

exogenous and endogenous lipids, respectively. While the extraction of very hydrophobic 

lipids is hindered by their exceedingly low free concentration and high affinity towards the 

plasma matrix (e.g., such as lipoproteins for lipid transport), quantitation of their free 

concentration is still feasible using SPME devices. Moreover, the extraction of these very 

hydrophobic lipids is clearly feasible by SPME probes, as demonstrated by the results 

obtained, which may be also appropriate for qualitative studies focused on profiling of the 

lipidome. Similarly, the quantitation of total concentration of very hydrophobic may still 

be addressed by modifying the matrix with an organic solvent, thus overcoming the 

interplay between high matrix affinity and low free concentration (though caution must be 

taken as this approach may lead to excessive concomitant extraction of endogenous 

compounds which may result in significant matrix effects for the analytes). Nevertheless, 

the SPME devices used were capable of extracting lipids of diverse characteristics, thus 

highlighting the balanced coverage capabilities of the technique. Given the superior results 

obtained for polar lipids, such as lyso-phosphatidylcholines, and the marked differences 

observed among the lipids under study, the author recommends future studies on SPME 

for lipid analysis to narrow their focus into distinct lipid sub-classes. 

SPME's quantitative capabilities were demonstrated for the exogenous lipids studied 

with good results using the matrix-matched calibration approach. They may nevertheless 

be improved on additional research. SPME's quantitative capabilities were also 
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demonstrated for a few endogenous lipid metabolites in SRM® 1950 plasma using the 

standard addition calibration technique, with a high agreement with data from other 

selected studies. That said, quantification of more endogenous substances may be possible 

if such standards are available, utilizing my dissertation results as a starting point. 

Quantitation of endogenous compounds in a complex sample using SPME is not a trivial 

matter. The developing a SPME calibration methods requires a solid understanding of the 

parameters driving the mass transfer of multiple analytes in multiphase systems, such as 

the distribution coefficient of the analyte, 𝐾𝑒𝑠, between the SPME coating and the sample. 

Knowing the distribution coefficient is also essential in other calibration approaches that 

could be used for SPME quantitation of lipid metabolites, such as the kinetic calibration 

(with extraction occurring before equilibrium).152 A simple strategy to estimate the 

distribution coefficient for lipid compounds is briefly outlined in the following section, 

sub-chapter 2.2.  

A survey into the NIST SRM® 1950 plasma by SPME via untargeted HRMS 

The estimation of the total concentration of multiple endogenous lipids naturally 

present in a plasma sample (such as SRM® 1950 plasma), is a feat that currently escapes 

the capabilities of the author. Which is an everyday reality in the lipidomics field, owing 

to the absence of harmonization within this (rapidly growing) field of study. Thus far, 

untargeted solutions in this field are unable of exact quantification instead relying on 

relative quantitation or just qualitative data. Given that the amount of analyte extracted by 

SPME is proportional to the initial concentration in the sample and to the affinity of each 
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analyte for the sorbent coating, this correlation must take into consideration the affinity of 

each individual lipid species for the sorbent coating - a rather complex task resulting from 

SPME's inherent extraction mechanism.  

Untargeted lipidomics is a powerful approach for studying the chemical makeup that 

occurs in various biological samples. However, the untargeted analysis is quite challenging 

due to the complexity and diversity of lipids (and other metabolites) present. Achieving 

accurate quantitation and identification of metabolites is challenging, as extensively 

reported.28,153–156 Various methodologies (i.e., extraction protocols, sample preparation 

steps, derivatization strategies, clean up steps), instruments (i.e., orthogonal 

chromatographic columns, ionization sources and modes, in-source separation, etc.), and 

data processing strategies (i.e., multivariate statistical analysis) have been proposed to 

address these challenges and to increase the coverage, with trade-offs between analysis 

time and data complexity.  

Untargeted lipidomics strategies, such as the one applied here, enable qualitative 

profiling of the “macro-lipidome” (the major lipid components present in a sample) and 

identify the lipids from the features resulting from data processing.  It is appropriate to 

introduce the term “feature”, which arises at the pre-identification stage of data processing 

as a two-dimensional data point that contains chromatographic and mass spectral response. 

However, the presence of multiple adducts and ions with different charges or isotopes 

means that a particular peak may correspond to several metabolites. As a result, the number 
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of detected features is often greater than the number of actual detected metabolites – a 

concept that is crucial for understating the capabilities of untargeted -omics research.  

Opposite to untargeted lipidomics, targeted lipidomics approaches comprise pre-

specifying the analytes to be evaluated and may include the use of specific solvents, 

standards, and analytical (chromatographic and mass spectrometric) settings. This strategy 

(which was considerably outside the scope of this dissertation) is widely used to evaluate 

low-abundance lipids that comprise the “micro-lipidome”, which consists of bioactive lipid 

molecules involved in acute metabolism and signaling. The micro lipidome 

includes diacylglycerols, phosphatidylinositols, ceramides, and oxylipins.157 Aside from 

the low abundance of the micro-lipidome, stability is an issue that must be carefully 

studied. However, SPME has a significant advantage over typical sample 

preparation techniques for in vivo applications and this advantage should be investigated 

further. 

Table 2.5 displays the lipids putatively identified from the SRM® 1950 plasma sample 

extracts. Only the sum compositional information for the lipids is provided, which 

indicated the lipid class and the overall number of carbons and double bonds of the fatty 

acyl components of complex lipids. The extracted lipid metabolites were confidently 

identified using the parent ion mass alone without tandem MS. The identified lipid 

metabolites mostly belong to the most abundant classes that exist in plasma, such as 

glycerophospholipids and glycerolipids. From these lipid classes, phosphatidylcholines 

(PC), phosphatidylethanolamines (PE) and triglycerides (TG) are the among the most 
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abundant extracted lipids with 26, 15 and 32 species identified, respectively. Conversely, 

the number of species identified for other glycerophospholipid subclasses is quite lower in 

comparison; for instance, only six species were identified for phosphatidylserine (PS), five 

for phosphatidylglycerols (PG), three for phosphatidylinositol (PI), and two for 

phosphatidic acids (PA). Similarly, for glycerolipids, only six species were identified for 

monoglycerides (MG) and eight for diacylglycerides (DG). Regarding the sterol class, 

seven cholesteryl esters (CE) were putatively identified. Undeniably, characterization of 

the lipidome requires multiple instrumental approaches that address the differences in 

extraction, separation, and ionization of this diverse group of biomolecules.33 These 

extracted lipid metabolites belong to multiple sub-classes of lipids with diverse 

physicochemical parameters (e.g., wide scale of hydrophobicity), thus verifying the 

balanced-coverage capabilities of SPME extraction. In addition, these lipid metabolites 

have been previously identified in the SRM® 1950 plasma by other studies.33,151,158 The 

author is pleased with the outcomes from their easy but possibly basic method. Direct 

comparisons with other studies should also consider differences in the targeted 

experimental parameters (i.e., exhaustive sample preparation techniques, chromatographic 

separations, ionization conditions, and acquisition modes) that can influence the diversity 

of micro-lipidome compounds detected. For instance, Quehenberger used seven different 

workflows to characterize the NIST™ SRM® 1950 plasma lipidome, with some analytical 

interest (read as bias) towards eicosanoids.99 Besides, in the interlaboratory exercise by 

Bowden et al., variable outcomes in the lipidome profile for SRM® 1950 plasma were 

obtained and significant variation in the lipid amounts identified and reported across the 
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participating laboratories.159 As the harmonization debate is ongoing and presented 

research opportunities, the author feels hopeful in the proposed unconventional, versatile, 

yet powerful sample preparation for the lipid extraction stage. The ongoing discussion 

surrounding harmonization of lipid quantification strategies may benefit from the 

versatility and advantages provided by the SPME technique, representing a promising first 

step towards its integration into the expanding field of lipidomics. 
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Table 2.5. Lipid metabolites identified in extracts from the NIST SRM® 1950 plasma. 

Compound 
Molecular 

formula 

Rt, 

min 
m/z  Adduct 

Mass defect, 

ppm 
m/z  

theoretical 

FA 14:0 C14H28O2 7.0 227.2015 [M-H]¯ 0 227.2017 

FA 16:0 C16H32O2 6.2 255.2327 [M-H] ¯ 0 255.2330 

FA 18:0 C18H36O2 8.9 283.2641 [M-H] ¯ 0 283.2643 

FA 18:1 C18H34O2 8.2 281.2484 [M-H] ¯ 0 281.2486 

FA 18:2 C18H32O2 7.3 279.2328 [M-H] ¯ 0 279.2330 

FA 18:3 C18H30O3 
6.4, 

6.9 
277.2171 [M-H] ¯ 0 277.2173 

FA 20:0 C20H40O2 7.9 311.2953 [M-H] ¯ 1 311.2956 

FA 20:3 C20H34O2 7.0 305.24864 [M-H] ¯ 0 305.2486  

FA 20:4 C20H32O2 6.4 303.2280 [M-H] ¯ 0 303.2330 

FA 20:5 C20H30O2 7.8 301.21731 [M-H] ¯ 0 301.2173  

FA 22:5 C22H34O2 7.0 329.2484 [M-H] ¯ 0 329.2486 

FA 22:6 C22H32O2 6.8 327.2327 [M-H] ¯ 0 327.2330 

MG 16:0 C19H38O4 10.8 348.3109 [M+NH4]+ 0 348.3108 

MG 18:0 C21H42O4 12.1 376.3423 [M+NH4]+ 0 376.3421  

MG 18:1 C21H40O4 11.1 374.3266 [M+NH4]+ 0 374.3265 

MG 18:2 C21H38O4 10.2 372.311 [M+NH4]+ 0 372.3108 

MG 20:4 C23H38O4 10.2 396.3108 [M+NH4]+ 0 396.3108 

MG 22:5 C25H40O4 9.9 422.3267 [M+NH4]+ 0 422.3265 

LPE 16:0 C21H44NO7P 9.4 454.2929 [M+H]+ 0 476.2772 

LPE 18:0 C23H48NO7P 10.9 482.3243 [M+H]+ 0 482.3241 

LPE 18:1 C23H46NO7P 9.8 480.3086 [M+H]+ 0 480.3084 

LPE 18:2 C23H44NO7P 8.9 478.2929 [M+H]+ 0 478.2928  

LPE 20:3 C25H46NO7P 9.5 504.3085 [M+H]+ 0 504.3085  

LPE 20:4 C25H44NO7P 9.0 524.2750 [M+Na]+ 0 524.2748  

LPE 22:5 C27H46NO7P 9.4 528.3075 [M+H]+ 0 528.3085 

LPE 22:6 C27H44NO7P 9.0 526.2927 [M+H]+ 0 526.2928 

LPC 14:0 C22H46NO7P 7.5 468.3086 [M+H]+ 0 468.3085 

LPC 16:0 C24H50NO7P 8.5 482.3243 [M+H]+ 0 496.3398 

LPC 16:1 C24H48NO7P 7.7 494.3242 [M+H]+ 0 494.3241 

LPC 18:0 C26H54NO7P 10.4 524.3710 [M+H]+ 0 524.3711  

LPC 18:1 C26H52NO7P 9.7 522.3555 [M+H]+ 0 522.3554 

LPC 18:2 C26H50NO7P 8.8 520.3398 [M+H]+ 0 520.3398 

LPC 18:3 C26H48NO7P 7.9 518.3242 [M+H]+ 0 518.3241 

LPC 20:3 C28H52NO7P 9.4 546.3552 [M+H]+ 0 546.3554  

LPC 20:4 C28H50NO7P 8.5 544.3397 [M+H]+ 0 544.3398 
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LPC 20:5 C28H48NO7P 7.9 542.3243 [M+H]+ 0 542.3241 

LPC 22:5 C30H52NO7P 9.3 570.3549 [M+H]+ 0 570.3554 

LPC 22:6 C30H50NO7P 8.5 568.3399 [M+H]+ 0 568.3398 

DG 34:0 C37H72O5 17.5 614.5718 [M+NH4]+ 1 614.5718 

DG 34:1 C37H70O5 17.0 612.5562 [M+NH4]+ 1 612.5561 

DG 36:0 C39H76O5 18.2 642.6032 [M+NH4]+ 1 642.6031 

DG 36:1 C39H74O5 17.7 640.5875 [M+NH4]+ 0 640.5874 

DG 36:2 C39H72O5 17.2 638.5718 [M+NH4]+ 0 638.5718 

DG 40:5 C43H74O5 20.2 688.5874 [M+NH4]+ 0 688.5874 

DG 42:5 C45H78O5 20.9 716.6189 [M+NH4]+ 0 716.6187  

DG 42:6 C45H76O5 20.4 714.6032 [M+NH4]+ 0 714.6031 

PE 34:1 C39H76NO8P 15.9 718.5381 [M+H]+ 0 718.5381 

PE 34:2 C39H74NO8P 15.5 716.5222 [M+H]+ 0 716.5225 

PE 36:1 C41H80NO8P 16.5 746.5696 [M+H]+ 0 746.5694  

PE 36:2 C41H78NO8P 16.1 744.5536 [M+H]+ 0 744.5538 

PE 36:3 C41H76NO8P 15.6 742.5380 [M+H]+ 0 742.5381 

PE 36:4 C41H74NO8P 15.5 740.5224 [M+H]+ 0 740.5225 

PE 38:1 C43H84NO8P 16.1 774.6005 [M+H]+ 0 774.6007 

PE 38:2 C43H82NO8P 15.7 772.5850 [M+H]+ 0 772.5851 

PE 38:3 C43H80NO8P 15.2 770.5694 [M+H]+ 0 770.5694 

PE 38:4 C43H78NO8P 15.0 768.5541 [M+H]+ 0 768.5538  

PE 38:6 C43H74NO8P 15.4 764.5226 [M+H]+ 0 764.5225 

PE 40:3 C45H84NO8P 15.8 798.5400 [M+H]+ 0 798.6007 

PE 40:4 C45H82NO8P 15.6 796.5853 [M+H]+ 0 796.5851 

PE 40:6 C45H78NO8P 16.1 792.5541 [M+H]+ 0 792.5538 

PE 42:4 C47H86NO8P 16.3 824.6172 [M+H]+ 0 824.6164 

PC 30:0 C38H76NO8P 14.9 706.5382 [M+H]+ 0 706.5381 

PC 30:1 C38H74NO8P 14.3 704.5225 [M+H]+ 0 704.5225 

PC 32:0 C40H80NO8P 15.6 734.5694 [M+H]+ 0 734.5694 

PC 32:1 C40H78NO8P 15.1 732.5537 [M+H]+ 0 732.5538 

PC 32:2 C40H76NO8P 14.6 730.5380 [M+H]+ 0 730.5381 

PC 34:0 C42H84NO8P 16.2 762.6010 [M+H]+ 0 762.6007 

PC 34:1 C42H82NO8P 15.8 760.5848 [M+H]+ 0 760.5851 

PC 34:2 C42H80NO8P 15.3 758.569 [M+H]+ 0 758.5694 

PC 34:3 C42H78NO8P 14.8 756.5537 [M+H]+ 0 756.5538 

PC 34:4 C42H76NO8P 14.6 754.5382 [M+H]+ 0 754.5381 

PC 36:1 C44H86NO8P 16.4 788.6161 [M+H]+ 0 788.6164  

PC 36:2 C44H84NO8P 16.0 786.6002 [M+H]+ 0 786.6007 
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PC 36:3 C44H82NO8P 15.5 784.5846 [M+H]+ 0 784.5851 

PC 36:4 C44H80NO8P 15.4 782.5691 [M+H]+ 0 782.5694 

PC 36:5 C44H78NO8P 14.8 780.5542 [M+H]+ 0 780.5538 

PC 38:0 C46H92NO8P 17.0 818.2251 [M+H]+ 1 818.6633 

PC 38:2 C46H88NO8P 16.5 814.6320 [M+H]+ 1 814.632 

PC 38:3 C46H86NO8P 16.2 812.6163 [M+H]+ 1 812.6164 

PC 38:4 C46H84NO8P 16.0 810.6007 [M+H]+ 1 810.6007 

PC 38:5 C46H82NO8P 15.7 808.5852 [M+H]+ 1 808.5851 

PC 38:6 C46H80NO8P 15.3 806.5693 [M+H]+ 1 806.5694  

PC 40:4 C48H88NO8P 16.5 838.6323 [M+H]+ 1 838.6320 

PC 40:5 C48H86NO8P 16.1 836.6165 [M+H]+ 1 836.6164 

PC 40:6 C48H84NO8P 16.0 834.6007 [M+H]+ 1 834.6007 

PC 40:7 C48H82NO8P 16.0 832.5827 [M+H]+ 1 832.5851 

PC 40:8 C48H80NO8P 15.1 830.5703 [M+H]+ 1 830.5694 

PS 34:0 C40H78NO10P 12.8 762.5277 [M-H] ¯ 2 762.5291 

PS 36:0 C42H82NO10P 14.1 790.5573 [M-H] ¯ 4 790.5604 

PS 36:1 C42H80NO10P 13.8 788.5414 [M-H] ¯ 4 788.5447 

PS 38:4 C44H78NO10P 14.7 810.5238 [M-H] ¯ 5 810.5291 

PS 38:5 C44H76NO10P 14.2 808.5096 [M-H] ¯ 5 808.5134 

PS 40:6 C46H78NO10P 15.2 834.526 [M-H] ¯ 4 834.5291  

PG 34:0 C40H79O10P 15.0 768.5801 [M+NH4]+ 6 768.5749 

PG 34:1 C40H77O10P 15.1 766.5535 [M+NH4]+ 7 766.5593 

PG 36:1 C42H81O10P 15.9 794.5958 [M+NH4]+ 6 794.5906 

PG 38:5 C44H77O10P 16.6 814.552 [M+NH4]+ 7 814.5593 

PG 38:6 C44H75O10P 16.1 812.5417 [M+NH4]+ 2 812.5436 

PA 36:2 C39H73O8P 11.0 699.4917 [M-H] ¯ 7 699.4970 

PA 36:4 C39H69O8P 10.2 695.462 [M-H] ¯ 5 695.4657 

PI 34:2 C43H79O13P 9.7 833.5128 [M-H] ¯ 7 833.5186 

PI 36:2 C45H83O13P 10.3 861.5424 [M-H] ¯ 5 861.5499 

PI 38:4 C47H83O13P 10.7 885.5410 [M-H] ¯ 9 885.5499 

CE 18:1 C45H78O2 22.7 668.6342 [M+NH4]+ 1 668.6340  

CE 18:2 C45H76O2 22.2 666.6181 [M+NH4]+ 1 666.6183 

CE 18:3 C45H74O2 21.7 664.6027 [M+NH4]+ 1 664.6027 

CE 20:3 C47H78O2 22.4 692.6341 [M+NH4]+ 1 692.6340 

CE 20:4 C47H76O2 22.0 690.6183 [M+NH4]+ 1 690.6183 

CE 20:5 C47H74O2 21.5 688.6027 [M+NH4]+ 1 688.6027 

CE 22:6 C49H76O2 21.9 714.6183 [M+NH4]+ 1 714.6183 

TG 48:0 C51H98O6 22.5 824.7703 [M+NH4]+ 1 824.7702 
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TG 48:1 C51H96O6 22.0 822.7545 [M+NH4]+ 1 822.7545 

TG 48:2 C51H94O6 21.4 820.7390 [M+NH4]+ 1 820.7389 

TG 48:3 C51H92O7 20.8 818.7234 [M+NH4]+ 1 818.7232 

TG 50:1 C53H100O6 22.6 850.7852 [M+NH4]+ 1 850.7858  

TG 50:2 C53H98O6 22.1 848.7700 [M+NH4]+ 1 848.7702 

TG 50:3 C53H96O6 21.6 846.7543 [M+NH4]+ 1 846.7545 

TG 50:4 C53H94O6 21.1 844.7391 [M+NH4]+ 1 844.7390 

TG 50:5 C53H92O6 20.5 842.7236 [M+NH4]+ 1 842.7237 

TG 52:0 C55H106O6 23.4 880.8329 [M+NH4]+ 1 880.8328 

TG 52:1 C55H104O6 23.1 878.8169 [M+NH4]+ 1 878.8171  

TG 52:2 C55H102O6 22.7 876.8007 [M+NH4]+ 1 876.8015 

TG 52:3 C55H100O6 22.3 874.785 [M+NH4]+ 1 876.8015 

TG 52:4 C55H98O6 21.8 872.7698 [M+NH4]+ 1 872.7702 

TG 52:5 C55H96O6 21.5 870.7546 [M+NH4]+ 1 870.7545 

TG 52:6 C55H94O6 20.9 868.7391 [M+NH4]+ 1 868.7389 

TG 54:0 C57H110O6 22.5 908.8641 [M+NH4]+ 1 908.8641 

TG 54:1 C57H108O6 22.0 906.8484 [M+NH4]+ 1 906.8484 

TG 54:2 C57H106O6 23.2 904.8328 [M+NH4]+ 1 904.8328 

TG 54:3 C57H104O6 22.8 902.8164 [M+NH4]+ 1 902.8171 

TG 54:4 C57H102O6 22.4 900.8008 [M+NH4]+ 1 900.8015  

TG 54:5 C57H100O6 22.0 898.7857 [M+NH4]+ 1 898.7858 

TG 54:6 C57H98O6 21.8 896.7701 [M+NH4]+ 1 896.7702 

TG 54:7 C57H96O6 21.4 894.7546 [M+NH4]+ 1 894.7545 

TG 54:8 C57H48O6 20.6 892.7389 [M+NH4]+ 1 892.7389  

TG 56:0 C59H114O6 23.0 936.8958 [M+NH4]+ 1 936.8954 

TG 56:1 C59H112O6 22.6 934.8799 [M+NH4]+ 1 934.8797 

TG 56:2 C59H110O6 22.1 932.8639 [M+NH4]+ 1 932.864 

TG 56:3 C59H108O6 23.2 930.8485 [M+NH4]+ 1 930.8484 

TG 56:4 C59H106O6 22.9 928.8328 [M+NH4]+ 1 928.8328 

TG 56:5 C59H104O6 22.8 926.8171 [M+NH4]+ 1 926.8171 

TG 56:6 C59H102O6 22.4 924.8014 [M+NH4]+ 1 924.8015 

FA: fatty acid; MG: monoglyceride; DG: diacylglyceride; TG: triglyceride; CE: cholesteryl ester; 

LPE: lyso-phosphatidylethanolamine; LPC: lyso-phosphatidylcholine, PE: phosphatidylethanolamine; 

PC: phosphatidylcholine; PS: phosphatidylserine; PG: phosphatidylglycerol; PA: phosphatidic acid; 

PI: phosphatidylinositol; FC: fold change. 
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2.2 Towards lipid free concentration: testing a standard generating water system 

2.2.1 Introduction 

Measuring the concentration of a compound (i.e., drugs, pollutants, metabolites) in 

biological samples is of paramount importance in multiple research areas. For instance, the 

amount of drug in a biological sample can be reported as its total concentration, ignoring 

the drug’s interactions with the sample, or as free concentration, which reflects the 

proportion of molecules that can diffuse through membranes and exert biological 

activity. 160,161 While total concentration determination has been the traditional approach, 

measurements of free concentrations are becoming increasingly crucial as emerging 

evidence suggests a stronger correlation between free concentration and pharmacological 

and toxicological effects.161 However, the bioavailability of a compound may be impacted 

by its partition to matrix components such as dissolved organic matter,162 proteins,163–167 or 

other cellular structures.168 Thus, measuring the free concentration of a drug is essential 

not only for bioavailability studies but also for determining its binding affinity or partition 

coefficient. 

Multiple methods have been developed in the past decades to measure analyte protein 

binding affinities by determining an analyte's free concentration, most of which involve 

separating the analyte into free and bound portions, followed by the direct analyses of the 

unbound analyte. A summary of some drug–protein binding methods is presented in Table 

2.6, showcasing the main features of each one. The most prevalent separation-based 

methods are dialysis, ultrafiltration, ultracentrifugation, and affinity chromatography.169,170 
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Nevertheless, all these methods are often time-consuming, the analytes may be irreversibly 

removed from the sample by the devices utilized, and they could produce inaccurate results 

if the binding equilibrium changes during the separation process.171 In contrast, some 

methods used to determine the free drug concentration in a sample without separating the 

drug from the binding protein include surface plasmon resonance, calorimetry, and 

spectroscopy.172–175 While these methods do not significantly disrupt the existing binding 

equilibrium, they are rarely used to analyze complex samples. Ultimately, the method of 

choice should consider the sample type (i.e., isolated proteins vs. raw biological samples), 

the desired sensitivity, and the preferred throughput. 

SPME offers yet another alternative for free concentration determination, as the 

amount extracted is proportional to the unbound analyte’s concentration in the sample. 

Non-depletive SPME (nd-SPME) introduced a specific application of SPME to measure 

free concentrations relying on negligible depletion of the unbound analyte pool, thus 

conserving the existing equilibrium in the sample.138,176 This negligible extraction approach 

inherently adds pressure on detection systems due to the minimal amount of analyte 

isolated, particularly for low-volume samples in pharmacology and toxicology. Likewise, 

nd-SPME relies on meticulous method development as this approach’s outcomes are prone 

to variations in temperature, extraction time, and impurities. Nevertheless, this approach 

has been adapted to several applications since its introduction, as noted by a few reviews 

on this niche field. 176–178 
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Table 2.6. Main features of some methods to measure free concentrations. Adapted from Seyfinejad et al.179 

Method Throughput 
Analysis 

time 

Selectivity / 

Sensitivity 
Advantages Disadvantages Refs 

ED Low 
12 – 48 

hrs 

No /  

µmol L-1 

Gold standard 

Extensively used 

Temperature controlled 

Time-consuming 

Prone to analyte binding to the dialysis 

membrane 

Likely dilution of analytes in perfusate, thus 

requires a sensitive detector 

171,180,

181 

UF Low < 1 hour 

No /  

µmol L-1 to 

mmol L-1 

Extensively used  

Easy, fast, and inexpensive. 

Potential analyte binding to filter 

Likely equilibrium shift and protein leakage 

169,171,

182 

UC Low 4 – 16 hrs 
No /  

mmol L-1 

Extensively used 

Minimal binding to the device  

Time-consuming  

Expensive centrifuge 

169,171,

182 

AC Moderate < 1 hour 
Yes /  

µmol L-1 

Able to measure total and free 

conc. 

Able to assess multiple ligands at 

once  

High precision, selectivity, and 

reproducibility 

Limited by protein immobilization 

Protein conformation may change 

Possible equilibrium shift 

183–185 

SPR Moderate 1 – 2 hrs 
Yes /  

µmol L-1 
Simple 

Only feasible for fluorescent (tagged) 

compounds. 

Limited to high-binding analytes 

172,175,

185,186 

TC Low 3 hrs 
No /  

mmol L-1 
Thermodynamic info provided 

Requires a large amount of sample 

Requires highly pure reagents 

173,187,

188 

CapE 
Moderate to 

high 
1 – 2 hrs  

No /  

mmol L-1 

Rapid and simple 

Low sample requirement 

Low sensitivity 

Possible capillary wall adsorption 
189,190 

SPME 
Moderate to 

high 
1 – 2 hrs 

No /  

µmol L-1 
No (or minimal) sample prep 

Needs correct model for quantitation 

Model parameters are determined separately 

69,138,1

76,177,1

91–193 

ED, equilibrium dialysis; UF, ultrafiltration; UC, ultracentrifugation; AC, affinity chromatography; SPR, surface plasmon resonance; TC, titration 

calorimetry; CapE, capillary electrophoresis; SPME, solid phase microextraction  
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The correct application of nd-SPME requires negligible depletion of the free 

fraction – an idealistic expectation, as depletion will never be 0%. Therefore, the maximum 

allowed depletion and its effect on the experiment’s outcome should dictate the choice of 

an appropriate limit (e.g., depletion limits are typically in the 1– 10% range).177,194,195 

Furthermore, the correct method for calibrating nd-SPME measurements for free 

concentration is through an external calibration curve using samples with known analyte 

concentrations. These samples must not contain any binding matrix to ensure that all the 

analyte is in a freely dissolved state, thus ensuring the calibration curve relates the free 

concentration exposed to the SPME fiber and the measured signal response. 

Taking into accounts the requirements to calibrate an analyte’s free concentration using 

SPME devices, it is hypothesized that a miniaturized SPME probe can be used to achieve 

this in a non-depletive fashion estimate, and that the standard generating vial may be a 

viable method for the construction of external calibration curves.  

2.2.2 Experimental  

Materials, supplies, and standards 

The SYLGARD 184 silicone elastomer mix was acquired from Dow Corning 

(Midland, MI). The carbon fibre mesh weave (Panex 30) was provided by Zoltec Co. 

(Bridgetown, MO). An Elcometer 4340 motorized automatic film applicator and coating 

bar (adjustable gap of 0–250 μm) were acquired from Elcometer Ltd. (Rochester Hills, MI, 

USA). These materials were employed to manufacture the standard generating vial. 
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Lyso-palmitoyl phosphatidylcholine (LPC 16:0), lyso-heptadecanoyl 

phosphatidylcholine (LPC 17:0), and di-palmitoyl phosphatidylcholine (DPPC, 

PC 16:0/16:0) were purchased from Avanti Lipids/Sigma Aldrich (Oakville, ON, Canada). 

These glycerophospholipids were used as model compounds and will be referred to as 

phospholipids in this subchapter. 

The miniaturized SPME probes (mini-tips) were prepared using nitinol wire as the 

solid support, which was mechanically etched, coated with a C18/PAN slurry (5 µm 

particle size), and cleaned according to the methods described in Section 0. The general 

workflow for the extractions using the SPME probes was the same as that described in 

Section 0, except for using a mixture of H2O/MeOH/IPA (10:20:60, v/v/v) during analyte 

desorption (50 µL, 30 min, 1000 rpm).  

All other solvents and materials used in this work are the same as those described in 

Section 0. 

LC-MS/MS instrumentation conditions 

A short isocratic method was employed for the chromatographic separation of the 

model compounds using the same column type described in Section 0. This isocratic 

method enabled baseline separation of all three compounds within 2 min. Targeted 

experiments were carried out on a TSQ Vantage™ triple-quadrupole mass spectrometer 

(Thermo Scientific, CA, USA) equipped with a heated ESI (H-ESI) ionization source. 

Table 2.7 contains additional information on the LC-MS/MS conditions used. These 
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instrumental conditions enabled all compounds' LOQ of 0.05 ng/mL and a linear dynamic 

range within 0.05–250 ng/mL.  

Table 2.7. LC-MS/MS conditions for the analysis of model compounds. 

Liquid Chromatographic conditions – Thermo Vanquish Flex UHPLC 

Column Waters Acquity CHS® C18  

Column dimensions 2.1× 75 mm, 1.7 µm 

Mobile phase H2O/MeOH/IPA (10/20/60) 

Additives used 0.1 % (v/v) acetic acid 

Flow rate 350 µL/min 

Column temperature 55 °C 

Samples temperature 5 °C 

Injection volume 10 µL 

Mass spectrometry conditions – Thermo TSQ Vantage ™  

Spray voltage 2.5 kV, positive mode 

Vaporizer temperature 300 °C 

Transfer capillary temp. 350 °C 

Sheath gas, arb 30 arb 

Auxiliary gas, arb 40 arb 

Sweep gas, arb 10 arb 

Dwell time 10 ms/ transition 

MS/MS transitions for phospholipids under study 

Standard LPC 16:0 LPC 17:0 DPPC 

Parent mass, m/z 496.3 510.3 734.5 

Fragment mass, m/z 184.1 184.1 184.1 

Collision energy / S–lens [V]  19 V/ 10 V 19 V/ 10 V 22 V / 12 V 

 

Preparation of standard-generating vials 

 The PDMS-coated meshes employed for the standard generating vial (SGV) were 

prepared based on a procedure developed in previous work.196–198 Briefly, a PDMS slurry 

was prepared by mixing Sylgard 186 PDMS base (4.54 g) and hexane (5.8 mL) in a plastic 

syringe and mixing for 3 min with a stainless-steel spatula; then Sylgard 186 cross-linking 

agent (0.46 g) was added, and the slurry was further mixed for one more minute. The 
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resulting PDMS slurry was then spread over a 25 cm (length) by 30 cm (width) carbon-

mesh sheet by the Elcometer film applicator; and heated in a nitrogen atmosphere (using a 

nitrogen-purged vacuum oven, 15 mm Hg pressure) at 90 °C for one hour. To coat the other 

side, fewer quantities are required for the PDMS slurry: 3.81 g of Sylgard 186 PDMS base, 

4.9 mL of hexane, and 0.39 g of Sylgard 186 cross-linking agent. The resulting PDMS-

coated carbon mesh was cut into 4 cm  7 cm pieces, cleaned (30 min, 500 rpm in a glass 

jar) using MeOH/IPA/ACN/H2O (3/3/3/1, v/v). Then, the 4 cm  7 cm pieces were spiked 

with the model lipids on one side – the side coated first with higher PDMS content – 

following a grid pattern: 10 µL of lipid solution was applied to each 1 cm  1 cm cell of 

the side that would become the inner leaflet. The lipid-laden PDMS mesh was rolled 

carefully, placed inside a 20 mL silanized amber vial, and filled with 20 mL of aqueous 

media (either LC-MS-grade water or PBS, pH 7.4). Each vial was provided with a small 

Teflon magnetic stirrer, sonicated briefly (20 s) to dislodge air bubbles from the carbon 

mesh, and left to equilibrate at 18 °C under agitation at 1000 rpm. 

Equilibration and short-term reusability 

To assess the SGV’s equilibration time among its different components (e.g., aqueous 

sample, PDMS film/coating, outer leaflet of the PDMS-coated sheet, glass walls), three 

independent vials were prepared for each lipid, and their aqueous lipid concentration 

monitored over multiple/five days using the LLE method described in Section 0. The SGV 

vials were spiked with 2.5 µg to result in a 125 ng/mL total concentration for LPC 16:0, 

whereas 125 ng was used for a 6.25 ng/mL concentration of DPPC. Then, the SPME 
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minitips were used to assess the system's recovery rate.  The SPME minitips were 

introduced through a syringe tip piercing the SGV’s septum and exposed for at least 60 min 

under magnetic agitation. The septum had an opening to allow for the simultaneous 

extraction of aliquots while the SPME extraction took place. The RR considered this way 

permitted to study the SGV reusability when using SPME minitips. To examine the SGV’s 

short-term reusability, multiple sequential extractions were performed on recently prepared 

and equilibrated, independent vials (𝑛 = 3 per lipid, using 100 ng/mL and 6.25 ng/mL for 

LPC and DPPC, respectively). Seven sequential extractions were done from each vial using 

SPME minitips (keeping a 5 min recovery/gap time between extractions), followed by 

daily extractions performed over four days.  

A short LLE extraction step was applied to aqueous aliquots taken from SWSs, to avoid 

the introduction of non-volatile phosphate salts from PBS samples.34 Briefly, 100 µL of 

MeOH/MTBE (30/70) were added to a 50 µL aqueous aliquot, agitated for 30 min at 

1000 rpm, and centrifuged at 10000 rpm for 10 min. The upper phase was collected, and 

the lower phase was subject to a second LLE extraction. Both upper phases were pooled 

together, vacuum evaporated for 10 min at 30 °C, and reconstituted using the desorption 

solvent mentioned above (50 µL). The volume of the aliquot was replenished immediately 

after with a fresh aqueous sample. 
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2.2.3 Results and Discussion  

Negligible extraction of lipids using miniaturized probes  

SPME is recognized as a green sample preparation technique thanks to its minimized 

solvent usage, single-step sampling and preconcentration into the coating, and extraction 

via free concentration. The accurate determination of the free concentration of analytes is 

interesting from a toxicological and pharmacological point of view, as these freely 

dissolved forms of organic compounds are generally considered to be the only form that 

could cross membranes via passive diffusion and exert bioactivity. Other techniques used 

for free concentration determination include passive samplers, solvent microextraction, 

and microdialysis, among others.85,199–203 However, lipids used in this niche field are 

generally used as an additional binding matrix (i.e., as any self-assembled structure),204,205 

with very few exceptions on studying bioactive lipids (i.e., progesterone, estradiol, 

oxylipins).85,200 

To this end, the coating dimensions in fiber probes were optimized for non-depletive 

extractions at equilibrium using LPC 16:0 in PBS, with a cut-off value set at 5%. This 

extent of negligible depletion using C18-coated fibers was achieved at a length of 

2.0 (±0.1) mm and a thickness of 6.5 (±0.7) µm. These dimensions were tested as well for 

LPC 17:0, resulting in negligible depletion as well (60 ppb, 1.5 mL, 90 min extraction 

time), with excellent reproducibility (RSD <10%, n=5). Smaller dimensions attained lower 

depletion extent at the cost of decreased reproducibility (RSD >20%), stemming from 

coating loss during agitated extraction. 
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Figure 2.11 Extraction time profiles and calibration curves in PBS constructed using miniaturized C18-coated probes for 

model lipids. (A) ETP for LPC 16:0 by itself (void triangles) and when mixed with LPC 17:0 (filled triangles). (B) ETP for 

LPC 17:0 by itself (empty diamonds) and when mixed with LPC 16:0 (filled diamonds). (C) Matrix-free calibration curves for 

LPC 16:0 alone and as part of a mixture. (D) Matrix-free calibration curve for LPC 17:0 alone and as part of a mixture. 
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The extraction time profile was carried out for both model compounds, LPC 16:0 and 

LPC 17:0, and are shown in Figure 2.11A and Figure 2.11B, respectively. These extraction 

time profiles were conducted for each individual lipid and for a mixture of both 

compounds, the latter for practical purposes. Intriguingly, the amount extracted at 

equilibrium is higher when both compounds are mixed than when each individual lipid is 

considered. This behaviour was also observed for mixtures of polyunsaturated fatty acids 

during preliminary experiments. Moreover, the calibration curves (Figure 2.11C and 

Figure 2.11D) for the compound mixture exhibited higher sensitivity, as indicated by their 

steeper slopes, compared to the individual compounds. Positively, there is an excellent 

linear relationship between the amount extracted and the nominal amount present, 

regardless of the lipid being present by itself or in a mixture. The synergism was attributed 

by the author to the surfactant properties of these amphiphilic lipids, as observed in 

multiphase systems with surfactant blends that modify various solution parameters (e.g., 

surface tension, conductivity, foamability). 206–208  

 𝑓𝐶 = 𝐾𝐹𝑆𝑉𝑆 Eq. 7 

The coating capacity, expressed as the fiber constant ( 𝑓𝐶 ), was estimated using 

equation 7 for LPC 16:0 and LPC 17:0 as 51.7 𝜇𝐿 (±15.5 𝜇𝐿)  and 69.6 𝜇𝐿 (±20.9 𝜇𝐿) , 

respectively. The sorbent volume, 𝑉𝑆 , computed from the coating dimensions as 

8.4 × 10−3𝜇𝐿 (±3.0 × 10−3𝜇𝐿). The partition coefficients, 𝐾𝐹𝑆, for LPC 16:0 and LPC 17:0 

was estimated from the experimental parameters as 6.15 × 103 (±1.23 × 103)  and 

8.15 × 103 (±1.66 × 103), respectively. Nevertheless, it must be noted that analytes are 
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adsorbed on the active surface of solid coatings (such as C18 used here) rather than being 

partitioned. Considering this limitation, it is highly advisable to determine the adsorption 

equilibrium constant – experimentally more challenging – for each lipid instead. Relatedly, 

it is important to consider the effect of multiphase systems on the adsorption process to 

avoid any wild extrapolation in more complex biological samples. 

Standard generating vials 

Sorbent coating dimensions were figured out for non-depletive extraction of the model 

polar lipids (as described in the previous section); however, the external calibration curves 

prepared could only be used once before significant depletion would occur. Therefore, a 

system that can allow multiple, sequential extractions without experiencing significant 

depletion and can maintain a stable free concentration at the same time is highly desirable 

for the calibration of the free concentration. The standard generating vials (developed and 

evaluated for GC-amenable volatile compounds)101,196 were thus adapted and evaluated for 

aqueous media with a couple of lipids as the model compounds. The vials were prepared 

as described in section 0, and their reusability evaluated as described in section 0. 
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Figure 2.12. Equilibration of the aqueous concentration prepared for LPC and DPPC over 

five days from their preparation. Total concentrations for the standard-generating vials for 

LPC and DPPC are 2.5 µg/vial and 125 ng/vial, respectively. 

The standard generating vial prepared for the phospholipids showed stabilization by 

the third day after preparation, as depicted in Figure 2.12. Each bar represents the average 

of three aliquots taken and analyzed from three independent vials. The highest variation 

was observed for the aliquots taken on the first day since equilibrium had not been reached. 

It is important to note that phosphatidylcholines, as other zwitterionic surfactants, are 

known to form monolayers on water-air interfaces, which would result in concentration hot 

spots within the vial. Thus, a sonication step was implemented to minimize possible hot 

spots, with 15–20 seconds being enough to remove visible bubbles. Sonication for longer 

times was avoided to prevent cavitation damage on the PDMS film and to minimize any 

potential phospholipid self-aggregation. Similarly, the PDMS thin film is believed to act 

as a reservoir matrix for the phospholipids and any desorption from this thin film occurs as 

freely dissolved lipids. 
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A linear relationship was not observed between the total amount spiked to the vial and 

the final aqueous concentration for phospholipids over the studied concentration range 

(Figure 2.13). Despite that, linear behaviour between the amount spiked onto the PDMS 

thin film and the is attained for LPC 16:0 within a short spiking range (i.e., 0.2–2.5 µg) 

before the free concentration starts plateauing around 8 ng/mL and 5 ng/mL for water and 

PBS, respectively. Conversely, the aqueous concentration for DPPC plateaus around 

0.3 ng/mL as portrayed in Figure 2.14. This plateauing in the free concentration suggests 

the aggregation of monomeric molecules of DPPC in the aqueous portion at its critical 

micelle concentration (CMC, 4.5 x 10-10 M)24. CMCs for phospholipids with biological 

relevance fall in the 10-10–10-8 M range, with a clear dependence on the length and 

saturation of their hydrophobic tails; thus, virtually all phospholipids are above their 

respective CMCs at physiological concentrations. While, a dynamic equilibrium certainly 

exists between the freely dissolved monomers and the micellar structures, the free 

concentration of these very hydrophobic phospholipids is infinitesimally small, which must 

be considered for extrapolating results to complex biological samples.  
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Figure 2.13. Calibration curves prepared for LPC 16:0 by spiking the PDMS thin films for 

vials with aqueous media. 

 

Figure 2.14. Estimated free aqueous concentration for DPPC at various amounts spiked 

onto the PDMS thin film. At the lowest spiked level (125 ng/vial). 
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Figure 2.15. Aqueous concentration for model phospholipids during a 60 min extraction 

with a C18-coated SPME minitip. 

 

The pace at which the PDMS reservoir replenished the free concentration during 

extraction with a SPME minitip was assessed for the studied phospholipids is portrayed in 

Figure 2.15. The concentration decreased rapidly within the first minute of extraction, 

which is consistent with the fast uptake by the SPME fiber extraction phase. However, the 

time required for the system to replenish the initial concentration varied significantly for 

each tested phospholipid: about ten minutes for LPC 16:0 and over 60 minutes for DPPC. 

The markedly slower recovery rate for DPPC is attributed to its meager solubility in 

addition to a kinetically hindered desorption from the PDMS membrane, as lipid/lipid 

interactions in membranes heavily influence the desorption of hydrophobic compounds.25 

Regardless of the initial rate, both systems appeared to replenish the initial concentration 
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after 60 min of extraction, which was exploited to assess the repeatability of the systems 

for either SPME extractions or direct measurement of the aqueous concentration (Figure 

2.16). 

 

Figure 2.16 Sequential SPME extractions to assess the repeatability of extractions from 

the SGVs prepared for LPC 16:0 (at 2.0 µg/vial total conc.) and DPPC (125 ng/vial total 

conc.), using two aqueous media.  The inter-sampling interval was fixed to 5 min for 

extractions 1-7, and to overnight (15 hours) between the seventh and eighth extractions. 

 

The short-term repeatability of these SGV was evaluated by performing multiple 

sequential extractions using the SPME minitips. A total of eight extractions were 

performed: seven extractions taking place for one day, and an eight-extraction taking place 
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the following day (following over 15 hours of system recovery). In all cases, the effects of 

SPME extraction were negligible, accounting for only ~5% depletion of the free 

concentration. For example, SPME extraction accounted for only ~1.3% of the drop in 

phospholipids compared to the total amount spiked to the vial. If the same amounts are 

extracted, up to 40 extractions could be performed before significant depletion of the lipid 

laden PDMS film is depleted (its reservoir concentration would be reduced by 10%). For 

the other lipid, DPPC lacks good intra-day repeatability and presents significant depletion 

by the miniaturized probe after the fifth SPME consecutive extraction (within the same 

day). This result is attributable to DPPC's very high affinity towards the hydrophobic 

coating and its low water solubility, which results in a prolonged desorption rate from the 

PDMS membrane and, consequently, long re-equilibration times. However, by adjusting 

the time between successive extractions (as observed by the eight-extraction step following 

overnight recovery), one could in principle extract repeatable amounts of DPPC for up to 

12 days prior to significant depletion of the total spiked amount. The markedly slower re-

equilibration rate for DPPC is likely due to kinetically hindered desorption from the PDMS 

membrane, as lipid/lipid interactions in membranes heavily influence the desorption of 

hydrophobic compounds. 

Obtaining external calibration curves for hydrophobic compounds poses challenges 

such as rapid self-association of freely dissolved monomers, partition into various surfaces 

(e.g., water–air interfaces, glass and plastic walls), and insufficient stability related to their 

poor solubility and the lack of a binding matrix. However, these challenges were addressed 
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through the development of the standard generating vial. This approach utilized a PDMS 

film in direct contact with the water, which provided a partitioning matrix for the lipids, 

and served as a reservoir for the bulk of the lipids, thus stabilizing the concentration over 

time. By overcoming these obstacles, the standard generating vial offers a promising 

strategy for accurately determining the free concentration of hydrophobic compounds in a 

variety of applications. 

In conclusion, the approach of miniaturizing the probes was shown to be a successful 

strategy in obtaining non-depletive extraction at equilibrium for model lipids. These 

miniaturized devices were then used in combination with the standard generating vial, 

which was found to be a viable and efficient method to construct external calibration curves 

to determine free concentration. While this combination is a promising avenue for future 

studies to determine the free concentration of other bioactive lipids, it is important to 

consider the synergistic effect of extracting more than one lipid in a sample and the 

biological control existing for some bioactive lipids. Despite these challenges, the study 

adequately evaluated the viability of the standard generating vial for constructing external 

calibration curves in an easy and fast manner. Ultimately, these findings provide a hopeful 

outlook for future research in this field, as the miniaturization of probes and use of the 

standard generating vial offer a promising and efficient means of determining free 

concentration in a variety of bioactive lipid samples. 
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2.3 Towards determination of free concentration of lipids: Binding of fatty acids 

to serum albumin: experimental and in silico approach 

2.3.1 Introduction 

Regardless of being seemingly simple, fatty acids play major physiological roles in all 

cells: as an energy source via β–oxidation, taking place in skeletal muscles as well as in 

E. coli;209,210 as “building blocks” for more complex lipids such as phospholipids, thereby 

influencing cell membrane’s fluidity and flexibility; and as the substrate for multiple 

signalling molecules.4,211–216 The enzymatic machinery for de novo fatty acid (FA) 

biosynthesis is highly conserved across kingdoms of life. However, some organisms need 

essential polyunsaturated fatty acids (PUFAs) that either cannot be synthesized sufficiently 

for their metabolic demands or cannot be synthesized at all. As a result, it is acknowledged 

that all PUFAs in food webs derive from plants (and other primary producers) and that 

animals can only modify PUFAs through bioconversion and elongation as they move 

through the food web.217  

Extensive research has been conducted on the effects of dietary FAs on human health. 

For instance, highly elevated levels of saturated fatty acids are linked to health-related risks 

in insulin resistance diabetes, myocardial infarction, and arthritis. On the other hand, 

PUFAs (particularly ω-3 and ω-6 PUFAs) are essential in reducing health risks, particularly 

for newborns’ visual and nervous systems, 218–220 as well as functioning as precursors for a 

plethora of signalling lipids related to inflammation.211,221,222 These PUFAs contain at least 

18 carbons and multiple non-conjugated double bonds. Like other FAs, PUFAs have 

common and shorthand names that designate the number of carbon atoms, double bonds, 
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and position of the first double bond (counting from the non-carboxyl end of the FA chain). 

For example, the shorthand notations for linoleic acid (LA) and α-linolenic acid (α-LA) are 

FA 18:2 ω-6 and FA 18:3 ω-3, respectively (as depicted in Figure 2.17). These two are the 

major precursors in animals for producing longer ω-3 and ω-6 PUFAs.217 

 

Figure 2.17. Structures for (A) linoleic acid and (B) α-linoleic acid, indicating the ω-6 and 

ω-3 carbons where the double bonds start from the non-carboxylic end. 

Human serum albumin (HSA), the most abundant protein in human blood, handles the 

transport of fatty acids, among other compounds (and functions). HSA counts with 

numerous binding sites for FAs in its structure, and if the FA-to-HSA molar ratio increases, 

so will the number of FAs that bind to HSA. At least seven FA binding sites have been 

found for palmitic acid (FA 16:0) using high-resolution X-ray crystallography, all 

heterogeneously distributed across the three HSA domains.223 Whereas, at least nine FA 

binding sites (with varying affinity strength) for the HSA–palmitate complex using 2D 

nuclear magnetic resonance.224 Although numerous FA binding sites have been identified 

and classified, we are unaware of any research that has attempted to determine the binding 

affinity of FAs to a particular binding site. Undeniably, site-specific binding affinities alter 

due to allosteric interactions between two sites; therefore, these binding affinities are 

theoretically changing and not fixed.225,226 The degree of binding (i.e., number of FAs, FA 
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identity, binding site affinity) between HSA and FAs has been shown to influence the 

protein’s structural integrity and affinity toward other compounds. 227–229 Consequently, 

studying these FA–HSA interactions can aid in understanding HSA’s behaviour in 

pharmacokinetic/pharmacodynamic studies, drug development and its regulatory role in 

other physiological processes (e.g., pH buffering, osmotic pressure regulation). To 

understand FA-HSA binding better, Goodman et al. experimentally measured the apparent 

binding constants of FAs anions to three HSA binding sites using the Scatchard equation.230 

 

Figure 2.18. Scheme for binding between a bi-valent protein receptor, P, and two fatty 

acid ligands, F, in a stoichiometric fashion. 

 

Figure 2.18 portrays the site-oriented and stoichiometric equilibria for a bi-valent 

protein receptor with two binding sites, b1 and b2. On a site-oriented approach, four 

equilibria are established together with the FA ligand with four site-specific binding 
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constants (namely, 𝐾𝑏1 , 𝐾𝑏2 , 𝐾𝑏1𝑏2 , and 𝐾𝑏2𝑏1). In contrast, the stoichiometric binding 

constants ignore the intermediates 𝑃𝐹1 and 𝑃𝐹𝑠; rather, both 𝐾𝑏1 and 𝐾𝑏2 are merged into 

the first equilibrium constant, 𝐾1. Likewise, 𝐾𝑏1𝑏2 and 𝐾𝑏2𝑏1 are joined into the second 

equilibrium constant, 𝐾2. Notably, with increasing number of binding sites (and inter-site 

cooperativity, not described here), the site-oriented approach becomes increasingly more 

difficult. In such instances, the stoichiometric binding approach is more practical.  

 

𝐵 = ∑
𝑘𝑖 ∙ 𝐹𝑓𝑟𝑒𝑒

1 + 𝑘𝑖 ∙ 𝐹𝑓𝑟𝑒𝑒

𝑏

𝑖=1

 

Eq. 8 

 
𝐵 =

𝐹𝐵𝑜𝑢𝑛𝑑

𝑃𝑇𝑜𝑡𝑎𝑙
=

𝐹𝑇𝑜𝑡𝑎𝑙 − 𝐹𝑓𝑟𝑒𝑒

𝑃𝑇𝑜𝑡𝑎𝑙
 

Eq. 9 

For instance, for a receptor with a given set of binding sites (𝑏), stoichiometric binding 

constants (𝑘𝑖),  the degree of binding, 𝐵, can be expressed as in equation 8.231 Besides, the 

degree of binding 𝐵 is defined as the ratio of moles of bound ligands per mole of receptor 

protein, as shown in equation 9.231 Thus, the degree of binding (𝐵) may be described by 

accurately measuring the free ligand concentration (𝐹𝑓𝑟𝑒𝑒); and, from a Scatchard plot 

displaying  𝐵 𝐹𝑓𝑟𝑒𝑒
⁄  vs. 𝐹𝑓𝑟𝑒𝑒 , the binding constant (𝐾) is determined from the slope.231 

Multiple techniques are available in the analytical toolbox for measuring the free 

concentration of an analyte. Studies on binding between serum albumin and FAs have used 

equilibrium dialysis, isothermal titration calorimetry,232 surface plasmon resonance, and 

fluorescence emission.233 Yet, these techniques have significant shortcomings in sample 

preparation, mainly in terms of time and costs, as stated in section 2.2.1. Therefore, 



89 

 

considering the experimental simplicity and its free-concentration extraction mechanism, 

SPME was proposed to study the ligand-binding study between HSA and α-LA using a 

stoichiometric binding approach. The binding association constant for α-LA was 

determined via a Scatchard plot, using the experimental data generated by entering 

experimental data into a COMSOL-based mathematical model to predict the extraction 

kinetics of α-LA in the presence of an HSA binding matrix. 

2.3.2 Experimental 

Materials, supplies, and standards 

LC/MS-grade methanol (MeOH), isopropyl alcohol (IPA), and phosphate-buffered 

saline tablets were purchased from Fisher Scientific (Mississauga, ON, Canada). Human 

serum albumin (HSA, fatty acid-free), α-Linolenic acid (α-LA), agarose, and LC-grade 

chloroform (CHCl3) were purchased from Sigma–Aldrich (Oakville, ON, Canada). In 

contrast, linoleic acid (LA) and tridecanoic acid were acquired from Cayman chemicals 

(Burlington, ON, Canada). Bio-SPME fibers coated with C18 particles were a gift from 

Millipore–Sigma (Oakville, ON, Canada). Fiber coating dimensions for this study were 

15 mm length × 40 µm thickness. The active surface area for these fibers was estimated 

by the Brunauer-Emmett-Teller (BET) surface area analysis using N2 for the physical 

adsorption onto the coating pores. The obtained values are in the supplementary 

information of the published manuscript. 192 

Silanized amber vials (VWR, Mississauga, ON, Canada) were used to minimize non-

specific interactions between fatty acids and the glass walls. Lipid standards stock solutions 
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were prepared daily in MeOH from a stock prepared in CHCl3: MeOH (2:1, v/v) and stored 

at −30 °C in amber silanized vials. Phosphate buffered saline (PBS) was prepared using 

LC/MS-grade water by simply dissolving one tablet in 200 mL LC-MS-grade water. Using 

a commercial microwave oven, agarose gel was dissolved in PBS (0.8%, w/v) in 1-minute 

intervals until complete powder dissolution. The resulting agarose solution started to 

solidify under ~40 °C rapidly; hence, this solution was kept in a water bath at 45 °C until 

needed. 

SPME extractions. 

All extractions followed the same protocol as described in Section 0. The SPME probes 

were cleaned and preconditioned as described in Section 0. After each extraction, the fibres 

were washed using LC-MS grade water (400 µL, 10 s, 2000 rpm) to remove salts and 

nonspecific attachments. Then, analytes were desorbed (200 µL, 60 min, 1500 rpm) using 

a mixture of IPA/MeOH/H2O (45/45/10, v/v), which contained 20 ng/mL of tridecanoic 

acid (FA 13:0) as an internal standard. Four independent replicates were utilized in all 

extractions. 

Liquid chromatography coupled to Mass Spectrometry conditions 

The FAs were characterized using a Vanquish Flex HPLC system coupled to a triple 

quadrupole mass spectrometer TSQ Vantage (ThermoScientific, San Jose, CA). MS/MS 

was operated in negative mode, monitoring the pseudo-molecular ion and its dehydration 

products, the latter being the only fragments obtained from FAs. The instrumental 
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conditions employed are summarized in Table 2.8. These conditions enabled an 

instrumental limit of quantification (LOQ) of 5 ng/mL. 

Table 2.8. LC-MS/MS conditions used for the analysis of fatty acids. 

Liquid Chromatographic conditions – Thermo Vanquish Flex UHPLC 

Column Waters Acquity CHS® C18 1.7 µm, 2.1× 100 mm 

Mobile phase A H2O/MeOH (6/4)  

Mobile phase B MeOH/IPA (2/8) 

Additives in – mode 0.05 % (v/v) acetic acid 

Flow rate 350 µL/min 

Column temperature 55 °C 

Samples temperature 5 °C 

Injection volume 10 µL 

Gradient [min, %B] 
0.0 min, 20%; 1.0 min, 20%; 4.0 min, 80%; 6.0 min, 95%; 8.8 

min, 95%; 8.9 min, 20%; 10 min, 20% 

Mass spectrometry conditions – Thermo TSQ Vantage ™  

Spray voltage 2.5 kV, negative mode 

Vaporizer temperature 300 °C 

Transfer capillary temp. 350 °C 

Sheath gas, arb 30 arb 

Auxiliary gas, arb 40 arb 

Sweep gas, arb 10 arb 

Dwell time 10 ms/ transition 

MS/MS transitions for fatty acids under study 

Standard 
α-Linolenic acid  

(FA 18:3 – ω3) 

Linoleic acid 

(FA 18:2 – ω6)  

Tridecanoic acid 

FA 13:0 § 

Parent mass, m/z 277.3 279.3 213.2 

Fragment 1, m/z [CollE.] 277.3 [5] 279.3 [5] 213.2 [5] 

Fragment 2, m/z [CollE.] 229.1 [24] 231.1 [24] 169 [24] 

S-lens, V 12 12 12 
§ Tridecanoic acid (FA 13:0) was used as internal standard in the desorption solution. CollE. Collision energy.   

Equilibria between α-LA, HSA, and SPME probes 

The albumin (fatty acid-free) was dissolved in freshly prepared PBS (pH 7.4). A 

methanolic solution of the studied FA was used to spike the HSA solution, ensuring the 

volume of the aliquot was under 1% (v/v). This albumin/fatty acid solution was incubated 
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overnight at room temperature (18 – 19 °C) with 500 rpm agitation to ensure sufficient 

analyte-matrix (ligand-receptor) binding. 

The protein binding of fatty acids to HSA are generally believed to be >99%,164,234–237 

but as HSA can also bind multiple individual fatty acids in its pockets, hence why we 

decided to estimate each binding constant. A Scatchard plot was used for its simplicity: an 

albumin solution was mixed with α-LA at multiple molar ratios, left to equilibrate 

overnight (>12 hours, under agitation, at 18 °C), then performed SPME extraction at 

equilibrium (5 hours, 500 rpm) to determine the free concentration of α-LA. 

2.3.3 Results and discussion 

The active surface area of the C18-coated bio-SPME fibers was estimated 

experimentally via N2 adsorption Brunauer–Emmett–Teller (BET) analysis. Pores over 

100 Å were considered significant enough to bind the fatty acid analytes, α-LA and LA. 

The active surface area, 𝑆, for the SPME fibre used in all experiments (15 mm long, 40 µm 

coating thickness) was estimated to be 2.0 𝑚2/𝑔. The maximum occupancy of α-LA onto 

the solid sorptive surface, 𝛾𝑆, was determined experimentally by performing extractions 

from various solutions of α-LA in PBS (0.01 – 20 µg/mL range) under agitation. The 

plateau observed was inferred as the concentration at which α-LA reached monolayer 

saturation, based on Langmuir’s isotherm. 

The selection of α-Linolenic acid (α-LA, FA 18:3) for this study was based on its 

reported bioactivity;238–240 its known physicochemical parameters and availability; and 

binding parameters between α-LA and albumin are relatively scarce in literature in 
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comparison to other FAs.241 The binding parameters of linoleic acid (LA) were used to 

evaluate our approach in lieu of its structural similarity. Mass transfer in SPME is driven 

by three main factors: diffusion to the coating, convection (i.e., adequate agitation), and 

any reaction in the system that removes/adds analyte. To investigate each additional factor, 

we performed three different types of extractions for α-LA A first: a static extraction in 

which the mass transfer of the analyte through the gel sample occurs only via diffusion; an 

agitated extraction, so the mass transfer happens via diffusion and convection, done in PBS 

only as a matrix-free environment; an agitated extraction in the presence of HSA as the 

binding receptor, for which mass transfer includes all three factors. 

The experimental extraction time profiles and the in-silico calculations are depicted in 

Figure 2.19. Without a binding matrix under these extraction conditions, all the α-LA is in 

free form. Thus, depletion of the sample occurs. Approximately 65 μg of α-LA is extracted 

at equilibrium for the receptor-free approaches, static and with convection, shown in Figure 

2.19A and Figure 2.19B, respectively. Despite the large extent of depletion (almost 50%), 

it remained consistent across different experiment iterations driven by the high affinity 

between analyte and coating and the small sample volume used. Moreover, since all 

extractions were carried out at equilibrium under the same experimental conditions, it was 

considered for calculations. 
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Figure 2.19. Experimental and in silico extraction time profiles for α-LA under different 

extraction modes. (A) Static extraction from a PSB-agar gel, (B) Agitated extraction under 

convection (500 rpm) in PBS; (C) Extraction in the presence of serum albumin at an 

equimolar ratio (20 µM). 
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The adsorption equilibrium constant, 𝐾𝑎𝑑𝑠, for α-LA was determined experimentally 

by measuring the amount extracted at equilibrium between the solid-phase sorption phase 

and the sample matrix. Unlike liquid coatings in which partition occurs, sorption in solid 

coatings occurs on the “active surface” on the coating’s porous surfaces. The active surface 

area for the C18-coated probes used was estimated via BET analysis (data presented in the 

manuscript SI) to be approximately 2.0 𝑚2 𝑔⁄ . Thus, 𝐾𝑎𝑑𝑠  for α-LA is approximately 

70 𝑚3 𝑚𝑜𝑙⁄ , which was used during the in-silico calculations. Conversely, the amount 

extracted in the presence of the albumin binding receptor was 37.3 ng (a mere 0.4% from 

the nominal initial concentration), reflecting the non-depletive nature of the SPME device 

in the presence of a binding matrix.  

To obtain the binding isotherms for each fatty acid, a titration-like experiment was 

carried out, in which the receptor (at 20 µM) was mixed with the ligand at multiple molar 

ratios and an SPME extraction at equilibrium took place. The degree of binding, 𝐵, was 

calculated at each ratio, as seen in Figure 2.20. The degree of binding, 𝐵, corresponds to 

the number of bound ligand molecules per receptor molecule. The number of bound ligands 

was determined as the difference between the nominal concentration and the amount 

extracted via SPME. 𝐵 can be expressed as a function of the free ligand (𝐶𝐹, determined 

from SPME measurement), the total ligand (𝐶𝑇, nominal ligand concentration spiked), and 

the total concentration of the receptor (𝐶𝑅). The constructed binding isotherms are shown 

in Figure 2.20. 
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Figure 2.20. Binding isotherm curves constructed for α-LA and LA in the presence of 

serum albumin as the binding receptor.  

The binding of fatty acids to the albumin occurs readily, even at low ligand 

concentrations, as noted by the sharp increase in 𝐵 for both fatty acids. Both isotherms 

reach an apparent saturation at 𝐵 ≅ 7, at a ligand-to-receptor ratio of 7:1, where the free 

concentrations of α-LA and LA were calculated to be 8.1 and 5.6 μM, respectively. As the 

molar ratio of ligands increased, both isotherms depicted a further increase in the degree 

of binding, presumably due to non-specific interactions with the receptor.242 This apparent 

saturation also indicates the presence of at least seven binding sites for fatty acids, as 

reported previously.227,237 Despite that, at normal physiological conditions, freely dissolved 

fatty acids are present at such low concentrations that human serum albumin only interacts 

with up to two moles of unesterified fatty acids.  

Binding dissociation constants were determined from the Scatchard plots, using 

nonlinear curve fitting using GraphPad Prism 9.0 software.243 The binding dissociation 

constants, 𝐾𝑑, for α-LA and LA were 1.26 and 0.46 μM, respectively. Their reciprocal was 
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interpreted as the binding association constant, yielding 𝐾𝛼−𝐿𝐴 = 7.0 × 105  L/mol and 

𝐾𝐿𝐴 = 2.1 × 106 L/mol for α-LA and LA, respectively. Comparable results were obtained 

for the association binding constant of LA,244 supporting the accuracy of the model. The 

binding constants determined for α-LA was used to retroactively calculate the simulated 

values presented in Figure 2.19C, further endorsing the accuracy of the proposed model. 

However, the detailed mathematical explanations and the COMSOL conditions are 

provided elsewhere,192,245,246 as it falls out of the scope of this dissertation  
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2.4 Summary and conclusions 

Using an LC-MS/MS platform, SPME’s quantitative capabilities were explored in a 

few selected applications aiming to explore the parameters that may affect the quantitative 

aspects os SPME-based determinations.  The research in this chapter aimed at exploring 

the quantitative capabilities of SPME using an LC-MS/MS approach, concluding with a 

proposed procedure for accurately determining freely dissolved lipids and the total 

concentration of lipids in plasma. This objective was achieved, albeit in part, for selected 

lipid subclasses and in sensitive applications.  

The desorption kinetics of lipids from matrix components (e.g., lipoproteins) and 

SPME’s own diffusion-based mechanism might impose an unexpected challenge for the 

quantitation of highly hydrophobic lipids under the selected extraction conditions near 

equilibrium. Applying a different non-equilibrium quantitation approach for very 

hydrophobic lipids may be required and revisited for future research. Moreover, detection 

and quantitative analysis of trace lipid sub-classes (such as PAs and PIs, occurring at 

infamously low levels in plasma) remained a limitation in this approach.  

It was also shown how SPME fibers have minimal absolute matrix effects when 

extracting from neat plasma samples. The same cannot be said about SPME with blade 

format (perhaps extending to other TFME geometries), as matrix effects were observed for 

trace GPLs in neat plasma and wildly exacerbated in ACN-modified plasma. Moreover, 

some parameters were found to be critical and to influence the mass transfer of lipids in 

different ways in relation to their relative polarity. Convection parameters (i.e., agitation 
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speed, presumed desorption rate.) was believed to have a significant effect on the effective 

mass transfer of hydrophobic lipids, while more polar lipids remained unaffected. This 

finding highlights mass-transfer to/from the matrix components as a possible rate-limiting 

step opposite. In essence, the desorption of highly hydrophobic lipids from the matrix 

components is sluggish, influencing the uptake by the coating and compromising the 

selectivity and sensitivity attained by the probes. Preliminary strategies should focus on 

simplifying the system under study and perform more fundamental studies to extract a few 

selected lipid analytes from an aqueous matrix (e.g., PBS, another buffer) at various 

nominal concentrations relative to their CMC.   

Additionally, by fine-tuning the coating dimensions for an SPME probe (fibre 

geometry), non-depletive extraction was achieved for a few model compounds. As this 

extraction took place from a matrix-free sample, the fiber constant for these model 

compounds was estimated. A perplexing result further highlighted the impending need to 

study an easily overlooked parameter during SPME method development: the spiking 

approach.: While fat uptake in plasma seems to occur swiftly by the plasma matrix (led by 

the fantastic evolutionary machinery behind lipid transport), a possible synergic effect 

during the uptake of lipids seemingly occurred in a matrix-free environment. 

Furthermore, SPME was utilized to determine the ligand-receptor binding parameters 

successfully and effectively between HSA and two unsaturated long-chained fatty acids, 

α-LA and LA. Following the binding association constant for α-LA was a Scatchard plot 

created by inserting experimental data into a mathematical model to simulate the extraction 
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kinetics of α-LA in the presence of an HSA binding matrix. The satisfying outcomes of the 

in-silico comparisons highlight the utility of mathematical models in validating SPME 

experimental data. In addition, the created mathematical models can be applied to in-silico 

research of analogous interactions between ligands, such as lipids and HSA receptors, 

saving time, effort, and money. The results presented highlight the principles of non-

exhaustive microextraction, notably those of SPME, from a matrix with a high degree of 

binding. In addition, they enhance our knowledge of how this technique can be applied to 

receive insights on multiphase equilibria in complex systems, as well as how to optimize 

microextraction settings and interpret SPME data involving matrix-specific binding sides. 

Lastly, this study presented two potential applications of SPME for determining free 

concentration: first, the free concentration (determined by equilibrium SPME) was the 

measurable variable used for in-silico calculations on binding extent between α-linolenic 

acid (α-LA, an ω-6 polyunsaturated fatty acid) and human serum albumin (HSA). Since 

the extractions were carried out at equilibrium, depletion of the free concentration was not 

a concern.205,247 Second, miniaturized probes were employed to estimate fiber constants of 

simple lipids under negligible depletion. Yet, non-depletive extractions are not always 

feasible, and said depletion threshold must be set by the authors.194,247,248 Furthermore, the 

study also evaluated the feasibility of standard water-generating vials doped with a polar 

model lipid to construct external calibration curves intended for free concentration 

determination. 
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Chapter 3 Coupling SPME to direct to MS approaches 

3.1 Introduction 

Coupling chromatographic separation systems to mass spectrometry (MS) is 

considered the “gold standard” approach due to the higher sensitivity and selectivity 

achieved. However, the samples might require laborious preparation steps to ensure desired 

chromatographic selectivity, sensitivity, and compatibility with MS. Analytical 

chromatographic sequences consist of calibration standards, blanks, quality control, and 

samples; thus, lengthy chromatographic separations rapidly increase the overall analysis 

time and costs. 

Motivated by simplifying analytical methods in the mid-2000s,  ambient MS (AMS) 

techniques pioneered analyte introduction and detection in real-time, in proximity to the 

studied system, and under ambient pressure.249–251 Since then, over 40 AMS techniques 

have been documented, differing in the desorption/ionization processes.252,253 For instance, 

analyte desorption may occur using various methods, including interactions with solvents, 

laser desorption, thermal desorption, or impact by ions or charged droplets. Electrospray 

Ionization (ESI) and atmospheric pressure chemical ionization (APCI) ionization happen 

in most AMS techniques; thus, the mass spectra obtained are virtually identical to those of 

conventional coupling between liquid chromatography and ESI and APCI ionization.254,255  

For instance, the simplest method for sample introduction, colloquially known as 

dilute-and-shoot, involves introducing a diluted (compatible) sample to the MS via a flow-

injection mechanism.256–258 This sample introduction approach was used by Han & Gross 

in their seminal work on lipid analysis in crude lipid extracts, which involved the 
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application of an MS-based platform without any prior chromatographic separation and 

coined the term “shotgun lipidomics.”259–261 With the development of AMS sources and 

MS imaging technologies, the scope of shotgun lipidomics has expanded to cover sample-

introduction methods aside from the initial direct infusion with a syringe. In biomedical 

research, combining direct desorption with imaging has made it possible to obtain 

information on the spatial distribution of lipids in tissues. For example, DESI uses solvent 

spray for fast extraction and desorption, achieving a 20–500 µm pixel resolution in various 

tissues.262–266 Similarly, higher resolution (~350 µm pixel size) can be accomplished with 

laser ablation, as in MALDI.265,267 The use of high-resolution mass spectrometry (HRMS) 

in shotgun lipidomics can help to resolve isobaric species formed during ionization.268–270 

Moreover, derivatization methods have also been employed in shotgun approaches to 

enhance the quantitation of trace lipids271–275 and to aid in the structural characterization of 

isomeric compounds.273–277 

Since most direct MS approaches aim to minimize or eliminate sample preparation, 

some are not comparable to the (gold) standard analytical methods due to a lack of 

automation, selectivity, sensitivity, and possible instrument contamination.253,278 

Regarding automation, these technologies are typically operated manually, potentially 

impacting the operator for many samples or variability between operators.279 Regarding 

selectivity, direct-to-MS methods cannot separate isomers or isobars, which hinders their 

broad application for lipid analysis. Ion mobility (IM) can help to bridge this gap by 

providing sub-second gas-phase separation of ionized species based on their mobility 
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through a separation cell/flow.54,280 The other issues mentioned above (i.e., inadequate 

sensitivity and the propensity for instrument contamination) can occur due to strong matrix 

effects from the simultaneous ionization of sample components, inadequate sample 

preparation, or a combination of the two. Thus, modifications to the analytical workflow, 

such as an enrichment or derivatization step, are considered necessary to improve the 

method’s quantitative capabilities. 281,282 

Given SPME’s advantages and the relative ease with which it can be coupled with MS, 

remarkable results have been obtained by directly coupling SPME with ambient MS 

techniques, particularly in terms of the attained linearity and minimal matrix effects. 

Various SPME devices have been successfully coupled directly to MS to determine illicit 

drugs, volatile organic compounds, and pesticides in different biological matrices.283–288  A 

simple depiction of some of these approaches is shown in Figure 3.1. Desorption 

electrospray ionization (DESI) has been coupled to SPME fibers to analyze drugs and 

metabolites in animal brains.289 Also, SPME devices have used Direct analysis in real-time 

(DART) as yet another means of analyte introduction directly to the MS, for example, in 

the analysis of drugs of abuse,288,290–292 veterinary drugs,286 volatile organic compounds,293 

environmental pollutants,294–296 and metabolites.297 
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Figure 3.1. Schematic designs of some direct-to-MS techniques coupled to SPME devices: 

(A) Desorption electrospray ionization, DESI; (B) Direct analysis in real-time, DART; 

(C) Coated blade spray, CBS; (D) Microfluidic open interface. 

From the existing SPME–MS approaches, coated blade spray (CBS) is perhaps one of 

the most robust ones to date, as it integrates sampling, sample preparation, and sample 

introduction in a single device. CBS has been used to determine a variety of analytes (e.g., 

drugs of abuse, pesticides, immunosuppressant drugs) in complex biological and 

environmental matrices. In essence, the CBS device is a small stainless-steel, sword-like 

support that enables the enrichment of small molecules onto its thin polymeric coating, 

from which desorption is attained with a small amount of solvent (i.e., 5–20 µL to desorb 

the extracted analytes from the coated section within 5–20 seconds). Ionization occurs by 

application of a high potential (i.e., charged droplets exhibiting the characteristic of a 

Taylor cone formed on the coated blade’s tip).298 The resulting ‘square-like’ transient 

signal lasts until the desorption solvent has been sprayed (or evaporated) or until the high 

voltage is switched off. Thus, desorption and ionization occur without gas or heating, and 
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no fluidics are required (i.e., pumps, valves, syringes).102 In terms of rapid analysis, CBS 

has provided analysis under 10 s for a large set of analytes using a complex interface,299 

and analysis time per sample as low as 3 min using a high-throughput sample preparation 

approach.140  

Similarly, microfluidic open interface (MOI) is an emerging direct-to-MS approach 

that interfaces SPME devices directly to MS. The MOI approach has been used previously 

in the analysis of tranexamic acid in plasma,300 doxorubicin in lung tissue,301 and 

immunosuppressants in whole blood.302  Figure 3.3 depict the MOI interface inspired by 

the open port probe design. 301,303,304 Briefly, the MOI interface is composed of four major 

components: a desorption chamber for the SPME device, a three-way tubing diverting the 

incoming flow, a pump with a gas-tight syringe to supply the desorption solvent, and the 

tubing towards the instrument’s ESI source, which provides the suction flow. The 

desorption chamber is a flow-isolated region where the SPME device is placed, and the 

analytes desorbed. This interface offers an alternative for situations in which the desorption 

time is relatively long (i.e., analyte desorption from the coating is slow) while minimizing 

excessive dilution in its low volume when compared to LC-based desorptions (for example, 

7–10 µL for MOI vs. over 50 µL for LC).  
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Figure 3.2. Schematics for the MOI interface for SPME–MS. The MOI interface is 

comprised of (A) the desorption chamber; (B) a tubing ‘tee’ electrically grounded; (C) a 

syringe which supplies the desorption solvent; and (D) the tubing diverting the solvent 

inflow towards the instrument’s ESI source. Adapted from Dr. Nazdrajić’s dissertation.305 

The purpose of this chapter was to apply SPME technology for the shotgun analysis of 

lipids. Due to its effectiveness with other analytes, the author initially intended to employ 

the CBS technique. On SPME geometry, the author investigated the effects of variables 

such as voltage, solvent composition, desorption duration, and coating thickness. The 

author shifted from the CBS method to the MOI method for the SPME-MS interface due 

to unforeseen limitations faced during the desorption procedure in CBS. The MOI method 

for lipid analysis was evaluated, including the selection of desorption solvent and time. The 

objective intended exploring strategies for fast analysis of lipids by combining SPME 

devices with mass spectrometry.  
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3.2 Experimental  

3.2.1 Standards, materials, and probes 

All standards, solvents, and materials used in this work are the same as those described 

in Section 0. All the probes (i.e., stainless-steel blades for CBS, nitinol wire for MOI) 

employed in this study were etched, coated with a C18/PAN slurry, and cleaned according 

to the methods described in Section 0. The general workflow for the extractions using the 

SPME probes was the same as the one described in Section 0; the lone exception was that 

desorption took place online. All solvent mixtures used for desorption contained 0.1% (v/v) 

of acetic acid and 10 mM of ammonium acetate as additives for ionization. 

3.2.2 Mass spectrometers 

Preliminary experiments for CBS were carried out on a TSQ Vantage™ triple-

quadrupole mass spectrometer (Thermo Scientific, CA, USA). These preliminary 

experiments included voltage evaluation, blade positioning relative to the MS inlet, and an 

initial desorption optimization. Subsequent experiments were then carried out on a TSQ 

Quantiva™ triple-quadrupole mass spectrometer (Thermo Scientific, CA, USA) 

employing a CBS interface enclosed within a clear box. Conversely, all experiments for 

MOI were carried out on a/the TSQ Vantage™ triple-quadrupole mass spectrometer 

(Thermo Scientific, CA, USA). The source parameters used for each SPME–MS approach 

and each instrument are listed in Table 3.1, and the selected MS/MS transitions for the 

model compounds are listed in Table 3.2. All data analysis was carried out using 

TraceFinder 4.1 from Thermo Scientific.  
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Table 3.1. Source parameters for each SPME-MS approach used. 

Approach CBS in Vantage CBS in Quantiva MOI in Vantage 

Voltage, kV 3.8 5.0 3.0 

Ion transfer capillary, °C 325 325 275 

Vaporization temp, °C – – 40 

Sheath gas, arb – – 40 

Auxiliary gas, arb – – 10 

Sweep gas, arb – – 1 

 

Table 3.2. MS/MS transitions for the model compounds used for the SPME–MS 

approaches. 

Standard m/z Precursor  m/z Frag. 1 [CE] m/z Frag. 1 [CE] S lens (V) 

LPC 17:0 510.4 184.1 [16] 104.1 [23] 15 

LPC 16:0 496.4 184.1 [16] 104.1 [23] 15 

LPE 17:1 465.3 324.1 [19] – 17 

LPS 17:1 510.4 324.1 [19] – 17 

PC 15:0_15:0 706.5 184.1 [25] 464.3 [32] 19 

PC 16:0_16:0 (DPPC) 734.5 184.1 [25] 492.3 [32] 20 

PE 17:0_17:0 720.6 579.6 [15] 253.2 [25] 17 

PS 17:0_17:0 764.5 579.5 [25] 494.2 [34] 16 

PG 17:0_17:0 768.6 579.5 [24] 327.3 [27] 16 

TG 19:0_19:0_19:0 950.9 635.6 [24] – 19 
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Figure 3.3. Coated blade spray interfaces for the MS instruments (A) TSQ Vantage and 

(B) TSQ Quantiva. The black arrow points at the position of the SPME CBS device within 

each interface. (C) Scheme of desorption/ionization process occurring directly on the 

blade and the 𝑥,𝑦,𝑧  alignment of the probe in front of the MS inlet. (D) Example of the 

resulting transient signal for two model compounds, LPC 17:0 and LPE 17:1. 

3.2.3 CBS as the SPME–MS approach 

Figure 3.3 shows a photograph of the interfaces used for CBS in each MS instrument. 

Once the high voltage is applied, an ESI mechanism causes ionization on the coated blade’s 

tip, which occurs as charged droplets exhibiting the characteristic Taylor cone.298 To 

kickstart desorption, a small amount of solvent (5–20 µL) is pipetted onto the coated blade, 

which facilitates the desorption and mass transfer from deeper parts of the coating. After a 

short desorption period, the analytes are sprayed toward the MS by the high voltage (HV) 

applied to the blade. The resulting transient signal lasts until the desorption solvent has 

been sprayed (or evaporated) or until the high voltage is switched off. The optimal voltage, 
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MS/MS tuning parameters, and blade positioning (relative to the MS inlet) were 

determined by infusing a mixture of standards (20 ppb, in MeOH/H2O, 95/5 + 0.1% acetic 

acid) onto a blade via a capillary using a Hamilton auto-sample syringe pump (7.5 µL/min, 

Sigma Aldrich, MO, USA). The area under the transient signal was acquired for 30 s and 

integrated to determine the optimum voltage and positioning.  

3.2.4 MOI interface as SPME–MS approach  

The desorption solution inflow was supplied by a programmable syringe pump with a 

20 mL gas-tight syringe (Hamilton, USA) via a green PEEK tube (rigid walls, outer 

diameter: 0.0625 in, inner diameter: 0.030 in, Millipore Sigma). The metal three-way 

chromatographic tee (1 mm bore) is connected by a short blue PEEK tube (length: 5.0 cm, 

outer diameter: 0.0625 in, inner diameter: 0.010 in, Millipore Sigma) to the ESI source  

The level of desorption solvent in the chamber was regulated by varying the inflow of 

desorption solvent (LC pump) while keeping the suction flow rate constant (source 

parameters). Thus, when the inflow is higher, equal to, or lower than the suction flow rate, 

the level increases, is stable, or decreases accordingly. The ionization source generates the 

suction flow via the venturi effect, while the flow rate depends on the tubes' dimensions 

(i.e., their inner diameters and lengths) and the viscosity of the desorption solution. The 

temperature significantly affects the viscosity of fluids; hence all MOI experiments were 

conducted at the lowest vaporization temperature possible in the source used, as the 

reservoir must be filled more frequently at higher suction flows. 
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The MOI workflow consisted of four main steps. In the first step, the flow rates in the 

system are equilibrated empirically by matching the inflow (supplied by the pump) and 

aspiration flow rates (provided by the instrument’s ESI source). Then, the volume in the 

desorption chamber remains stagnant and undisturbed at this stage. In the second step, 

analyte desorption from the SPME probe occurs for a set period. Next, in the third step, the 

inflow is stopped from the pump, causing the desorbed sample to be aspirated from the 

desorption chamber by the suction from the ESI source. Thus, the desorbed analytes enter 

the MS instrument simultaneously as a narrow plug, offering great sensitivity. Finally, the 

solvent influx is resumed and increased in the fourth step to overfill the desorption 

chamber. This inflow cleans the analyte carryover from the MOI’s inner parts and resets 

the interface for the following sample. These four steps require approximately 2.5 min per 

sample. 

Briefly, the MOI is composed of three major components: a three-way 

chromatographic tee, which acts as a flow-isolated section over the tee, which serves as 

desorption chamber; a pump with a gas-tight syringe (20 mL, Hamilton) to supply the 

desorption solvent via a green PEEK tube (rigid walls, outer diameter: 0.0625 in, inner 

diameter: 0.030 in, Millipore Sigma); and a short blue PEEK tube to transfer the sample to 

the ESI source (length: 5.0 cm, outer diameter: 0.0625 in, inner diameter: 0.010 in, 

Millipore Sigma). The level of desorption solvent in the chamber was regulated by varying 

the inflow of desorption solvent (LC pump) while keeping the suction flow rate constant 

(source parameters). Thus, when the inflow is higher, equal to, or lower than the suction 
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flow rate, the level increases, is stable, or decreases accordingly. The ionization source 

generates the suction flow via the venturi effect, while the flow rate depends on the tubes' 

dimensions (i.e., their inner diameters and lengths) and the viscosity of the desorption 

solution. The temperature significantly affects the viscosity of fluids; hence all MOI 

experiments were conducted at the lowest vaporization temperature possible in the source 

used, as the reservoir must be filled more frequently at higher suction flows. 

Additional details relating to the device’s operation can be found in Dr. Nazdrajić’s 

doctoral dissertation.305 The MOI workflow consists of four main steps. In the first step, 

the flow rates in the system are equilibrated empirically by matching the inflow (supplied 

by the pump) and aspiration flow rates (provided by the instrument’s ESI source). Then, 

the volume in the desorption chamber remains stagnant and undisturbed at this stage.306 In 

the second step, analyte desorption from the SPME probe occurs for a set period. Next, in 

the third step, the inflow is stopped from the pump, causing the desorbed sample to be 

aspirated from the desorption chamber by the suction from the ESI source. Thus, the 

desorbed analytes enter the MS instrument simultaneously as a narrow plug, offering great 

sensitivity. Finally, the solvent influx is resumed and increased in the fourth step to overfill 

the desorption chamber. This inflow cleans the analyte carryover from the MOI’s inner 

parts and resets the interface for the following sample. These four steps require 

approximately 2.5 min per sample. 
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3.3 Results and Discussion  

3.3.1 Coated Blade Spray  

The voltage required to produce a stable signal was assessed by continuously infusing 

a solution of lipid standards (20 ng/mL, in MeOH/H2O 95/5, v/v) and integrating the “area 

under the curve,” as shown in Figure 3.4. The best ionization with the TSQ Vantage was 

obtained in the 4.3–4.7 kV range, with the lowest variability being observed at 4.5 kV. As 

such, 4.5 kV was selected as the spray voltage. Voltages higher than 4.7 kV produced an 

intense response at the cost of spray instability and occasional corona discharge on the 

blade tip. For the TSQ Quantiva, which was employed in later experiments, 5.5 kV was 

the best voltage, as reported elsewhere.142,146,302,307 For both instruments, the most stable 

spray was obtained by positioning the blade's tip 10 mm from the inlet, with no substantial 

differences in placement in the 𝑥 and 𝑦 axes. Diminished ionization for some lipid classes 

is a common challenge in shotgun lipidomics due to inherently low concentrations of these 

compounds in biological samples such as plasma (e.g., PS, PG, PA) and low ionization 

efficiencies.259 Alternative strategies that can be employed to mitigate this issue include 

using different solvent additives, such as ammonium fluoride,141,308 and fast polarity 

switching.309  
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Figure 3.4. Evaluation of the high voltage required for effective ionization in TSQ 

Vantage. The areas are acquired for 20 s at each voltage value and then normalized to the 

maximum area. Mixture of lipids injected as a methanolic mixture (50 ng/mL) and 

continuous flow of 20 µL/min. (A) LPC 17:0 and LPE 17:1; (B) PC 15:0_15:0 and 

PE 17:0_17:0; (C) PG 17:0_17:0 and PS 17:0_17:0; (D) TG (19:0)3 
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Figure 3.5. (A) Solvent comparison for desorption of selected lipids from CBS blades 

using TSQ Vantage and its open interface. (B) When a solvent is applied to the blade, the 

total ion chronogram/transient signal for PC 15:0_15:0 (m/z 706.5 > 184.1) is obtained for 

up to 20 min. 

The desorption solvent was optimized by testing the desorption performance of three 

solvent mixtures (namely, binary combinations between water and MeOH, ACN, or IPA). 

For these tests, the desorption volume and time (before the application of high voltage) 

were kept constant at 15 µL and 15 s, respectively, 0.1% acetic acid (v/v) was added to the 

desorption mixtures as a modifier, and the acquisition time was set to 20 s (10 ms dwell 

time per transition). The area under the transient-signal curve was integrated for each 

evaluated solvent; these results are shown in Figure 3.5A. The observed desorption 
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efficiency for the targeted lipids was likely influenced by the solvent’s polarity and 

hydrogen bond-donating abilities. For instance, the most effective detection of lipids was 

attained with methanol and isopropanol solvents which are already employed for 

desorption in LC-based applications. In contrast to these solvents, acetonitrile has a slightly 

higher polarity (polarity index = 5.8) and does not form hydrogen bonds, which may 

explain its performance.310,311 While nonpolar solvents may enable the efficient desorption 

of lipids, one must also consider their ESI-amenability and their effect on the coatings; for 

instance, chloroform tends to dissolve the PAN binder. Moreover, the low signal intensity 

obtained in this timescale (< 30 s) and high variability (RSD in the 15–30% range) implied 

low overall desorption and low spray stability, respectively. To investigate further, the 

solvent was applied continuously to a blade using a syringe pump, which caused the 

transient signal to increase past the 2-min mark, continuing for almost 20 min (Figure 

3.5B). However, the use of larger volumes for desorption is highly impractical, as small 

solvent amounts easily spread out past the coated section due to the low surface tension of 

organic solvents and the (albeit small) presence of surfactant-like analytes.312 Similarly, 

the use of longer desorption times (>30 s) is also an impractical approach for use in high-

throughput direct-to-MS strategies, which typically aim to reduce sample turnaround 

times.299 Furthermore, it is essential to note that solvent evaporation during long desorption 

times can negatively impact spray stability. 

As an alternative, three parameters were reconsidered to increase desorption 

efficiency: reducing the coating thickness, increasing the water content in the desorption 
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mixture, and isolating the blade from environmental factors. A thin extraction phase is 

conducive to faster extraction kinetics and rapid sampling, but this comes at the expense 

of a possible decline in sensitivity.313 As noted, the use of thin extraction phases results in 

faster desorption kinetics, which are noticeable and essential in micro-desorption 

phenomena.314,315 A different slurry was prepared using smaller C18 particles (5 µm vs. 

40 µm) and applied in thinner coats (10 ± 0.8 µm). Lowering the organic content in the 

solvents (from 95% to 90%, v/v) and slightly isolating the source from environmental 

changes within the lab (e.g., air drafts from air-conditioning ducts, dry air from seasonal 

temperature control) enabled longer desorption times with lower evaporation. Similarly, 

the demand for an isolated interface prompted the use of a different instrument, the 

TSQ Quantiva, which features an interface that already included the plastic enclosure 

depicted in Figure 3.3. 

The duration and intensity of the analyte signal are influenced by the amount extracted, 

the volume and chemical composition of the desorption solvent, the desorption time 

(wetting time before the application of HV), and the spray voltage. Figure 3.6 presents the 

results obtained using the enclosed CBS interface to desorb lipids from thinner blades. As 

can be seen, the amount of analyte desorbed from the coating depends on the strength and, 

in this approach, the volume of the desorption solvent. Undeniably, the desorption step is 

the bottleneck in the analytical method considered in this chapter. The desorption time is 

selected based on the analyte, its affinity towards the coating and the coating thickness. 

The molecular profiles of lipids during solvent-based ambient mass ionization are dictated 
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by the solvent used.316 Nevertheless, while the development of SPME-CBS applications 

has been pursued vigorously,140,141,146,299,308 further research is still required to improve the 

desorption/ionization process from the particles employed in the SPME coated devices, the 

influence of the binder, and its effect on efficient mass transfer. In addition to the inherent 

complexity of extraction of hydrophobic analytes in water-rich samples. Thus, an 

alternative approach for sample introduction was studied: the “microfluidic open 

interface”, as it provides a better control of the desorption process with minimal 

evaporation.  

 

Figure 3.6. Comparison between solvent mixtures regarding desorption performance 

(18 µL solvent, 30 s desorption time, 𝑛 = 5). The highlighted section portrays the 

obtained area counts for desorption from the open-air CBS interface (Vantage TSQ). 
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3.3.2 Microfluidic Open Interface  

MOI was investigated because its flow-isolated desorption chamber provides greater 

control of the desorption process. The signal obtained with the MOI interface has a 

Gaussian shape, as all the desorbed analytes are introduced (comparatively) simultaneously 

in a low microliter injection, a narrow analyte plug, thus offering higher signal-to-noise 

ratios.301,317  While CBS produces a transient signal that can be extended for as long as the 

solvent is available (enough collection of samples), MOI delivers a Gaussian peak shape 

over a limited time, which is determined by the desorption volume and the sample’s fluid 

viscosity, among others variables.301,317 To determine the aspiration flow caused by the 

instrument’s source, five different solvents were evaluated and the peak width (at the base) 

was obtained for a 5 µL solvent plug (𝑛 = 5 injections), as listed in  

Table 3.3. Gaussian peaks were observed for the tested desorption solvent, with 

different peak widths inversely correlated to the aspiration flow. 302 For instance, Solvent 1 

had the highest aspiration flow (135 µL/min), thus producing the narrowest peak (10 s at 

the base); conversely, Solvent 5, which had higher isopropanol-laden viscosity, presented 

the lowest aspiration flow and the widest peak, at 35 µL/min and 44 s, respectively. Next, 

Solvents 1, 2, 4, and 5 were selected to construct the desorption time profiles for the lipids 

extracted from PBS, as they allowed for coverage of a wide range of aspiration 

flow/viscosity. Certainly, desorption efficiency should be optimized for different lipids. 
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Table 3.3. Aspiration flow for each solvent and the average peak width using the ESI 

source for the Vantage and the conditions listed in Table 3.1. 

Solvent Composition (v/v) Aspiration flow, µL/min peak width, s 

1 MeOH/H2O (95/5) 135 10 ± 0.8 

2 IPA/MeOH/H2O (20/70/10) 90 15 ± 1.0 

3 IPA/MeOH/H2O (45/45/10) 65 20 ± 1.5 

4 IPA/MeOH/H2O (70/20/10) 50 24 ± 1.0 

5 IPA/H2O (95/5) 35 44 ± 3.8 

6 ACN/H2O (95/5) 75 18 ± 1.2 

    

The obtained desorption time profiles are shown in Figure 3.7. Clearly, the optimum 

desorption time will strongly depend on the analyte and its affinity towards the desorption 

solvent. A clear difference among lipids can also be observed based on their 

hydrophobicity, with polar lipids appearing to be desorbed faster than highly hydrophobic 

ones. Nevertheless, zwitterionic lipid PC 15:0_15:0 shows large signals, likely caused by 

ionization suppression of other lipids present, regardless of the solvent employed. 

Ultimately, Solvent 2 was selected as the best option, mainly due to its ability to provide 

higher reproducibility. Thus, this solvent was subsequently employed to construct the 

calibration curves shown in Figure 3.8 and the matrix-free calibration curves prepared in 

PBS depicted in Figure 3.9. Similarly, despite the ideal of rapidly desorbing analytes in 

SPME–MS for increased throughput, all compounds appeared to be in the linear regime of 

desorption. Therefore, seven consecutive desorption steps were attempted from the same 

SPME probe to assess the extent of carryover on the fiber. The results shown in Figure 

3.10 display the amounts desorbed for up to seven sequential desorptions for a single fiber, 
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showcasing the high affinity between the analytes and the coating. Future research could 

examine whether desorption throughput can be increased by optimizing coating thickness, 

binder choice, and perhaps even coating chemistry. Nevertheless, the evaluation of the 

desorption of SPME probes was considered positive based on the calibration curves 

obtained in the chamber and the apparent linearity for polar lipids. On the other hand, while 

very hydrophobic lipids were extracted and detected, their mass transfer via SPME must 

be studied more rigorously for strategies that require fast instrumental analysis (< 1 min 

per sample). Testing of different solvents could in turn decrease the mass transfer resistance 

during desorption, though care must be taken so these solvents do not compromise the 

sorbent coating physical stability (e.g., chloroform can dissolve the PAN binder, thus 

dislodging sorbent particles).
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Figure 3.7. Desorption time profiles for studied lipids in the MOI interface with four solvents. Extractions were performed on 

PBS dispersions (100 ng/mL, 60 min) using C18 fibers (10 mm lenght×13 µm thickness, n=5). 

Lipid analytes: (A) LPC 17:0, (B) LPE 17:1, (C) LPS 17:1, (D) PC 15:0_15:0, (E) PE 17:0_17:0, (F) TG (19:0)3. 
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Figure 3.8. Instrumental calibration curves manually prepared in the MOI desorption chamber. Desorption 

solvent: MeOH/IPA/H2O (7/2/1, v/v/v) with 0.1% acetic acid and 10 mM ammonium acetate. Lipid analytes: (A) LPC 17:0, 

(B) LPE 17:1, (C) LPS 17:1, (D) PC 15:0_15:0, (E) PE 17:0_17:0, (F) TG (19:0)3.  
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Figure 3.9. Matrix-free calibration curves prepared for lipids in PBS (pH 7.4, 30 min extraction at 1000 rpm). Static 

desorption was conducted for 30 s using MeOH/IPA/H2O (7/2/1, v/v/v) containing 0.1% acetic acid and 10 mM ammonium 

acetate. Lipid analytes: (A) LPC 17:0, (B) LPE 17:1, (C) LPS 17:1, (D) PC 15:0_15:0, (E) PE 17:0_17:0, (F) TG (19:0) 3. Loss 

of linearity is likely caused by self-assembly of lipids in PBS. 
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Figure 3.10. Sequential desorption steps from the same SPME probe for lipid standards extracted from PBS (pH 7.4, 

100 ng/mL). Desorption time was 30 s for each step using MeOH/IPA/H2O (7/2/1, v/v/v) containing 0.1% acetic acid and 

10 mM ammonium acetate. Lipid analytes: (A) LPC 17:0, (B) LPE 17:1, (C) LPS 17:1, (D) PC 15:0_15:0, (E) PE 17:0_17:0, 

(F) TG (19:0)3. 
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Furthermore, strict care must be taken when selecting the thickness of the coatings, as 

it is difficult to achieve complete desorption for lipids, as shown in Figure 3.10. While 

other authors have noted this phenomenon using SPME–MS,77,300,305 the extent of carryover 

must be evaluated more meticulously to propose any quantitation strategies for biological 

samples. Similarly, considerable ionization suppression was observed for various lipid 

classes, particularly for the minor phospholipids. The inherent competition occurring 

during ESI ionization (and ESI-adjacent, as in CBS) is unavoidable and is still present in 

direct SPME-MS couplings, albeit on a reduced scale for some lipid classes. Additionally, 

the natural disparity in the concentration/abundance of different lipid classes and 

subclasses in real biological samples may further complicate the detection of trace lipids, 

as was observed for LPS 17:1. Interactions between the analytes and the C18 coating occur 

via van der Waals interactions between fatty acyl residues. While these interactions may 

confer some degree of selectivity towards lipids as a broad group, the accurate detection of 

specific lipid classes may be enhanced by increasing the coating’s selectivity. Moreover, 

the naturally different concentration levels of lipid subclasses (e.g., LPCs being 40 times 

more abundant by mass compared to other LPLs such as LPEs, LPSs, and other potentially 

biologically active lipids) could further impact their accurate detection. 

As previously noted, SPME devices simultaneously isolate and enrich analytes from 

the matrix by performing extractions from the unbound pool of analytes in the sample. 

Moreover, the use of PAN binder makes the coating matrix compatible and allows it to be 

tuned toward the analytes of interest. In principle, the coating dimensions of SPME devices 
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enable the simultaneous isolation and enrichment of analytes from the matrix in a 

negligible non-exhaustive fashion, with thin coatings being most conducive to fast 

desorption.   

3.4 Conclusions  

The work presented in this chapter confirms the viability of directly coupling SPME 

to MS for the simultaneous analysis of various lipid classes. Two sample introduction 

methods, namely, CBS and MOI, were tested in conjunction with different triple 

quadrupole mass spectrometers. For CBS, multiple parameters must work in unison to 

achieve the best signal-to-noise ratio (e.g., ionization/spray voltage, solvent, solvent 

additives, desorption time, and distance to MS inlet). While CBS is feasible, further 

research is required to develop and understanding of it on a more fundamental level and to 

simplify it, as an alternative, the micro-desorption MOI feature was employed, as it 

provides better control of the desorption volume. This key feature also accentuates MOI’s 

applicability for determining the free concentration of selected bioactive compounds at 

trace levels. The probes showed minimal absolute matrix effects during extractions from 

untreated plasma; however, ionization effects were observed in both approaches taken 

occurring as suppression of some lipid sub-classes with simultaneous ionization 

enhancement of other lipid sub-classes. Furthermore, typical ionization enhancement was 

observed for choline-containing glycerophospholipids, which was more pronounced for 

the PC lipid subclass. In both approaches, the results showed that the mass transfer and 

desorption amount were more limited over the typical timescale of rapid SPME-MS 

techniques (15–20 s) compared to standard SPME-LC applications (e.g., > 10 min). 
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However, an increase in desorption efficiency throughput was obtained by modifying the 

desorption solvent's composition to minimize its rate of evaporation. It is worth noting that 

the strict quantitative capabilities of SPME-MS were not reached by the author (within the 

timeline for completion of the degree) and remain an area needing further study. 

Future directions and areas of improvement 

The immediate extension of this work is a rigorous study focusing on the mass transfer 

of lipids to and from a thin coating, including their effective mass transfer through the 

binder used in matrix-compatible probes, which is crucial for the fast desorption of 

analytes. Special attention must also be given to the device’s sorption/desorption kinetics, 

as the free concentration of analytes in the binder controls their diffusion into the composite 

with the sorbent particles. When designing an optimum extraction phase, careful 

consideration must be taken to ensure a good compromise between fast extraction 

efficiency and mass transfer resistance. Furthermore, future research should examine how 

increasing the temperature in the desorption chamber could enhance desorption within a 

timescale amenable for rapid analysis.  

Coupling these strategies for fast profiling can take almost full advantage of their 

respective rapid analysis abilities, mainly when used in a simplified system. For instance, 

MOI and its small desorption chamber have great promise for further research on using a 

standard water vial system to analyze compounds with very low solubility. The small 

volume of the desorption chamber and the MOI system’s flexibility (it can be made smaller 

if needed) can significantly increase sensitivity and decrease LOD/LOQs.  
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Simplifying the SPME extraction process and the samples used is paramount to 

developing a more robust understanding of this challenging group of compounds. For 

instance, future work should target fewer compounds with known physicochemical 

parameters (e.g., water solubility, critical micelle concentration, acidity/basicity as pKa). 

Additionally, future work could examine if and how other parameters (i.e., other lipids, 

ionic strengths, pHs, glucose concentration.) influence the free concentration of analytes, 

as these factors govern all manner of mass transfer. Such research would be integral to 

identifying optimum matrix-free environments that better reflect the sample. 

Finally, increasing the method's selectivity is crucial to achieving better quantitative 

results. Numerous strategies could be implemented (and studied further) to this end, 

including rationally designed coatings for the selective/targeted extraction of a smaller pool 

of analytes (e.g., silver for unsaturated lipids, zirconia for phospholipids, and SCX for fatty 

acids and eicosanoids); modifying the matrix pH to enable the extraction of trace pH-

sensitive lipids (e.g., fatty acids, PAs, and some sphingolipids); derivatization at whichever 

stage is more conducive to more selectivity in MS (e.g., derivatize fatty acids, 

derivatization of unsaturated fatty acids to pin-point location of double bonds; 

derivatization for non-ESI-amenable analytes like sterols). 
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Chapter 4  Profiling of unsaturated lipids by Raman spectroscopy 

directly on SPME probes 

Preamble 

Chapter 6 has been published as a short technical note under the title “Profiling of 

Unsaturated Lipids by Raman Spectroscopy Directly on Solid-Phase Microextraction 

Probes” (Analytical Chemistry, 2022, 94(2), 606–611). This manuscript was coauthored 

with Victor Galievsky and Khaled Murtada and supervised by Janusz Pawliszyn and Pavle 

Radovanovic. Experimental design, data analysis, and manuscript writing were done by 

the author of this thesis in collaboration with Khaled Murtada and Victor Galievsky. Probe 

manufacturing, SPME sample preparation, and LC-MS/MS instrumental determinations 

were done entirely by the author of this thesis. Victor Galievsky performed all Raman 

measurements and their corresponding data acquisition. Janusz Pawliszyn and Pavle 

Radovanovic supervised the collaboration and contributed to the manuscript revision.  

4.1 Introduction 

Lipids are an important class of biomolecules that play a fundamental role in the 

composition of membranes and as energy storage vehicles in lipid droplets.318, 319 Lipids 

can act as signalling molecules in intra-cellular and inter-cellular processes.320,321 The 

functions performed by lipids are as broad and diverse as their structural characteristics. 

Structure plays a crucial role in defining lipid classes and subclasses and, to some degree, 

their biochemical functions and biophysical properties.319,322 The detection and monitoring 

of lipids are critical for maintaining human health, with cholesterol being the most 

prominent lipid linked to cardiovascular disease.323 
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Over the past few decades, innovations in separation technologies and mass 

spectrometry (MS) have sparked a renaissance in lipid research, which has come to be 

known as lipidomics. The primary aim of lipidomics is to integrate the roles of these 

biomolecules in cellular functions, as well as to track changes and quantify lipids in diverse 

samples. Furthermore, introducing soft ionization techniques to MS – electro-spray 

ionization (ESI) and matrix-assisted laser desorption/ionization MALDI324–327 has made it 

even easier to analyze lipids—including low-abundance lipids, such as 

endocannabinoids—in their natural state.15,328 

However, chromatographic and MS-based technologies can be complicated and 

require expensive instruments and consumables. In addition, these state-of-the-art 

techniques must also be implemented by highly qualified personnel. In contrast, optical 

spectroscopy is a fast and inexpensive option for analyzing biological materials, with 

absorption and fluorescence spectroscopy being the simplest and most widely used 

variants.329 However, the application of these approaches in lipidomics is somewhat 

limited, as they usually require using derivatization protocols to introduce 

chromophore/fluorophore moieties into lipid structures. For example, diacylglycerols in 

multiple matrices were determined using visible spectroscopy after derivatization with 

iodine and phosphomolybdic acid.330 Thus, when analyzing the composition of analytes, it 

is preferable to use methods that do not require a labelling procedure, for example, Raman 

spectroscopy. Raman spectroscopy identifies molecules based on their characteristic 

vibrations. It can be employed to analyze chemical components and detect structural and 
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conformational changes in applications such as assessing meat quality,331 qualitative 

differentiation between waste oil and vegetable oil,332 and detecting and diagnosing cancer 

in tissues.65,70 

However, Raman spectroscopy is hampered by low sensitivity, which often requires 

sample-preparation protocols, including the isolation and enrichment of analytes. Thus, the 

availability of simple and effective sample-preparation protocols with minimal steps is 

highly desirable. The coupling of Raman spectroscopy with solid-phase microextraction 

(SPME)—which combines extraction and preconcentration into one stage—is an 

exemplary configuration for rapidly analyzing diverse classes of analytes in complex 

matrices. SPME relies on using a thin sorbent film immobilized onto support, which 

preconcentrates desired analytes from a sample via equilibration between the extraction 

and sample phases. The extraction phase’s affinity towards different analytes can be 

modulated by carefully selecting the coating sorbent that provides maximum sensitivity. 

Additionally, SPME is a platform technology that can be used in a wide range of food, 

environmental, and bioanalytical applications70 Indeed, coupling miniature SPME to 

Raman spectroscopy is an intriguing option for fast screening applications and ones that 

require the non-destructive bedside analysis of metabolites and drugs in their natural 

state.333,334 

In the current work, SPME probes coated with C18 particles embedded in PAN 

extracted unsaturated lipids, which were then identified via Raman spectroscopy. Further 

proof-of-concept test was conducted wherein the developed method was employed to 
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extract and identify unsaturated lipids in different complex matrices, such as cod liver oil 

and vegetable oils (coconut, canola, sunflower, and grapeseed), followed by Raman 

spectroscopy analyses. The results of this proof-of-concept test revealed that the proposed 

SPME method offers adequate performance not only for extracting unsaturated lipids but 

also for screening their degree of saturation, in addition to being the first time Raman 

spectroscopy is used for lipid detection directly on SPME probes, to the best of our 

knowledge. 

4.2 Experimental 

4.2.1 Materials, supplies, and chemicals 

Fatty acid standards were acquired as follows: stearic acid, oleic acid (OA), linoleic 

acid (LA), and α-Linolenic (α-LA) acid were purchased from Sigma-Aldrich (Hamilton, 

ON, Canada); while arachidonic acid (AA), eicosapentaenoic acid (EPA), and 

docosahexaenoic acid (DHA) were purchased from Cayman Chemicals (Ann Harbor, MI, 

USA). The triglycerides (1,2,3-tri-eicosapentaenoyl glycerol and 1,2,3-docosahexaenoyl 

glycerol) were also acquired from Cayman Chemicals. MS-grade methanol (MeOH) and 

isopropanol (IPA), HPLC-grade chloroform (CHCl3) and hexane were obtained from 

Fischer Scientific (Hampton, USA). Lipid standard stock solutions were prepared in 

CHCl3: MeOH (1:1, v/v) at 5 mg mL-1 and stored in amber vials at –30 °C. Working 

standard solutions were prepared as needed by diluting the stock solution to the required 

concentration with methanol. 
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SPME fibers coated (40 µm thickness) with octadecyl particles (C18) and octyl mixed 

with strong cation exchange particles (C8-SCX, also known as mixed-mode) were kindly 

provided by Millipore Sigma (Bellefonte, PA, USA). The HLB fibers were prepared 

following the procedure outlined elsewhere/in Section 0. Finally, vegetable oils and cod 

liver oil supplements (CLO) were acquired from a local market in Waterloo, Ontario. 

4.2.2 Raman measurements  

All Raman measurements were acquired on a Raman Microscope Systems 1000 

(Renishaw, Chicago, USA) equipped with an Olympus MD Plan 50x/0.75 objective lens 

and a spectrograph with a 1200 l/mm grating and an entrance slit of 100 µm. The Raman 

signal was collected in back-scattering geometry. Excitation was achieved using a 785 nm 

SLM laser (Integrated Optics, Vilnius, Lithuania) with a power of 35 mW, and spectra 

were recorded using an extended data-capture mode with an acquisition time of 30 s. The 

spectral calibration was checked daily against the 520.7 cm-1 Raman line of silicon. For 

each probe measurement, several spectra were obtained from across the fiber’s surface with 

good uniformity; therefore, three points were chosen arbitrarily, and the obtained spectra 

were averaged. It should be noted that, in this case, no Raman signal loss was observed. 

The obtained spectra were treated using SpectraGryph 1.2 (Dr. Friedrich Menges, 

Germany) spectroscopy software. Following advanced baseline correction, all spectra were 

normalized to the peak intensity of the PAN line at 2242 cm-1, which had been used as the 

particle binder in the SPME solid coatings. This approach minimized signal variations due 
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to different laser beam focusing and backscattering on the convex fiber surface when 

changing the detection spot.  

4.2.3 Sample preparation and SPME procedure.  

Prior to extractions, the SPME probes were cleaned via vortex agitation in a mixture 

of MeOH: IPA (1:1, v/v) for 30 min, followed by preconditioning in MeOH: H2O (1:1, v/v) 

under the same conditions. Extractions were performed in amber glass vials with vortex 

agitation at 1500 rpm. Following extraction, the probes were cleaned with a lint-free wipe 

and quickly rinsed in solvent to remove any loosely attached matrix components/sample 

residue, which can cause high levels of interference in the Raman measurements – namely 

water: methanol (9:1, v/v), water: acetone (9:1, v/v), and hexane. Next, an extraction time 

profile was constructed using the SPME probes to perform extractions from 1 mL oil 

samples at extraction times ranging between 5 and 90 min. Once again, the probes were 

cleaned with a lint-free wipe and rinsed for 10 sec in water: acetone (9:1, v/v) after each 

extraction and then promptly analyzed. Finally, we evaluated the effect of temperature to 

determine whether decreasing the oil samples' viscosity would result in enhanced 

extraction or reduced equilibration times. To this end, SPME extractions were performed 

for 20 min from 1 mL of cod liver oil at temperatures between 25 and 65 °C.  For all tests 

related to SPME method development, the area of the 1655 cm-1 Raman shift, which 

corresponds to C=C stretching, was used as a response variable. Furthermore, all 

extractions used, at least, three independent measurements. Fatty acid aqueous samples 

were prepared in silanized vials in PBS (pH 7.4) and from the standard solutions made in 



136 

 

methanol. It should be emphasized that polyunsaturated fatty acids are poorly soluble in 

water, thus all samples prepared in aqueous system (such as PBS) likely resulted in self-

association of fatty acids into colloidal particles. However, these samples will be described 

as ‘solutions’ instead of the more accurate term ‘dispersions’ to avoid confusion with the 

term ‘optic dispersion’ term, prevalent in spectroscopy. No effort was adopted for 

characterization of these colloidal particles as SPME extracts via free concentration,66,68 

thus analyte extraction occurred from the pool of freely dissolved monomers. To spike the 

oil samples, a large amount of standard solution (>5% v/v) would be required, thus the 

spiking approach involved evaporation of the solvent with a gentle flow of high-purity 

nitrogen, followed by addition of the oil to the layer of the standard, and vigorous agitation 

(30 min, 1800 rpm).  

4.3 Results and discussion:  

4.3.1 Evaluation of SPME coating chemistry. 

Table 4.1 Major peaks of different SPME fiber coatings and their assignment. 

HLB/PAN Mixed mode/PAN C18/PAN 

R. shift, 𝑐𝑚−1 Assignment  R. shift, 𝑐𝑚−1 Assignment  R. shift, 𝑐𝑚−1 Assignment  

2910 υ C–H in CH2 2910 υ C–H in CH2 2910 υ C–H in CH2 

2242 υ C≡N 2242 υ C≡N 2242 υ C≡N 

1630 υ C=C 1630 υ C=C - - 

- - 1608 υ S–OH - - 

1300-1317 δ CH2 and CH3 1300-1317 δ CH2 and CH3 1300-1317 δ CH2 and CH3 

1080 υ C=C 1080 υ C=C 1080 υ C=C 

υ: stretching; δ: bending. 

Three different (and readily available) coating chemistries (namely, C18, C8-SCX 

“mixed mode,” and HLB) were tested to assess their fit for the present study. All Raman 

spectra for the different SPME coating chemistries, which were tested in the region 
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between 200 𝑐𝑚−1   and 3200 𝑐𝑚−1 , are presented in Figure 4.1. As can be seen, the 

HLB/PAN, C18/PAN, and C8-SCX/PAN fibers all have a strong band at 2242 c𝑐𝑚−1  

(from the PAN binder and identified independently) that is absent in plain C18 particles. 

The PAN that was used as a binder in the three probes provides bands at 2242 and 

2910 𝑐𝑚−1 because of C≡N stretching and C–H stretching, respectively. In addition, it 

creates peaks at 1080 and 1116 𝑐𝑚−1   from C-C skeletal stretching, and a shift at 

1452 𝑐𝑚−1  from CH2 bending. Some notable Raman shifts for the HLB coating appear at 

999 𝑐𝑚−1 , which corresponds to aromatic ring breath, while the bands at 1630 𝑐𝑚−1 

correspond to C=C stretching, and the band clusters at 1181, 1206, and 1228 𝑐𝑚−1  are 

related to aromatic moiety. Significantly, the HLB/PAN and C8-SCX/PAN coatings have 

characteristic peaks at 1608/1630 and 1600/1610 𝑐𝑚−1, respectively, which can interfere 

with the characteristic peaks of the unsaturated fatty acids. For this reason, we selected the 

C18/PAN-coated SPME device for this study. Table 4.1 provides an assignment of three 

SPME coatings’ vibrational peaks. Among the three evaluated coatings, C18/PAN has 

fewer bands, mainly corresponding to the stretching and bending of the C–C and C–H 

bonds in its simple hydrocarbon structure.335 On the other hand, the Raman spectra of the 

HLB coating was significantly more noisy (Raman bands likely stemming from polar 

moieties within the sorbent polymer), thus discouraging its use in further experiments 

despite its potential for superior/similar extraction capacities. 
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Figure 4.1. Raman spectra of blank SPME fiber probes bearing different coating 

chemistries and liquid solutions of fatty acids with an increasing number of double bonds. 

The Raman spectra of probes normalized at line 2242 𝑐𝑚−1  and the spectra of FAs 

normalized at the line of 1445 𝑐𝑚−1 

4.3.2 SPME optimization procedure. 

It is critical to study appropriate rinsing procedures for the SPME probes after 

extraction, especially for complex samples, as rinsing helps to remove loosely attached 

matrix components that can affect the analysis (e.g., by causing higher background 

fluorescence). In addition, introducing a washing step can also help extend the life of the 

SPME fiber. A Kim Wipe tissue was used to clean the fiber further when the washing 

solvent could not sufficiently remove matrix constituents. In the case of cod liver oil, the 

effect of the washing solvent was evaluated on the C=C stretching band at 1650 𝑐𝑚−1  

(Figure 4.2A), with results revealing that the water-based rinsing solutions provided better 

performance than hexane. This result can be explained by the fact that hexane is a much 



139 

 

stronger non-polar solvent, which removes most of the extracted analytes. Furthermore, 

there is no significant difference between the water/methanol and water/acetone washings.   

The bio-compatible PAN binder used in the probe coating provides good mechanical 

strength and chemical stability required for handling and multiple extraction/desorption 

steps. Extraction time is necessary for the adsorption process to reach equilibrium, and it 

is closely related to the rate-limiting factor of SPME. It is essential to determine the optimal 

extraction time, as maximum analyte adsorption and method sensitivity are achieved in an 

equilibrium state. Extraction time profiles for DHA and EPA in the cod-liver oil were 

carried out in the 5 – 90 min range. The results indicated that an extraction time of 15 min 

was sufficient for achieving equilibrium (Figure 4.2B). As such, this time interval was used 

throughout this study for all samples. 

Extraction temperature is another essential parameter in SPME, as it can significantly 

influence extraction efficiency due to its ability to modulate the diffusion coefficient, alter 

the viscosity of the matrix, and diminish the distribution coefficient between analytes and 

the extracting phase.70 Thus, increasing the extraction temperature was examined as a 

possible way of speeding the mass transfer of analytes while limiting potential reductions 

in sensitivity. To this end, extractions from cod liver oil were performed at temperatures 

ranging from 25 – 65 °C for 20 min at 1500 rpm. As shown in Figure 4.2C, no significant 

changes in the intensity/area of the C=C stretching band were observed across the tested 

temperatures. Nevertheless, the relative standard deviation in intensity increased with the 

temperature, under 10% and over 50% at 25 °C and 65 °C, respectively. Thus, subsequent 
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extractions were performed at 25 °C. Said increase in deviation could be attributed to a 

decreased affinity between the analytes and the coating at higher temperatures, thus 

modifying the analyte partition/mass transfer.68 

 

Figure 4.2 SPME extraction method development using cod liver oil and 1655  𝑐𝑚−1 

Raman shift as the response variable (due to unsaturated lipids, C=C stretching). 

A:  Comparison of washing solvent composition. B: Extraction time profile; and C: Effect 

of temperature on the extraction of unsaturated lipids. All extractions were performed 

from 1.0 mL of oil under vortex agitation at 1500 rpm. 
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Figure 4.3 On-fiber Raman spectra of fatty acids with increasing double bonds. The 

spectra normalized at the PAN line of 2242 𝑐𝑚−1. Extractions performed using 

C18  coated probes from aqueous solutions of fatty acids (0.5 mM, PBS at 25 °C). 

 

Figure 4.4. On-fiber Raman spectra of pure eicosapentaenoic (TG 20:5_20:5_20:5, 

TG EPA) and docosahexaenoic (TG 22:6_22:6_22:6, TG– DHA) triglycerides, locally 

acquired fish oil, fish oil enriched/doped with 50 mM of each PUFA triglyceride 
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4.3.3  Spectra analysis of lipids. 

Table 4.2 Assignment for Raman band for the fatty acids used as analytes, using the small 

library presented in Figure 4.1.64 

Raman shift, 𝑐𝑚−1 Assignment 

866 skeletal C–O–O 

972 β C–H 

1265 δ =C–H 

1445 α CH2 / CH3 

1655 υ C=C 

2935 υ =CH3 

3015 υ =C–H 

The Raman spectra of fatty acids usually present in biological samples are shown in 

Figure 4.3.  Fatty acids were selected for analysis because they constitute the most common 

building block for more complex lipids. The Raman bands from fatty acids detected on the 

SPME fiber were attributed to CH2 stretching at 1445 cm-1, C-H in-plane stretching at 

1265 cm-1, and a strong band at 1655 cm-1 from C=C stretching.64,336 It is known that the 

intensity and location of bands in the Raman spectra of a given lipid are influenced by its 

degree of unsaturation and, to some degree, by the cis/trans configuration of its double 

bonds.337 Raman spectra for triglycerides with polyunsaturated fatty acyl residues 

triglycerides, particularly EPA and DHA, were also acquired and are depicted in Figure 

4.4. The Raman spectra between PUFAs and TG-PUFAs are identical, except for the 

presence of bands from the ester motifs in 1720–1750 𝑐𝑚−1 region. Table 4.2 shows a 

detailed assignment of the vibrational peaks of the extracted fatty acids. The Raman line at 

1655 cm-1 seems very suitable for quantitative analysis of fatty acids because it does not 

overlap with other bands. 
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Figure 4.5. Degree of unsaturation obtained from PUFAs solutions with increasing double 

bonds (0.5 mM in PBS, at 25 ºC). The degree of unsaturation is determined as the ratio of 

Raman band areas at 1655 and 1445 cm–1, obtained by integrating the spectral ranges of 

1601–1700 cm–1 and 1425–1475 cm–1, respectively. 

As shown in Figure 4.5, the integrated area of this band, related to the C=C stretching, 

increased alongside the number of double bonds in the fatty acid molecule when extractions 

were performed from equimolar solutions of these lipids. The degree of lipid unsaturation, 

calculated as the ratio of n(C=C)/n(CH2) using the ratio of intensities of the Raman bands 

at 1655 and 1445 cm-1, linearly depends on the number of double bonds with a coefficient 

of determination, R2 = 0.952. Other spectral markers, such as bands corresponding to the 

=C–H deformation (~1265 cm-1) and stretching (~3015 cm-1) vibrations, can also be used 

for analyzing lipid unsaturation. However, the low intensity of these lines and the overlap 

with the Raman bands of the SPME probe reduce the accuracy of determining the degree 

of lipid unsaturation. Raman spectroscopic markers have already been used for 

discrimination among red meat tissues and the average composition of fatty acids.338,339 As 

a proof-of-concept, we demonstrated the method’s ability to detect unsaturated lipids in 

different vegetable oil samples and dietary supplement samples enriched with omega-3 and 

omega-6 fatty acids, whose Raman spectra are depicted in Figure 4.6. However, being able 
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to differentiate the contributions of either omega-3 or omega-6 fatty acids in vegetable oils 

falls outside the scope (and limitations) of this proof of principle study. The SPME probes 

coated with C18/PAN were used for this test due to their suitability for unsaturated lipid 

analysis and ability to provide adequate rapid sample preparation for Raman detection. The 

obtained spectra reflect the complex composition of these samples, which stems from 

diverse fatty acid profiles (present as triglycerides), as denoted by the Raman shift at 

1747 cm-1 produced by the C=O stretching in the ester bonds and the peak at 1655 cm-1 

corresponding to the cis (C=C) group of unsaturated fatty acids. Though SPME has been 

used extensively for quantitative analysis with MS-based analysis, the capabilities for 

quantitation of more complex mixtures of lipids using SPME probes and Raman 

spectroscopy are yet to be explored. 
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Figure 4.6. (A) Spectra of coconut oil enriched with 50 mM of two unsaturated fatty acids: 

oleic acid (FA 18:1) and linoleic acid (FA 18:3). (B) Spectra of vegetable cooking oils 

measured on fiber. (C) Spectra of dietary supplements enriched with PUFA triglycerides.  

4.4 Chapter conclusions 
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In summary, this work details the development of an analytical methodology that 

couples SPME probes and Raman spectroscopy to achieve sensitive optical detection for 

the determination of unsaturated lipids in simple matrices. The detection of unsaturated 

lipids using SPME probes coupled to Raman spectroscopy served as a proof-of-concept for 

detecting extracted compounds/lipids directly on the probe surface. The coupling of SPME 

probes and Raman spectrometry is a viable alternative for determining lipids due to its low 

investment costs, low solvent consumption, short processing time, and ability to provide 

rapid analysis. Although other instrumental platforms may provide more sensitive 

determinations, the proposed SPME–Raman approach could detect lipids extracted from 

more complex matrices, such as cod liver oil and vegetable oils. Finally, this approach may 

be used for fast, minimally invasive food quality screening.  

Indeed, as a simple proof-of-concept study, this technology could improve in many 

aspects. First (and foremost), increasing the scope of quantitation from simple 

solutions/dispersions of fatty acids in PBS to progressively more complex samples (e.g., 

multiple unsaturated fatty acids in solution at various concentrations, unsaturated lipids 

from different lipid classes, actual models with increasing complexity). Second, the 

sensitivity attained by this method ought to be boosted by employing a more selective 

coating. For example, a layer based on silver structures may provide surface-enhanced 

Raman scattering while simultaneously providing selectivity towards unsaturations via 

silver complexation (Ag – 𝜋 ). Third, a major unforeseen drawback was the high 

background produced by the PAN binder in the tested SPME probes. Using PAN as a 
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binder presents various advantages to MS-based platforms, such as matrix compatibility 

with/to different samples and reduced concomitant extraction of matrix 

components/contaminants; however, the choice of binder must be re-evaluated (or 

excluded) for spectroscopic platforms. 
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Conclusions and future directions 

 

Conclusions 

The chemical analysis of lipids in complex biological matrices using modern MS-

based analytical technologies has grown in depth and breadth in recent decades. Indeed, 

the literature contains many studies that provide evidence of SPME’s effectiveness in 

quantifying different compounds in various matrices of bioanalytical interest.70 While 

many studies have explored the application of SPME for the extraction of lipids from 

biological samples,43,80,85,202 its use for the quantitation of lipids remains relatively 

unexplored. In addition, this thesis contributes to the development of research aimed at the 

(in vitro) quantitation of lipids by examining three approaches based on the coupling of 

SPME and MS-based approaches (Chapter 2 and Chapter 3) and Raman spectroscopy 

(Chapter 4, as a non-destructive approach). 

In Chapter 2, a targeted RPLC-MS/MS method was applied to study the underlying 

aspects of the SPME sampling devices using exogenous lipids as probes to understand the 

behaviour of lipid metabolites. SPME's quantitative capabilities were demonstrated for the 

quantitative extraction of these exogenous lipids using the matrix-matched calibration 

approach. Likewise, SPME’s quantitative capacities were also demonstrated for the 

quantitation of selected endogenous lipid metabolites in the standard reference sample 

NIST SRM® 1950 using the standard addition approach, which provided a good 

quantitative agreement to similar studies on this sample.99,158,159 Following the study of the 

SRM® 1950 plasma sample, SPME was effectively employed for the lipidome profiling 
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using an untargeted approach, which resulted in acceptable qualitative agreement with 

similar studies on this sample for the major lipid classes and species.99,159 Chapter 2 also 

described simple, yet effective, strategies to estimate the distribution coefficient and to 

construct external calibration curves intended for the quantitative determination of the free 

concentration of lipid metabolites. Chapter 2, in addition, studied the binding equilibrium 

existing between fatty acids and serum albumin from a fundamental perspective, taking 

advantage of SPME’s feature: extraction via free concentration. 

 Chapter 3 explored the direct coupling of SPME and MS for rapid analysis without 

chromatographic separation. To this end, two recently developed approaches were 

employed: coated-blade spray (CBS) and microfluidic open interface (MOI). First, the 

sword-like blade geometry of CBS was examined, with a primary focus on tactics for 

rapidly desorbing the extracted lipids from plasma. Nevertheless, CBS posed challenges 

relating to desorption, as relatively long desorption times (>30 s) were required, and the 

evaporation of desorption solvent resulted in irreproducible spray and unreliable 

instrumental signals. Consequently, MOI was employed instead, as desorption takes place 

inside a flow-isolated microfluidic (~5 µL) chamber, which provides a more reproducible 

and reliable instrumental signal, even at >30 s of desorption time. The efficiencies of 

various desorption solutions were tested for the MOI application, with multiple desorptions 

being carried out from the same SPME probe. The results revealed that lipids have a very 

high affinity for C18 coatings, which meant that the tested desorption solvents were unable 

to desorb most of the extracted analytes from the coating, even after several desorption 
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steps. In some cases, several lipid analytes were detectable for up to seven consecutive 

desorptions. 

Chapter 4 presented a series of proof-of-concept experiments investigating the 

extraction and non-destructive optical detection of unsaturated lipids. To this end, Raman 

spectroscopy was employed to enable the contactless detection of lipids adsorbed onto the 

surface of the SPME probes. Although MS-based methodologies are known to provide 

lower limits of detection and quantitation, the coupling of Raman spectroscopy and SPME 

is a viable alternative method for rapid on-site screening that also offers low solvent 

consumption and short probe-processing times. The relative lack of selectivity in 

spectroscopic methods (compared to MS-based methodologies) and the aliphatic (lipid-

like) structure in the C18/PAN coating resulted in considerable chemical/structural 

background, which is an area that will need to be improved upon in future work. 

Moreover, SPME is highly amenable to automation and high-throughput analysis, 

which significantly reduces analysis time and increases sample throughput, while also 

improving precision through the reduction of human intervention, higher reproducibility in 

extraction times, and excellent reproducibility in probe positioning within the wells. 

Future Perspectives 

While this work showed that the proposed SPME-LC-MS/MS method could be applied 

to determine the free and total concentrations for specific lipids classes, the obtained results 

could certainly be improved upon either by increasing the method’s sensitivity or directing 

its scope for a smaller pool of biologically relevant analytes. Further expanding the 
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application of this technology to biochemical/clinical investigations will rely directly on 

efforts to improve various aspects and investigate its extraction fundamentals.  

Another major aspect to explore in future research is the fundamentals that must be 

considered in selecting a coating and the potential application of newer materials. The 

kinetics of mass transfer to/from the coating could also be investigated in more depth, 

particularly for approaches to shotgun lipid analysis. Such research could examine whether 

the mass transfer kinetics for desorption increase for SPME devices with thinner coatings 

(i.e., the requirement for smaller polymeric particles) and larger surface areas (e.g., larger 

coatings in thin-film/coated-blade or dispersive format), as well as the effects of the 

corresponding customization of the desorption chambers (longer chamber for MOI, or 

controlled atmosphere for CBS). Furthermore, customizing the coating chemistry to enable 

higher selectivity would result in improved sensitivity, which would be helpful in targeted 

studies. For instance, silver-doped coatings could enhance the extraction of unsaturated 

lipids (as has been done for decades in silver chromatography), or HLB particles could be 

modified to enhance interaction with the polar heads of highly coveted trace lipids (such 

as PIs, PSs, and PGs). 

Samples of biological origin and their inherent complexity continue to pose challenges 

for emerging analytical technologies, as they often provide unexpected reality checks as 

they often highlight the limitations of such technologies and areas where improvement is 

necessary. Focusing on simpler systems can provide a deeper understanding of a method’s 

extraction fundamentals while simultaneously confirming the lipid proxies that mimic 
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endogenous lipids. Conversely, reducing the complexity of the sample may minimize the 

relative matrix effects due to lot-to-lot variability (e.g., lipoprotein content, diet influence, 

health, gender, etc.). While matrix-modification approaches are common in SPME method 

development, such modifications must ensure analyte stability, enhance relative recovery, 

and minimize negative impacts. Examples of matrix modifications that could be used to 

increase selectivity in lipid analysis could include adjusting the pH (e.g., fatty acids, acid 

trace phospholipids, sphingolipids), controlling the ionic strength (i.e., phosphoserines in 

cell-containing tissues), altering the volume (e.g., dilution of undesired concomitant polar 

co-extractants), or adding organic solvents. While a matrix-modification step is not be 

possible for in vivo studies, the promising untargeted results obtained via chemical biopsies 

can provide a wealth of information for qualitative and semi-quantitative (as most 

untargeted studies currently are) exploratory purposes.  

It is imperative to develop more sensitive methodologies and instrumentation if the 

interest in using microextraction techniques to assess free concentrations of lipids persists. 

While MS has been a cornerstone in this research, multi-disciplinary analysis would enrich 

the quality of information and provide more sensitive instrumentation (i.e., radiolabelled 

lipids, labelled lipids, the dreaded derivatization) or shorter timescales (i.e., fluorescence-

based fundamental studies on mass transfer kinetics). Ultimately, SPME has proven to be 

a critical addition to the analytical toolbox for the analysis of small molecules. 
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